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Non-coding RNAs (ncRNAs) present a diverse class of functional molecules inherent in
virtually all forms of cellular life. Besides the canonical protein-encoding mRNAs the
role of these abundant transcripts has been overlooked for decades. Defined by their
highly conserved structure ncRNAs are resistant to degradation and perform various
regulatory functions. Despite the poor sequence conservation, comparative genomics
can be employed to identify homologous ncRNAs based on their structure in related
species. Through the availability of next generation sequencing techniques, a rich
corpus of datasets is available which grants a detailed look into cellular processes. The
combination of genomic and transcriptomic data allows for a detailed understanding
of molecular mechanism as well as characterization of individual gene functions and
their evolution. However, analytical processing of modern high-throughput data is only
made viable through optimized bioinformatic algorithms and reproducible automation
pipelines.
This thesis consists of four major parts highlighting the diverse roles of ncRNAs con-
cerning the transcription process viewed from different vantage points. The first part
concerns an unusually long untranslated region in Rhodobacter which harbors a ncRNA
that regulates the expression of the downstream division cell wall cluster. Second, the
degradation of 6S RNA in Bacillus subtilis is experimentally reconstructed to shed light on
this final part of the RNA life cycle. This ncRNA is ubiquitous among bacteria and known
to be a global transcription regulator itself. Next, the focus moves to the eukaryotic
system and RNase P, an ancient ribozyme that is involved in tRNA maturation. Due
to differences in composition with an optional RNA and multiple protein subunits, its
phylogenetic distribution and deviant characteristics throughout the eukaryotic lineage
are examined in order to trace its evolution. Finally, a diverse subgroup of non-translated
RNAs are circRNAs which recently received increased attention due to their abundance
in neural tissue. Resulting from post-transcriptional back-splicing events circRNAs
compete with their host gene for expression. In a zoological study of social insects
circRNA were for the first time identified in honeybees. The goal was to find task-related
differences in circRNA expression between nurse bees and foragers and thus pinpoint
potential functions of these elusive ncRNAs.
The combination of genomic methods and transcriptomic data makes in-depth functional
analysis of ncRNAs possible and enables us to understand the molecular mechanisms on
multiple levels. Through structural predictions a riboswitch like transcriptional control
of UpsM was revealed that is unique to Rhodobacteraceae. Transcriptomic analysis
exposed that 6S RNA is primarily processed by RNase J1 for maturation and degraded
at internal loops by RNase Y. Evolutionary comparison of organellar RNase P revealed
that the RNA subunit is potentially less conserved than thought while organellar protein-
only variants are widespread potentially due to horizontal gene transfer. In the case
of circRNA, an entire group of ncRNAs was characterized in the social model organism
of honeybees and evidence of at least one gene where circRNA levels are significantly
reduced during nurse-to-forager transition could be shown. Moreover, an unexpected
link between elevated DNA methylation and RNA circularization was discovered. The
bioinformatic findings in all of these cases provide a foundation for further experimental
research and illustrate how scientific endeavors cannot be automated completely but
require rigorous investigation with customized tools.

Zusammenfassung
Nicht-kodierende RNAs (ncRNAs) sind eine verbreitete Klasse von funktionellen
Molekülen und praktisch in allen Formen zellulären Lebens anzutreffen. Neben
kanonisch protein-enkodierenden mRNAs wurde die Rolle dieser stark vertretenen
Transkripte allerdings lange übersehen. Primär definiert durch ihre hochkonservierte
Struktur, erweisen sich ncRNAs als abbauresistent und fungieren auf diverse
regulatorische Weisen. Trotz der schwach ausgeprägten Sequenzkonservierung,
können homologe ncRNAs in anderen Spezies anhand von vergleichenden Methoden
der Genomik identifiziert werden. Durch die allgegenwärtige Verfügbarkeit von
Hochdurchsatz-Sequenzierungstechniken entstand ein reichhaltiger Datenschatz, der
nun einen detaillierten Einblick in zelluläre Prozesse gewährt. Die Kombination aus
genomischen und transkriptomischen Daten erlaubt ein besseres Verständnis von
Mechanismen der Transkription, als auch eine funktionelle Charakterisierung einzelner
Gene und deren evolutionären Herkunft. Eine analytische Prozessierung dieser riesigen
Datenmengen ist dabei nur mit Hilfe optimierter bioinformatischer Algorithmen und
Automatisierung einzelner Auswertungsschritte möglich.
Um die verschiedenen funktionellen Rollen von ncRNAs aufzuzeigen, beinhaltet
diese Arbeit vier verwandte Studien, die sich mit dem Transkriptionsprozess aus
unterschiedlichen Betrachtungswinkeln auseinandersetzen. Die erste Studie befasst
sich mit einem ungewöhnlich langen untranslatiertem Bereich vor dem Division Cell
Wall Gencluster in Rhodobacter, der eine regulierende ncRNA enthält. Im zweiten Teil
wurde die enzymatische Prozessierung und der Abbau von 6S RNA in Bacillus subtilis
anhand von Trankriptomdaten analysiert, um diesen finalen Teil des RNA Lebenszyklus
zu rekonstruieren. 6S RNA ist dabei selbst ein globaler transkriptorischer Regulator und
weit verbreitet in Bakterien. Anschließend wird der Fokus auf das eukaryotische System
und die ubiquitäre RNase P gelenkt, die für tRNA Prozessierung zuständig ist. Anhand
von Unterschieden im Aufbau durch eine optionale RNA und mehreren möglichen
Proteinuntereinheiten in Organellen werden die phylogenetische Verbreitung und
Charakteristiken innerhalb der eukaryotischen Evolution untersucht. Abschließend
werden circRNAs betrachtet, einer Spezies von ncRNA die erst kürzlich Interesse durch
ihr gehäuftes auftreten in Neuronen auf sich zog. Sie werden post-transkritional durch
Back-Splicing erzeugt und konkurrieren daher mit der Wirtsgenexpression. Als Teil einer
zoologischen Studie in sozialen Insekten wurden circRNAs zum ersten Mal in Bienen
identifiziert. Das Ziel dabei war es tätigkeitsabhängige Unterschiede in der Expression
von circRNA zwischen Ammen und Sammlern zu finden und damit mögliche Funktionen
dieser ncRNAs zu bestimmen.
Erst die Kombination aus Methoden der Genomik mit transkriptomischen Daten
ermöglicht in vielen Fällen eine funktionelle Analyse von ncRNA und erlaubt damit
ein vielschichtiges Verständnis transkriptionaler Mechanismen. Es ist gelungen
eine Riboswitch-ähnliche transkriptionelle Kontrolle durch UpsM nachzuweisen die
einzigartig in Rhodobacteraceae ist. Außerdem zeigte sich, dass primär RNase J1 für
die Maturierung von 6S RNA zuständig ist, während RNase Y den Abbau an internen
Schleifen vorantreibt. Ein evolutionärer Vergleich der RNase P in eukaryotischen
Organellen ergab, dass die RNA-Untereinheit teils stark unterschiedlich ausgeprägt und
eine ausschließlich protein-basierte Variante potentiell durch horizontalen Gentransfer
weitverbreitet ist. Mit circRNAs wurde eine ganze Gruppe an ncRNAs in dem sozialen
Modellorganismus der Biene charakterisiert und mindestens ein Gen zeigte signifikante
Expressionsreduktion im Übergang vom Ammen- zum Sammlerstadium. Zusätzlich
wurde ein überraschender Zusammenhang zwischen erhöhter DNA-Methylierung und
RNA-Zirkularisierung gefunden. Die bioinformatischen Befunde in diesen Studien
stellen eine Grundlage für weiterführende Experimente dar und zeigen gleichzeitig,
dass wissenschaftliche Untersuchungen nie vollständig automatisiert werden können,
sondern gründlicher Analyse mit teils angepassten Methoden bedürfen.
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The information flow from DNA to RNA molecules through transcription and on to
proteins through translation makes up the foundation for the central dogma of molecular
biology [1,2]. However, even besides additional DNA and RNA replication and reverse
transcription from RNA to DNA [3] the picture is still much more complex than that.
Only a portion of all genes encoded on chromosomal DNA contains a viable open reading
frame (ORF) while a large population of transcripts consists of so-called non-coding
RNAs (ncRNAs) [4]. An abundant amount of ncRNAs besides the prominent examples
of ribosomal RNAs (rRNAs) and transfer RNAs (tRNAs) regulate the expression of other
transcripts and are thus indispensable for fine-tuning many pathways (reviewed in [4]).
These molecules are often defined by their well-conserved structure which is induced
by internal base-pairing. As part of other transcripts (like riboswitches [5]), direct
interference with other loci [6], or in interaction with the transcription machinery [7]
ncRNAs can act as transcriptional regulators. Others possess catalytic activity, like
the ribunuclease P (RNase P) which is in turn responsible for the processing of yet
another ncRNA during tRNA maturation [8]. At the end of the RNA life cycle stands the
degradation through nuclease activity.
The aim of this thesis is to investigate the impact of ncRNAs in transcriptional regulation









Figure 1: Schema of the thesis along the central dogma of molecular biology. Aspects around the RNA
processing cycle are highlighted from four different perspectives: transcriptional regulation of the DCW in
Rhodobacter, degradation of the two 6S RNAs in Bacillus, evolution of the tRNA processing ribozyme RNase P
and splicing of circRNAs in honeybees.
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the steps involved in the transcriptional pathway are illustrated on the basis of four
transcriptomic and comparative genomics studies (two in bacteria and two in eukaryotes)
in Figure 1. They exemplarily highlight the influence of a ncRNA in the transcription
of the Division Cell Wall (DCW) cluster in Rhodobacter (Section 1.1.1), degradation of
6S RNA in Bacillus subtilis (Section 1.1.2), the evolution of the tRNA processing RNase P
in eukaryotes (Section 1.1.3) and the biogenesis of circular RNA (circRNA) through
post-transcriptional back-splicing (Section 1.1.4) and a link to genomic methylation
(Section 1.1.5) in Apis mellifera.
In each of these studies, data from different sequencing approaches (detailed in Sec-
tion 1.2 builds the foundation to understanding the characteristics of the investigated
ncRNA and its role in the transcription/processing machinery. The key to processing
the large amount of experimental data lies in the application of state-of-the-art bioin-
formatic algorithms (Section 1.2.4 & 1.3). However, with in-depth analysis beyond
differential gene expression (DGE) custom tailored tools are necessary to interpret these
results and follow up on the specific findings with advanced statistical genomics.
1.1 Biological Background
Among prokaryotes but especially among eukaryotes transcription of messenger RNAs
(mRNAs) and ncRNAs is not as canonical as presented by the central dogma. A number
of additional genomic features, such as epigenetics, enhancers and promoter sequences
determine the initialization of transcription, while transcripts themselves are prone to
degradation [9] or necessary maturation through ribonucleases. The bases of only one
strand of the unwound DNA double-helix is complemented in 3’–5’-direction with an
RNA transcript in 5’–3’-direction. With transcription termination, the RNA molecules
dissociate from the transcription complex. In eukaryotes a methylated guanine is added
to the 5’-triphosphate (forming a 5’-cap) of the transcript co-transcriptionally. The 3’-
end is cleaved and adenines added as a poly(A) tail. Most transcripts are additionally
segmented into multiple exons which are spliced together, while interspersed intronic
sequences are spliced out to result in the mature transcript (detailed in Section 1.1.4).
Next, mature mRNA binds to the ribosome via particular binding sites and is translated
into the encoded protein. Translation involves incorporation of one amino acid for each
three nucleotides, or codon, that match the anticodon of a particular tRNA. Protein
amino acid sequences are thus determined by their encoding mRNA or originating DNA
segments. These usually are initiated by the typical start codon (AUG in eukaryotes,
additionally GUG and UUG in some cases in prokaryotes [10]) and end with one of multiple
stop codons making up an ORF.
However, RNA transcripts are usually longer than the coding sequence (CDS) of the ORF
because they include a ribosomal binding site in the untranslated region (UTR) upstream
of the start codon or contain terminator signals which halts transcription downstream
of the stop codon. The term ‘gene’ refers to any functional hereditary unit encoded as
part of the genome [11]. Even though the word is used very broadly in different contexts,
genes usually include all sequence features necessary for the successful transcription and
regulation of an RNA.
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In the following, current research of various aspects of ncRNA processing and regulatory
roles are being highlighted. These topics each frame one of the case studies that were
investigated using a combination of next generation sequencing (NGS) and genomics in
this work.
1.1.1 Division Cell Wall Cluster
Canonically, transcription of genes in bacteria depends on so-called promoter elements
which consist of sequence motifs 10 and 35 nt upstream of the transcription start
site (TSS) [12,13]. These promoters are distinctive for the governing sigma factors
responsible for RNA polymerase (RNAP) holoenzyme binding [14]. While sigma factors
like 𝜎70 (Escherichia coli) or 𝜎𝐴 (its homolog in Bacillus subtilis) are associated with
most of the housekeeping genes which are necessary for stable growing conditions,
certain sigma factors primarily induce stress-related responses (reviewed in [15]). After
transcription is initiated by polymerase holoenzyme binding, the unwound DNA strand
is complemented until a termination signal is reached. This can either be a Rho factor
binding site with a usually C-rich sequence after the end of a reading frame [16] or a
Rho-independent hairpin structure (or intrinsic termination) in the nascent RNA caused
by two consecutive stretches of high complementarity [17]. The detection of terminator
structures will be outlined in Section 1.3.
Similarly riboswitches in non-coding regions upstream of an ORF can also block tran-
scription due to high sequence complementarity [5]. However, this terminator-like signal
can be turned off upon ligand binding which induces a structural reconfiguration and
causes transcription to continue. This mechanism allows bacteria to react directly to
metabolites without a highly complex signaling pathway.
Transcriptional Regulation of the DCW Clusters
Due to the compact size of bacterial genomes (compared to eukaryotes), genes are
sometimes densely clustered in sequence on one strand with only one leading promoter
region. These features are referred to as operons and their order is evolutionarily
conserved to preserve expression efficiency. The genomic channeling hypothesis, states
that genes in such a cluster are uniformly expressed and sequentially processed because
their products work in conjunction to fulfill their biological function [18]. Besides
operons for ribosomal genes and the atp cluster, the division cell wall (DCW) cluster
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Figure 2: Conservation of gene sequencewithin the DCWcluster. The gene sequence in the DCW cluster
of R. sphaeroides is compared to E. coli and B. subtilis. The black line represents the transcript of the entire
operon, green boxes represent genes involved in septation, gray boxes represent genes involved cell wall
synthesis and white boxes represent genes of unknown function. Adapted from [20]
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in rod-shaped bacteria [19,20]. Individual genes encode either proteins involved in
septation (green) or cell wall synthesis (gray) are tightly packed along the operon.
Along with the conservation of the genes themselves, their relative order within the
cluster is also outstandingly conserved among diverse bacterial groups with the same
cell morphology [21]. The transcriptional sequence of the entire cluster is thought to be
essential for coordinating the cell wall division process during cytokinesis [18]. Due to
the delicate timing after chromosomal segregation and spatial positioning of the dividing
wall in the cell center, this basal process requires extreme efficiency and can be decisive
for the cell’s shape [22]. This is illustrated by the phylogenetic tree in Figure 3 which
was computed by only regarding the relative order of genes within the cluster of the
differently shaped prokaryotes [19]. In contrast to presence or absence of individual
genes in the cluster, the DCW gene order correlates the cell shape as rod-shaped bacteria
(green) along with hyphae-producing (blue) segregate distinctively from round (yellow),
helical (red) and spirochaete (magenta).
While transcription of the cluster was thoroughly investigated in E. coli [20], it is yet
unclear which impact multiple internal promoters and a 38 nt long 5’-UTR have on gene
regulation and final protein ratios. In Rhodobacter spheroides the DCW cluster is lead
by a 206 nt long ORF which was annotated as an orphan small RNA (sRNA) in a recent
screening [23]. Transcription starting at the first promoter, mraZ1p, upstream of the
mraZ gene can potentially continue up to the Rho independent terminator downstream
of the last gene of the locus, envA [24]. Understanding the replication process partially
guided by the DCW cluster in Rhodobacter is particularly interesting because this gram-
negative bacterium is a model organism for photosynthesis [25]. Characterization of
this sRNA and its regulatory function has not been assessed to this point and further
investigation thus presents a case study in detailed experimental and bioinformatic












































Figure 3: Comparison of bacterial shapes influenced by DCW gene order. The unrooted phylogenetic
tree is based on the ordering of homologous genes within the DCW cluster. Rod-shaped cells in green, round
in yellow, spirochaete in magenta, hyphae in blue and helix-shaped in red. Adaptation of [19].
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1.1.2 6S RNA
Some ncRNAs possess well-conserved regulatory functions throughout the bacterial
kingdom and 6S RNA is a prime example, as it was the first to be identified and sequenced
in E. coli [26]. The RNA is approximately 200 nt long and highly structured with two main
base-pairing stems along the centerfold and an internal bulge (visible in Figure 4). By
resembling an open DNA promoter the central bulge [7] is able to specifically bind to
the RNAP holoenzyme with the housekeeping sigma factor 𝜎70 in E. coli or its homolog
𝜎𝐴 in B. subtilis and thus impacts global transcription regulation. However, knock-outs
of the ubiquitous 6S RNA show only mild growth phenotypes during stationary phase
of bacteria in culture. In B. subtilis a second paralogous 6S RNA (referred to as 6S-
1 and 6S-2) was identified [27] that has an almost identical structure and can also be
associated with RNAP. Conserved structures among Firmicutes containing two 6S RNAs
are shown in Figure 4. Abundance in transcripts of both 6S RNAs varies between different
growth phases [28]. While 6S-1 RNA reaches maximal intracellular expression levels in
stationary phase induced by nutritional shortage, 6S-2 RNA is mostly expressed during
exponential growth phases. This difference points to distinct physiological functions of
the two paralogs. Both RNAs function as a template to short abortive product RNAs of
8–11 nt length [29]. Longer transcripts are produced with increasing NTP availability and
induce refolding of the 6S RNA itself by base-pairing with the partially unwound terminal
stem [30]. The conformational change in 6S RNA causes dissociation of the RNAP.
The majority of all transcripts (80 %) is prone to rapid decay with a half-life of fewer
than seven minutes [9]. While bacterial mRNAs are swiftly translated often during
transcription and by multiple ribosomes at once to avoid degradation by RNases, ncRNAs
have to rely on their intrinsic structure that prevents them from attack. The 5’-end of
6S-2 RNA in B. subtilis is also known to be prone to degradation, as the first 11 nt are
slowly cleaved off the ncRNA without further functional impairment [7]. Maturation of
Figure 4: Consensus structure of 6S-1 & 6S-2 RNA in Firmicutes. Consensus structures are generated
based on 14 6S-1 sequences and 16 6S-2 sequences from various species with two identified 6S RNAs.
Original figure from [28].
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the 6S RNA transcript seems therefore not be required. RNase activity is responsible
for the degradation and maturation of RNA molecules but differs between different
species [31,32]. There are 30 ribonucleases with different properties known throughout
bacteria and the following are some of the major ones in B. subtilis relevant for this thesis:
• RNase P cleaves the 5’-leader of precursor tRNAs (detailed in the following Sec-
tion 1.1.3)
• RNase PH and PNPase are 3’–5’-exoribonucleases which remove nucleotides phos-
phorolytically [33–35]
• RNase J1 is a 5’–3’-exoribonuclease which prefers monophosphorylated 5’-ends [36]
but also exhibits endonucleolytic activity [38,39]
• RNase Y is an endoribonuclease which cleaves about 25 % of all mRNAs [40]
• RNase III is an endoribonuclease which cleaves double-stranded RNAs [41]
• RNase R and YhaM are 3’–5’-exoribonucleases which remove nucleotides hydrolyt-
ically [42,43]
1.1.3 RNase P
Another well-studied but also universally ubiquitous group of ncRNAs are tRNAs. These
short and highly structured RNAs are required for translation of mRNAs into proteins
in all forms of known life. Premature tRNA (pre-tRNA) transcripts have to be highly
modified in order to fulfill their function [44]. Right after transcription, the 5’-leader
of precursor tRNAs is removed by the endonuclease RNase P. Even though RNase P is
also ubiquitous among cellular life, quite different architecture emerged independently
throughout evolution to carry out this essential processing step in different organisms
and organelles [45]. The ribozyme is made up of an essential RNA component (RNase P
RNA or P RNA for short) and one additional protein as in the case of Bacteria or 4–10
in Archaea and nuclei of Eukarya [46,47]. These protein subunits promote substrate
affinity to favor uncleaved pre-tRNAs over mature tRNAs which in turn increases catalytic
efficiency of the holoenzyme [45]. While it could be shown that bacterial P RNA is
capable of sustaining catalytic activity on its own under elevated salt conditions in
vitro [8], the protein subunit increases catalytic activity especially under physiological
salt conditions [48].
In all domains of life, P RNA is structurally highly conserved with up to 19 base-pairing
regions (P1–19) [49] and contains five fairly conserved sequence motifs (CR-I–V) shown
in Figure 5 [50]. CR-II and III are responsible for substrate specificity in bacteria, while
CR-I and V are part of the catalytic center itself [50]. In eukaryotes a structurally
similar ribonucleoprotein exists for mitochondrial RNA processing (hence RNase MRP),
responsible for 5.8S rRNA maturation, which shares most associated protein subunits
with RNase P and is evolutionarily related [47,51]. Both RNAs are highly dependent
on their protein subunits to sustain catalytic efficiency even if P RNA is the essential
catalytic moiety in RNase P [52,53].
Until recently, a plausible RNA subunit for mammalian mitochondrial RNase P was
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present in 80% of RNAs
N
Sequence signatures:
CR-I :   P RNA   "GNAANNUCNGNG"
            MRP     "GAAANUCNCCG"
CR-II :  P RNA   "AGARA"
CR-III : P RNA   "UGNNA"
CR-IV : P RNA   "AGNNNNAU"
            MRP     "AGNNA"
CR-V :  P RNA   "ACNNNAUNCNGANNA"
            MRP     "ACNNNANGGNGCUNA"
Figure 5: Consensus structure of RNase P RNA. Canonical structure of pairing regions P1–12 and most
conserved sequence signatures CR-I–V. Adaptation of [49] with sequence signatures found in [50].
out tRNA maturation [54]. However, a protein-only RNase P (PRORP) exists in human
mitochondria, which takes over the tRNA maturation step without the need of the central
P RNA [55,56]. In mammalia mitochondrial RNase P consists of three mitochondrial
RNase P proteins (MRPP1/MRPP2/MRPP3) that seem to have evolved separately from
any of the known nuclear RNase P protein subunits [55].
Despite its strict functional conservation the various discovered forms of RNase P seem to
have evolved into a set of quite distinctive machineries throughout eukaryotes. However,
the exact evolution of organellar PRORP has not been investigated so far and P RNAs re-
main elusive in many already sequenced species. Thus comparative genomics approaches
are required to understand this essential part of tRNA maturation in its evolutionary
development.
1.1.4 Circular RNA
Eukaryotic genomics and transcriptomics differ further from prokaryotes in prolonged
UTRs and often exhibit much longer gene sequences that also result in long transcripts
before processing [57]. One of the reasons are elongated and more diverse promoters
due to a multitude of transcription factors [58]. Additionally, most eukaryotic transcripts
consist of multiple exons, separated by introns, which are removed to yield mature mRNA
in a process called splicing. This results in a much more complex transcription and
processing machinery which additionally has to be sensitive to splicing signals. The
introns between exons thus contain the canonical splicing motif 5’-GT...AG-3’ where
splice factors are recruited [59]. Due to the added complexity of this process, alterna-
tive transcript variants can be derived through exon skipping or internal TSS through
alternative splicing [60].
Only recently, another form of splicing was discovered between the 3’-end of exons and an
upstream splice site [61]. This so-called back-splicing produces a looped single-stranded
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transcript, termed circular RNA (circRNA). Even though the existence of circularized
RNAs have been observed in the late 1970’ as viroids [62] and in the cytoplasm of
eukaryotic cells [63], this species of transcripts have long been overlooked in high
throughput experiments. They were long believed to be an erroneous byproduct of the
splicing process [64–66]. However, recent studies which showed that circRNAs are quite
abundant and can be detected with high throughput sequencing sparked a new interest
in the biogenesis and potential biological function of these transcripts.








Figure 6: Circularization of exons through back-splicing. (A) Gene model along the transcript (black
line) with exons (boxes) which are spliced during maturation. Exon circles resulting from back-splicing can
be detected by either (B) PCR amplification with divergent primer pairs or (C) in RNA-Seq from junction
spanning reads whose segments map chiastically to the reference.
Due to the lack of a translatable ORF, circRNAs can be considered a form of ncRNA.
Because they do not possess a free 3’- or 5’-end, the circles prove to be resistant to degra-
dation [67] which leads to their accumulation within the cytosol over time [63,68,69].
Circular transcripts are indeed much more stable (stable levels after 24 hours) than
their linear counterparts, which possess a half-life of about 2 hours [70]. Additionally,
circRNA do not always co-localize with their linear counterparts within the synaptic
cytoplasm [71] and their expression can in some cases exceed that of their host gene
(in some cases many fold) [72]. Back-spliced transcripts consist of a single or multiple
exons from the coding region of the transcript but can also contain or be made up entirely
by parts of the 5’- or 3’-UTRs [73]. While internal introns are usually excised from
circRNAs [74], also purely intronic lariat forming circRNA exist, called ciRNA, which
are generated during splicing, where the 2’-OH of an adenosine attacks the regular 5’-
splice acceptor [75]. Lariat forming RNAs are quickly degraded by attacking the 2’–
5’ phosphodiester bond and were shown to perform poorly during reverse transcription,
which makes them unlikely to be picked up by RNA-sequencing [76]. CircRNA containing
exons and introns, called EIciRNA, are localized predominantly in the nucleus and have
been shown to promote transcription of their parent gene by interacting with RNA
polymerase II and U1 snRNP in some cases [77].
For the most common type of circular RNA, purely exonic circRNA, the flanking in-
trons sequence, structure and length play a major role for general circularization effi-
ciency [68,78–81]. Besides canonical splice signals present just up- and downstream of
the circularized exons [79], flanking introns in human often contain Alu repeat elements
that are complementary between 5’- and 3’-intron as in the case of circANRIL [72].
Mouse cells, generally lacking Alu elements (which are only conserved among primates),
exhibit similar complementary regions that allow base-pairing and bring splice sites in
close proximity of each other for back-splicing to occur [82]. Besides common short
repeat elements, a 1.2 Kb long circularized exon of the sry gene is flanked by 50 Kb of
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complementary introns in mouse testes [65,80]. Studies showed that introns flanking
circRNAs in Drosophila [68] and Danio rerio [83] are not enriched with complementary
repeat sequences that could allow for base-pairing, while other studies were able to
find several prominent examples among the highest expressed circRNAs [73,79,81]. A
circular splice product of the Muscleblind gene, mbl, in Drosophila is not surrounded
by complementary sequences but rather littered with binding sites for its host gene’s
translated protein, suggesting that an interplay of protein binding and subsequent cir-
cularization creates an elaborate feedback loop for fine tuned gene expression regulation
in this singular case [73]. Either way, there seems to be no congruent sequence motif
throughout these complementary elements and even though many of the same exons are
circularized across different species, base-pairing regions are not conserved even within
species [80] making it hard to make out a universal mechanism.
In yet another case, a combination of complementary intronic sequences and binding
of splicing factors were shown to regulate circularization of the laccase2 gene also in
Drosophila [81]. Without the complementary repeats in the flanking introns of laccase2
circularization would not occur, however the splicing factors hnRNP and SR repressed
circularization, effectively fine-tuning the ratio between linear and circular products.
Targeted RNA interference of other parts of the splicing machinery in Drosophila cells
showed that incomplete assembly or limiting of the spliceosome can lead to increased
circularization of the pre-mRNA [70]. One hypothesis is thus, that circRNA are products
of an inefficient or slowed pre-mRNA processing machinery by presenting a catalytically
back-splicing alternative through, i.e., intronic base-pairing or RNA-binding proteins.
Potential Functions of circRNAs
Hitherto, a universal function of most circRNAs is yet nebulous, even though some
potential functions particular to single circRNAs could be shown in the past. Above men-
tioned circRNAs of the Muscleblind gene in Drosophila are able to self-regulate its own
transcription by binding to the protein encoded by its linear counterpart. Additionally,
circRNAs from thembl locus containing the endogenous start and stop codon were shown
to be translated into peptides in vivo [84]. This however seems to be a unique example of
a self-contained feedback loop.
A more widely debated function of circRNAs is their potential to act as so-called miRNA-
sponges by carrying many conserved miRNA binding sites, being able to sequester
corresponding micro RNAs (miRNAs) to counter-regulate their regulatory effect on the
host gene. The prime example is the human CDR1as serving as a sponge for miR-7 with
about 70 seed binding sites where the influence on miRNA abundance was measurably
effected upon CDR1as over-expression [61,85]. Also circularized exons of Sry could
be shown to compete for miR-138 binding [85] and sickie in Drosophila contains at
least multiple miR-190 in silico predicted binding sites [68]. However, studies that
screened circRNAs for global over-representation of miRNA binding sites come to the
conclusion that conserved seed regions are not significantly enriched in circRNAs in
general [71,76,86].
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Honeybees as a Model Organism for Social Insects
A number of typical model organisms such as human and mouse [86] as well as C.
elegans [78] , D. rerio [83] andDrosophila [68,73] have been investigated for the expression
of circRNAs and are well characterized in this regard. However, since circRNAs are
primarily traceable in neural tissue [68,71], we wanted to focus on the developmental and
behavioral impacts of these transcripts in a relatively well studied social model organism.
Previous to our research, honeybees (Apis mellifera) were suspected but not verified to
harbor back-splicing mechanisms analogous to Drosophila and thus a promising research
target [68,73,87]. Bees are organized in eusocial colonies where they exhibit caste-like
system divided male drones, a queen and female workers [88]. The workers can be
classified into further task-related groups of nurses, that remain inside the hive and care
for the brood and foragers that leave the hive in order to collect pollen and nectar. A
worker bee will typically start to perform nursing activity at day 3–12 and assume foraging
tasks after approximately 20 days [89]. With this shift in roles also comes a dramatic
change in environment, as the bees grew up in the dark, relatively small hive and now
have to be able to rely much more on visual than tactile input in order to orientate
themselves outside [90]. Through human intervention (hive trickery) of removing a large
part of the hive population, a part of the returning foragers shows a remarkable plasticity
in behavior by reverting into the nurse role in order for the colony to survive [91,92]. The
worker bees in such a single cohort colony (SCC) then have all the same age and can be
used to rule out age-related effects in experiments. Honeybees thus present an optimal
model organism to study a task-related differential expression of circRNAs without a
confounding age bias.
1.1.5 DNA Methylation
Epigenetic alterations of the DNA have a profound influence on subsequent gene tran-
scription. Methylation, thus the addition of a methyl group at the C5 position of the
benzene in a cytosine (5mC) represents the most common and best-studied modification
at the genome level. Especially cytosines followed by a guanosine (CpG) are often found
to be methylated throughout eukaryotic exonic sequences, allowing for a symmetrical
methylation on the opposite strand of the G:C base pair [93]. However, spontaneous
deamination of 5-methylcytosine can lead to a conversion to thymine resulting in a T:G
mismatch that is either repaired to the original C:G or erroneously into a T:A pair (effec-
tively introducing a C->T mutation) [94]. Especially in eukaryotes this conversion, over
time, lead to regions of drastic under-representation of cytosines where no evolutionary
pressure acted against this kind of mutation [95]. Stretches of mostly CpG repeats –
dubbed CpG islands – in mammals can be found primarily in gene promoter sequences or
within the gene body as part of alternative promoters [96]. These regions are thus under
elevated evolutionary pressure counteracting mutagenesis. Additionally, methylation in
these regions could be actively removed by DNA demethylase [97] or converted by Tet
family enzymes to 5-hydroxymethylcytosine (5hmC) which is, in turn, a demethylation
intermediate [98].
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Methylation especially of CpGs in the promoter region results in efficient silencing of the
downstream gene’s expression [99]. Thus the global methylation status changes during
development of, i.e., bees and ants from fertilized egg, larvae, worker and queen [92].
Some invertebrates such as Drosophila and C. elegans exhibit little to no methylation
similar to Saccharomyces due to a lack of DNA methyl-transferase 3 (Dnmt3) responsible
primarily for most of the de novo methylation especially during development. Drosophila
possesses only Dnmt2 which is responsible for tRNA𝐴𝑆𝑃 methylation [100]. As a result,
CpG frequencies are as statistically expected throughout the genome in these species.
The western honeybee Apis mellifera, on the other hand, shows differentially methylated
regions within certain genes comparing different castes to totipotent female eggs [101].
Researchers were able to initiate queen development of larva through nutritionally
induced RNA interference of Dnmt3 which leads to a globally decreased methylation
status [102]. Despite this finding, queens and worker bees do not seem to exhibit
differentially methylated regions immediately after emergence from pupal stage [92].
The same study showed evidence of reversible methylation patterns during the transition
from nurse to forager tasks in adult bee brains. Methylation in Apis mellifera takes place
mainly within the gene body as opposed to the promoter region in vertebrates and in
some cases induces alternative splicing patterns [92,103,104]. It is therefore possible,
that changes in the methylation status of certain exons induce alternative transcription
initiation tightly coupled with circularization of relatively short aberrant transcripts.
1.2 Sequencing
Even though experiments with individual genes can be conducted much more thoroughly
and accurately based on quantitative polymerase chain reaction (qPCR) and northern
blots, high throughput sequencing has become a powerful approach to many molecular
biology problems. Due to improvements in throughput along with competitive pricing,
global transcriptomic analyses are a de facto gold standard to investigate gene expression
and regulatory impacts. The following section is dedicated to the rise of different se-
quencing techniques and their applications to particular molecular biology experiments.
1.2.1 Techniques
One of the first feasible methods of sequencing DNA fragments was presented by Fred
Sanger [105]. This first generation technique uses a short DNA primer fragment that is
annealed to complementary DNA regions of interest which had previously been dena-
tured by heat. Starting at this new double-stranded position DNA polymerase is able to
complement the entire strand in the presence of an excess of all four deoxyribonucleoside
triphosphates (dNTPs: dATP, dCTP, dGTP, dTTP). The process is done in four parallel so-
lutions, each containing one additionally modified di-deoxyribonucleoside triphosphate
(ddNTP) which upon incorporation into the sequence leads to termination of further
elongation of the particular molecule. Due to the direct competition of dNTPs and
ddNTPs in different ratios during elongation, all strands are stochastically complemented
to different positions. Resulting different length products can be distinguished by
electrophoresis on a polyacrylamide gel for each base individually and the sequence can
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be deduced from the combination of the four bases [106]. The approach is quite time
consuming, even though the size limitation of gels could be circumvented by combining
multiple gels [107,108]. The major shortfall of this technique is that a larger DNA
molecule had to be deciphered sequentially in a process called ‘primer-walking’, where
each starting primer is taken from the end of the last sequencing iteration [109].
The first effort to parallelize the process for longer DNA sequences was introduced with
the idea of shotgun sequencing, where the DNA molecules are fragmented virtually ran-
domly (thus like by shotgun blast) and random initialization primers could be used [110].
As a result, multiple researchers could sequence the DNA in parallel and would have
to combine their sequences afterward in order to reconstruct the total sequence by
overlapping regions. Quickly the task of assembling the large amount of short sequences
fragments (or reads) into contiguous stretches (or contigs) by hand became infeasible for
large projects. Instead, computers which became widely available during this time in
academia were programmed to perform the assembly [111].
Next Generation Sequencing
The next major disruption of molecular biology came about with the invention of NGS
techniques based on the ‘sequencing-by-synthesis’ approach in picolitre reactors pio-
neered by 454 Life Science [112]. The prominent idea of these next generation methods
is the massive parallelization base calling through pyrosequencing of complex libraries of
short random fragments (outlined in [113]). In Illumina sequencing (outlined in Figure 7)
specific sequencing adapters are ligated to the double-stranded DNA fragments (A) which
scatter and attach to the solid phase of the flow cell surface randomly (B). Similarly to
previous approaches DNA polymerases are used, but now in two steps. First to multiply
single sparsely distributed fragments through bridge-PCR amplification to neighboring
free adapters (C) to form uniform PCR clusters (D) and secondly by elongating all clonal
fragments in one cluster with 3’-blocked NTPs simultaneously during the sequencing step
(E). Elongation is halted after each nucleotide incorporation by the 3’-terminal block.
The newly incorporated NTP is coupled to a fluorescent dye which can be detected under
ultra-violet light [114] by a camera (F) and the dye is subsequently removed together with
the 3’-block in order to initiate the next cycle. Due to the proximal distance of fluorescent
cDNA












Figure 7: Illumina sequencing scheme. (A) Adapters are ligated to the cDNA fragments and (B) bound to
the flow cell. (C) Adapters build bridges nearby and (D) a second strand is synthesized. (E) Amplified PCR
clusters (F) are elongated with labeled ddNTPs. (G) Fluorescent clusters are recorded to induce the sequence
of the molecule.
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molecules within the densely populated PCR clusters, which are fixated to the surface of
a flow cell, a clear spot for each cluster in different colors is produced each cycle. The
readout of each cluster is then interpreted over time as the sequence of the underlying
DNA fragments [115].
Transcriptomics
Because RNA transcripts can be re-transcribed into complementary DNA (cDNA) se-
quences through reverse transcriptases (RT) found in and isolated from retroviruses [3],
researchers are equally able to sequence expressed gene transcripts indirectly [116]. This
type of sequencing is commonly referred to as RNA-Seq but entails host of possible
protocols for specific experimental applications [117]. While de novo sequenced genomes
first have to be assembled into continuous sequences and entire chromosomes later
on [118], mapping transcriptomic reads onto a previously sequenced and fully annotated
reference genome is much less complex and can thus be done more quickly for more
in-depth analysis [113]. Thankfully, the recent count of most studied organisms is at
81,345 reference genomes as per release 89 (July 2018) of the NCBI RefSeq project. Thus,
quick transcriptional analysis of most laboratory strains is possible in a reasonable time
and with affordable hardware [117].
1.2.2 Library Preparation
While whole-genome sequencing aims to deliver a complete chromosomic overview by
producing reads covering the entire genome evenly [118], transcriptomics focuses on
quantitative differences on a transcript level [117]. In order to prevent DNA templated
reads during PCR, cell extracts are thus treated with DNase after lysis, leaving only RNA
molecules after purification [119]. Even though rRNA is by far the most abundant class
of transcripts in cells, for most RNA-Seq experiments it is not of interest [120]. It can
be diminished by targeted rRNA depletion for the particular species with complementary
oligomers available in commercial ribo(-) kits. In eukaryotes mRNAs possess a poly(A)
tail for further processing signaling and can easily be selectively enriched by capturing
them with complementary poly(T) oligomers [117]. Additionally, if particularly ncRNAs
are of interest, size exclusion chromatography can be applied to a sample to select
tRNAs (~90 nt) [121], bacterial sRNAs (50–500 nt) [122] or eukaryotic small nuclear RNAs
(snRNA, ~100 nt) and miRNAs (~22 nt) [123], which are smaller than most mRNAs. Longer
transcripts exceed the length limitation of most modern high throughput sequencing
methods with read lengths between 30–400 nt and have to be fragmented into smaller
RNA molecules using hydrolysis or after reverse transcription by sonication, mechanical
shearing or restriction enzyme fragmentation of cDNA molecules [124]. Both methods
as well as other library processing steps induce further biases in gene coverage of base-
paired regions or towards one of the transcript ends [119]. In order to capture the original
length of especially mRNA transcripts, paired-end sequencing can be employed in library
preparation to sequence transcripts from both ends [118,125]. Doubling the effective read
length per transcript might not be enough to cover the entire sequence but the original
length can be deduced after mapping to a reference.
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Enrichment of Primary Transcripts
Transcripts are often processed before translation and can be prone to degradation by
RNases, leaving partially degraded transcripts in RNA libraries. Primary transcripts
are lead by a 5’-triphosphate end in bacteria that is added at transcription initiation.
Terminator 5’-phosphate-dependent exonuclease (TEX) degrades RNAs with a 5’-
monophosphate end which are a product of ribonuclease degradation. It thus effectively
enriches primary transcripts among the RNA sample [126]. For reverse transcription
into cDNA for library preparation 5’-triphosphates are converted to monophosphates
by tobacco acid pyrophosphatase (TAP) [127]. Relative increases in read coverage after
TEX/TAP treatment are therefore used for TSS detection [128].
Transcript degradation through different exonucleases can also be explored in specific
knock-out strains. Various exoribonucleases degrade transcript either from an unstruc-
tured 3’- or 5’-end, while endoribonucleases cleave either single- or double-stranded
regions of RNAs. A differential analysis of the transcriptome in RNase knock-out strains
compared to wild-type conditions can detect transcriptional variants (longer UTR) and
structural features.
Enrichment of Circular Transcripts
RNase R is a 3’–5’-exonuclease that unspecifically degrades most unstructured RNA
molecules. It is used to enrich circular RNAs (circRNAs) because they do not possess a free
3’-end. Preparation methods of modern high-throughput sequencing protocols often
select against circRNA because they do not possess a 5’-triphosphate cap or poly(A)-
tail and are thus not picked up during usually performed amplification steps [126,129].
However, targeted enrichment of cirRNA through RNase R treatment, a magnesium-
dependent 3’–5’-exoribonuclease, will digest most unstructured linear transcripts and
is thus suitable for preparation of sequencing libraries and qPCRs to study circRNAs [67].
Optimally, linear transcripts carry at least a 5 nt unpaired overhang at the 3’-end for the
nuclease to attack.
DNA Methylated Detection with Sodium Bisulfite
Besides detecting methylations indirectly by capturing them with antibodies or immuno-
precipitation with methyl-CpG binding domain harboring proteins [130,131] the gold
standard is nowadays treatment with sodium bisulfite to convert unmethylated cytosines
into uracils [132]. The low abundance of methylated cytosines will be unchanged by
the treatment and can be detected during sequencing as the only remaining cytosines
while the converted uracils are replicated as thymines during PCR amplification. A
similar modification of cytosines, 5hmC, is abundant in some cell types and will react
with bisulfite to form cytosine 5-methylenesulfonate which is also detected as a normal
cytosine during sequencing [133]. Therefore the two modifications are indistinguishable
to this method. Bisulfite genome sequencing provides information about the methy-
lation patterns of single molecules and thus allow an in-depth analysis of actual DNA
methylation in a cell.
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1.2.3 Quality Processing
The imaging data captured from the fluorescently labeled nucleotides during synthesis is
standardly converted into a sequence of base calls for each cluster. The produced FASTQ
formatted output does not only contain information about the most likely base sequence
and originating cluster coordinates for documentation purposes, but also the associated
quality of each base [134]. Nowadays the universally adopted PHRED score [115,135] is used
to compute a numerical value in relation to the estimated probability of a base calling
error, 𝑃𝑒, and given for each nucleotide encoded as a corresponding ASCII character in
the FASTQ file [134]:
𝑄PHRED = −10 𝑙𝑜𝑔10(𝑃𝑒) (1)
Thus, it is possible to interpret ambiguous color signals due to heterogeneous NTP in-
corporation after sequencing. Different sequencing platforms and preparation methods
can result in specific quality reductions and sequence biases particularly in the start
or towards the end of a read [119]. In order to assess the quality of a sequencing run
based on the resulting FASTQ data FastQC [136] is an invaluable tool that quickly pro-
duces visual representations of read lengths, repeating sequences, biases and potential
contaminations. Regardless of the inspection, reads should be “cleaned” before the
mapping step to trim reads with low-quality bases or ligated adapters at either end to
maximize the mappability of the remaining high-quality fragment. Read-trimmers like
trimmomatic [137] use a sliding window approach to remove trailing sequences with sub-
threshold quality. Reduction of base quality towards the end of many reads can be a
result of unspecific synthesis beyond the actual transcript length or heterogeneous PCR
clusters. When working with paired-end reads, processing of both mates simultaneously
can ensure complementarity in low-quality regions or lead to the rejection of both in
cases of contradictions. Additionally, the tool filters known contaminations, such as
sequencing adapters and PCR primers.
1.2.4 Mapping Algorithms
Before modern read mapping algorithms for NGS were available, BLAST [138] was the
most widely used software for the attribution of sequencing reads [139]. At its inception,
it allowed incomparably fast alignments of unique sequence fragments of medium to
long length to a database of many hundred genomes at once. With improvements in
sequencing methods the number of reads quickly exceeded a lookup of entire libraries in
a feasible time frame. Moreover, NGS reads often contain too many errors to be aligned
unambiguously by BLAST. These errors arise either from sequencing artifacts that survive
quality trimming or represent genuine deviances from the reference sequence. Despite
many improvements implemented on top of BLAST [140–144] that exist today, dedicated
mapping programs are able to process large libraries much more rapidly [139]. This new
breed of specialized short read mapping algorithms accounts for more mismatches and
gaps in the alignments to increase sensitivity while further improving processing speeds
by applying heuristics and improved lookup techniques.
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While initial approaches, such as SOAP [145] and MAQ [146] relied on string hashing, a next
generation of algorithms, such as Bowtie [147], BWA [148] and SOAP2 [149], reduced memory
usage by leveraging the Burrows-Wheeler-Transformation [150] for reduced sequence
representation. The transformation uses a reversible cyclic permutation of arbitrary
character strings which groups identical symbols. Such rearranged sequences can easily
be compressed and therefore processed faster and with reduced memory requirements.
In order to make implementations of this transformation for RNA-Seq data feasible
in linear time, these approaches use suffix trees to compute all possible suffixes for a
given genome database. Short read sequences are then traversed through this tree with
possible jumps, or suffix links, for mismatches or gaps in order to determine a possible
originating coordinate of the read within the reference. Suffix trees can be represented as
suffix arrays, a compact data structure without the so-called suffix links which account
for matching errors. A recent algorithmic approach using enhanced suffix arrays with
additional tables to account for alignment errors is implemented in the widely used short
read mapper segemehl [151].
All up-to-date short read mappers will output in standardized SAM plain text file format,
which contains one line per matched read segment with information about coordinate,
strand, mismatches and possible read pair information relative to the reference [152].
This independently developed file format assures inter-operability with downstream
analysis tools and enables to flexibly create specialized analysis pipelines for any exper-
imental setup. Even though plain text files are convenient to work with, the suboptimal
encoding is extremely storage intensive. Hence, most tools support lossless, compressed
BAM binary files or the data can be encoded and decoded on the fly to save hard disk
space [152]. Plain text and compressed files can easily be filtered and manipulated (in
stream) on the command line via samtools.
Split-read Mapping for Splice-junction Discovery
In newer iterations, segemehl implements a feature which allows for split-read mapping,
where partial segments of the read can be mapped individually to account for cis- and
trans-splicing [153]. Bowtie2 [154] also allows for mapping of spliced reads with the
additional TopHat2 [155] software which are both part of the Tuxedo pipepline [156].
Novel algorithms with similar implementations like MapSplice [157], SpliceMap [158] and
STAR [159] emerged, dedicated to annotation and quantification of de novo detected splice
sites. The latter also implements enhanced suffix arrays similar to segemehl in order to
rapidly find, cluster and stitch together short seed matches. All of these programs have
their advantages as well as disadvantages and should therefore be chosen depending on
individual requirements (benchmarked in [160]). Generally, segemehl and STAR map the
most reads with particularly high sensitivity. Both require enormous amounts of memory
on the processing computer (up to 70 GB for the human genome [151]) which is often still
infeasible for everyday usage in most labs. While segemehl has relatively high accuracy
for transcriptomic data, BWA and STAR both are known to produce fairly high false positive
rates but map reads in a fraction of the time. Bowtie2 ranges in the middle of most of
those properties and thus also widely used.
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With the recent surge in interest in circRNAs, a multitude of novel software for the
detection of circRNAs in RNA-Seq data has emerged and many established mapping
algorithms have been adapted to cope with split-read mapping also in a chiastic order to
account for back-splicing. Reads which span the back-splicing junction (BSJ) of a circRNA
will be split and the first half mapped downstream of the second read segment in the
transcript. RNA-Seq is not regarded as ideal for accurate validation of genuine circRNAs
alone because chimeric reads can also spring from exon scrambling during splicing [64]
or genomic exon shuffling [161]. However, studies showed that circRNAs with strong
support of many junction spanning reads (JSRs) in RNA-Seq could be reliably verified
with other methods [68,73]. The abundance of this species of transcripts is marginal next
to highly expressed linear transcripts. Thus, new library preparation protocols enable
improved yield of JSRs through rRNA depletion and RNase R treatment [68,76,162].
Current algorithmic approaches to the identification of BSJs all have different advantages
and shortfalls while they will all detect the same high confidence and strongly expressed
circRNAs from the same data [163,164]. Major differences lie in the particular mapping
algorithm used because these largely determine sensitivity, computation time and mem-
ory requirements. Initial approaches like find_circ [61] and circExplorer [165] relied on
mapping the data twice to sieve out linear transcripts in the first step and create anchor
points for JSRs. In a second step remaining reads are then mapped against potential
junctions. In contrast to these time consuming two-phase approaches, segemehl [153]
manages to detect JSRs in one mapping step and is thus much simpler to use. The
accompanying tool testrealign filters split reads that occur at conventional splice sites
are due to trans-splicing events and it does also report split-reads that are mapped
chiastically as produced by BSJs. Additionally, taking annotations and splice signals in
the sequence into account, CIRI [166] presents another source of high certainty circRNA
detection leveraging the very fast BWA mapping algorithm [148]. While initial versions
relied exclusively on well annotated references, the newer version, CIRI2 [167] is also able
to handle de novo identification and together with segemehl ranks well in latest circRNA
detection benchmarks [163,164].
Methylation Detection
Another common application of mapping algorithms is the detection and quantification
of methylation sites on a genome level that can be explored experimentally by treat-
ing DNA with sodium bisulfite [132]. The treatment converts unmethylated cytosines
into uridines which are replaced by tyrosines during the PCR step of the sequencing
procedure. While methylated cytosines are not converted, they represent the scarce
minority and thus sequenced reads are practically void of Cs. Mapping reads with so many
deviances from the reference genome becomes infeasible especially for GC-rich regions.
Therefore, most mappers implement a mode that converts the reference genome into
a A-G-T only alphabet, before the subsequent mapping step with decreased specificity
parameters [154,168,169]. Single, rarely occurring methylated cytosines are mapped as
mismatching Cs to the reference and are then evaluated by downstream analysis tools
like bismark [169]. The software then outputs absolute and relative methylation status for
each sequenced cytosine in the reference to infer either region-specific accumulation of
17
methylation or backtrack individual methylation patterns on a per-read basis. However,
this method cannot distinguish between 5mC and 5hmC [133].
1.2.5 Differential Gene Expression
Comparing transcriptomic libraries of sufficient sequencing depth allows for a com-
prehensive statistical analysis of quantitative differences in gene expression between
experimental setups [128]. Quickly a whole field of research formed around the topic
of DGE which takes the number of reads uniquely mapped to a transcript into account.
Unambiguously attributing mapped reads to the single gene is non-trivial in the case
of overlapping genomic loci or reads mapping to the opposite strand due to strand-
unspecific sequencing protocols [170]. These issues are addressed by specialized algo-
rithms like featureCounts [171] by rapidly counting only non-ambiguous reads of many
libraries at once. An even more advanced software like kallisto [172] is available which
skips the entire mapping process and instead counts the number of reads with a sufficient
number of short sub-sequences (k-mers). However, this approach does not allow for an
in-depth analysis of read mapping positions required for the experiments presented in
this thesis.
Before a statistical DGE analysis can be carried out, the read counts of the different
libraries have to be normalized in order to compensate for differences in RNA yield, flow
cell occupation or sequencing depth [119]. Now, specialized packages like DESeq2 [173]
can be used to test for significantly up- or down-regulated genes by creating a negative
binomial distribution of expression variance depending on the mean expression of each
gene. Because every gene is tested individually for significant variance between condi-
tions, probabilities are corrected for multiple testing with the Benjamini-Hochberg false
discovery rate (FDR) method [174].
1.3 RNA Bioinformatics in silico
Besides with transcriptomics, ncRNAs can well be studied and characterized with other
predictive bioinformatic methods in silico. Left untranslated these transcripts are mostly
defined by their tertiary structure determined by general folding constraints and possess
important regulatory and post-transcriptional functions [175]. Additionally, homolo-
gous ncRNAs can be compared between different organisms similar to mRNA and protein
sequences, even though sequence conservation is rather poor in these cases [176].
1.3.1 Sequence
Conventionally, mRNAs or proteins can be easily compared among related species be-
cause their sequence is often well-conserved. Alignments of two or more similar se-
quences can be arranged as to maximize the number of matching bases or amino acids.
For each pairwise alignment a similarity score is calculated derived from producing
the maximal number of k-tupels [177]. One of the most prominent examples of ad-
vanced multiple sequencing alignment algorithms are ClustalW [178] or its successor
ClustalOmega [179]. They will introduce gaps (-) into a sequence where a deletion took
place (or an insertion from the point of view of the other sequence).
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1.3.2 Structure
Because ncRNAs do not encode for a certain protein sequence, their sequence in turn
is hardly conserved. In order to annotate a homolog of a known ncRNA in somewhat
related species a simultaneous comparison between sequence and structure has to be
employed. The infernal package uses hidden Markov model for comparison of the
sequence to an alignment of known species and covariance models of a structural align-
ment of the same references in parallel [180]. Structural alignments can be computed
with RNAalifold or LocaRNA [181], which also take a consensus structure of multiple
sequences into account. Alternatively, a collection of well-curated covariance models for
known ncRNAs is available in the so-called Rfam database [182] similar to protein family
database Pfam. Annotation of novel structural RNAs should be guided by phylogenetic
sampling of transcriptomic data from familiar organism to discern functional ncRNAs
from transcriptional noise [183].
RNAfold and similar tools from the Vienna RNA package have become the de facto default
for in silico RNA structure and folding energy prediction [184]. It efficiently explores the
folding landscape of possible base-pairs in order to minimize the free energy (MFE) of the
molecule based on empirically deduced energy constrains. Downstream tools, like the
combination of RNApfold plus barriers [184] and treekin [185], are able to leverage this
approach to explore different substructures possible during the transcriptional process.
It is thus possible to discover alternative structures a given RNA molecule can produce
depending on external parameters, e.g., as in riboswitches. A slightly different approach
and energy parameters are used by mfold and the tools can thus be used to provide
complementary predictions especially on regional substructures [186].
Other tools are specialized to predict the interaction of two RNA molecules to predict
hybridization with RNAcofold [184] and RNAhybrid [187] or reflect the accessibility of a
target mRNA for a siRNA by accounting for the unfolding of the target sequence with
RNAup [184], CopraRNA [188] and IntaRNA [189]. Some of these tools can also be used
to screen for possible interactions genome wide. Similarly, transtermHP [17] predicts
bacterial terminator hairpins based on strong local complementarity which induce strong
dissociation of the RNA polymerase downstream of genes or regulates gene expression
in upstream regions [190]. Additionally to the often completely complementary hairpin
stem, bacterial terminators are frequently lead by an A-rich 5’- and trailed by a T-rich
3’-flank also scored by the algorithm.
Even though most of these tools are older than modern sequencing techniques, they
are irreplaceable for in-depth analysis of transcriptomic findings beyond the canonical
gene expression. Using these specialized in silico methods for sequence and structural
prediction purposes sheds light on the mechanistic processes of transcription itself.
1.3.3 Phylogeny
Because different species developed from common ancestors through evolution over
time, some genes remain comparable among related species if they still fulfill a similar
function. These genes are considered orthologs. Over time, however, random muta-
tions within the sequence may change the gene and its function, especially when the
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evolutionary pressure is relieved due to a duplication event or changing environmental
conditions which render the gene non-essential. Two genes that are the result of such
a duplication event are considered paralogous to each other. Both are examples of
homologous genes that derive from a common ancestor and can be compared in sequence
alignments or based on their structure. Reversely considering the similarity of genes in
different species, one can deduce their likely evolutionary distance based on assumed
mutation rates. Phylogeny then is the discipline of evolutionary relationships between
species based on single or multiple hereditary traits.
A phylogenetic assessment can be made based on sequence alignments of, e.g. , protein
sequences. Based on the alignments the distance between the sequences is computed
and a phylogenetic tree can be generated, e.g. in the simplest way via neighbor joining.
This method is implemented in ClustalX [178] and iteratively joins the closest matching
sequences based on their distance into a branch until the entire tree is populated.
Computing the maximum likelihood estimate for a given alignment is another approach
to generating a phylogenetic tree considering each position as individual parameters.
The software RAxML [191] implements this concept by finding the tree that best explains
the observed sequence differences under the assumption of a specific substitution and
rate change model. Various such models which are based on substitution frequencies
observed in nature can be used and are represented in amino acid substitution matrices
such as BLOSOM [192] and LG [193]. Choosing the best fitting model can be automated
by comparing them with observed frequencies in the alignment itself using tools like
prottest [194]. In order to assess the stability of each branch in such a final tree, a
subset of the tree nodes can be used to re-create the different branches in a statistical
sampling method called “bootstrapping” [195] which is also implemented in RAxML [191].
A bootstrapping value represents the portion of subtrees in the samples agreeing with
the original. One is assigned to each branch point to reflect how many of the re-sampled
trees contained the identical relationship between the two emanating branches.
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2 Methods
This chapter elaborates on the methodological contributions to four different projects
covered by this thesis. As long as not indicated otherwise, analyses were carried out
entirely by myself or in cooperation with at least equivalent participation. Due to the
in silico focus of my work mostly algorithms with version number and parameters (when
deviating from defaults) will be listed for each individual project. Software was installed
and executed locally on different computers running Linux Mint 17 Qiana (GNU/Linux
3.19.0-80-generic x86_64). In some cases publicly available datasets from other research
groups were included in the analysis. These are stated with their respective database
ID to make backtracking of the original data and study parameters possible. Genome
sequences, if not indicated otherwise, were obtained from NCBI RefSeq database for the
respective representative genome.
2.1 DCW
We aimed to characterize a ncRNA in the DCW cluster UTR by comparative transcrip-
tomics and investigated its potential structurally induced regulatory role for subsequent
gene expression based on RNA folding predictions.
2.1.1 Transcriptomics of the DCW UTR
To assess phylogenetic conservation of an extended 5’-UTR, the upstream region of
the mraZ gene was compared to that of other species were it leads the DCW cluster.
Sequencing data was obtained from the NCBI SRA database [196] (accessed 8/10/2015)
for closely related bacteria and combined in-house data in order to annotate TSSs within
300 nt upstream of the mraZ locus. Especially valuable are TEX treated libraries where
available in order to discern primary transcripts from processing artifacts. An overview
of used libraries and reference genomes can be found in Table 1. Reads from these
libraries were mapped to the respective reference genomes using segemehl v0.2.0-
418 [151] with default parameters after quality trimming using Trimmomatic v0.33 [137]
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with a quality threshold PHRED score of 25 in a sliding window of size 3 bases. Only reads
of size > 14 nt after trimming were considered to minimize the influence of remaining
partially processed transcripts as primary transcripts should be considerably longer. Rho-
independent terminators in the 5’-region up to 300 nt upstream of the annotated mraZ
gene were predicted using TranTermHP v2.09 [17]. Only the highest scoring hairpin
structure with an MFE below −10 kcal/mol according to RNAfold [184] was considered
a genuine terminator.
Table 1: Transcriptomic data for TSS determination. Overview of RNA-Seq libraries and treatment.
Species RefSeq ID Data source Treatment
Rhodobacter sphaeroides NC_007493.2 SRR2149464 TEX
Rhodobacter capsulatus NC_014034.1 SRR4244374 TEX
Ruegeria pomeroyi NC_003911.12 SRR1823766 .
Phaeobacter gallaeciensis NC_023137.1 SRR1798598 .
Dinoroseobacter shibae NC_009952.1 SRR1177020 .
Caulobacter crescentus NC_011916.1 SRR1273068 .
Sinorhizobium meliloti NC_020528.1 SRR701993 size exclusion (>200nt)
Myxococcus xanthus NC_008095.1 SRR882104 .
Bacillus subtilis NC_000964.3 unpublished .
Pseudomonas aeruginosa NC_009656.1 SRR2174566 .
Salmonella enerica NC_011083.1 SRR1532984 .
Escherichia coli NC_000913.3 [197] .
Transcribed sRNAs leading the DCW cluster in other species were aligned using Clustal
Omega v1.2.1 [179] in order to assess sequential conservation. The alignment scores of
the resulting multiple sequence alignment were used to construct a phylogenetic tree via
neighbor joining in ClustalX v2.1 [178] with 10,000 bootstraps.
2.1.2 Secondary Structure and Folding Landscape
The secondary structure prediction of UpsM was evaluated in silico using RNAfold [184]
without and with constraints on the 3’-flank of the terminator hairpin to not base-pair
with the rest of the molecule. Constraining the terminator hairpin from forming, the
folding algorithm is able to determine closest alternative conformations, mimicking the
transcript during terminator deactivation.
To verify our assumption, we aligned the 5’-UTR regions of all Rhodobacteraceae in our
dataset (cropped at the predicted terminator) using locarna v1.7.16 [181] which respects
sequence and secondary structure at the same time. The alignment was folded using
RNAalifold from the Vienna RNA 2.0 package [184] with no constraints and, analogously
to above, constrained such that the terminator would not be allowed to form.
We further investigated whether UpsM could potentially function as a riboswitch by
calculating all suboptimal folding structures for the processed sequence of RSs0682 using
RNAsubopt v2.1.9 and explored the resulting energy landscape using barriers v1.6.0 to
create a barrier tree [184]. Resulting structures were then analyzed for estimated popu-
lation density over time using treekin v0.4 [185] and a dot plot of pairing probabilities
was produced with RNAfold v2.1.9 [184] to visually inspect different folding possibilities.
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2.2 6S RNA
Degradation of 6S RNA by multiple RNases was investigated based on transcriptomic data
and a visualization method developed to yield position-specific transcript borders.
2.2.1 RNA-Seq
RNA-Seq data of different exonuclease knock-out strains was mapped using segemehl
v0.2.0 [151] to the RefSeq genome NC_000964.3 of Bacillus subtilis 168 with the following
parameters for paired-end reads: minimal E-value of hits ≤ 0.1, accuracy of matches
≥ 90%, minimal match length≥ 12 and reporting only best matches. Reads in the region
of the two 6S RNAs of B. subtilis were extracted with a custom script and coordinates set
relative to 6S RNA annotation start.
2.2.2 Visualization of RNase Processing
In order to analyze the processing influence of RNases in different knock-out strains,
I developed a custom software to visualize the positions of read-pair starts and ends.
The tool is called pe2svg because it takes SAM formated alignments of paired-end short
reads and outputs SVG formated vector plots. It is written in Python and operates in two
distinctive modes to visualize read starts and ends in complementary ways. The first (--
mode insert) shows the alignment of all reads from the first to the last mapped position
of each read pair stacked on top of each other sorted by starting position. Reads from
different strands can either be merged (--strandless) or split into opposing y-coordinate
directions. Transcripts with the same start and end position are clustered and displayed
as proportional rectangles to reduce image complexity. The second (--mode bounds)
represents transcript 5’-ends with bars going up and 3’-ends with bars extending down for
each position in a coordinate system. Bounding bars can be displayed in absolute value or
in percent. Different coloring schemata (gradients --color 1/2 or predefined color ranges
--color 3/4) can be used to distinguish the mapping position of the 5’-end. Color ranges
were chosen manually to reflect major transcript onsets in 6S-1 (< 15 < 55 < 110 ≤) and
6S-2 (< 20 < 30 < 80 ≤) relative to the annotated TSS (position 1). A threshold of cluster
size can be assigned to suppress scarcely represented processing artifacts.
For the analysis of 6S-1 and 6S-2 RNA in RNase knock-out strains of B. subtilis the
alignments were filtered and offset for the two individual loci using samtools v1.3.1 [152]
and a Python script (samoffset) that normalizes the alignment to given position and strand
(offsetting -o and reversing -r mapped reads if needed). In this case only mapped reads
spanning positions 2,814,440–2,814,702 for 6S-1 RNA and 2,095,887–2,096,123 for 6S-
2 RNA were extracted and reversed:
samtools view -h algn.bam ’NC_000964.3:2814440-2814702’ | \
samoffset -o 2814702 -r > 6S1.sam;
samtools view -h algn.bam ’NC_000964.3:2095887-2096123’ | \
samoffset -o 2096123 -r > 6S2.sam
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These alignments were then visualized in the two different modes:
pe2svg --width 1500 --depth 200 --strandless \
--color 3 --mode insert --cluster 1 --maxpos 220 \
--maxval 800000 < 6S1.sam > 6S1.reads.svg
pe2svg --width 1500 --depth 100 --strandless \
--color 3 --mode bounds --cluster 1 --maxpos 220 \
--maxval 20 < 6S1.sam > 6S1.ends.svg
pe2svg --width 1500 --depth 200 --strandless \
--color 4 --mode insert --cluster 1 --maxpos 220 \
--maxval 150000 < 6S2.sam > 6S2.reads.svg
pe2svg --width 1500 --depth 100 --strandless \
--color 4 --mode bounds --cluster 1 --maxpos 220 \
--maxval 20 < 6S2.sam > 6S2.ends.svg
2.3 RNase P
The evolutionary development of RNase P RNA and its organellar protein-only counter-
part in eukaryotes was analyzed based on bioinformatic structure and sequence predic-
tions, respectively.
2.3.1 Structural Identification of P RNAs
In order to assess the evolutionary landscape of RNase P for the conservation of P RNA
we scanned a corpus of 109 completely and partially sequenced genomes from various
sources that represent the major branches of the eukaryotic tree (see original manuscript
and supplements for details [198]) for structural homologs. We used Infernal v1.1.1 [180]
with RFAM v12.0 [182] models RF00009 and RF01577which characterize the consensus struc-
ture of the canonical nuclear RNase P and RNase P from Plasmodium, which represents
a deviant structure, respectively. Candidates were additionally screened with Bcheck
v0.6 [199] for conserved regions CR-I–V and the more complex tertiary interaction in
paired region P4. Marcus Lechner gathered the aforementioned data and implemented
the automatic screening pipeline for P RNAs that provided novel RNase P candidates.
These putative RNase P RNAs were then individually inspected visually, by recon-
structing all canonical sub-structures using RNAfold [184] and mfold [186] to validate
overall resemblance with the published minimal consensus RNase P RNA structure
[49] including paired regions P1–12 and conserved sequences CR-I–V [50] shown in
Figure 5. Structures could not be predicted wholly by existing folding algorithms because
of exceeding sequence length and complexity of the long reaching P4 pseudoknot and
additional sequence constrains in CR-I–V. Only through careful alignment hairpin by
hairpin, we were able to confirm complete or partial conservation of the RNA’s hallmarks.
2.3.2 Phylogeny of Organellar PRORP in Eukarya
Similarly to the previous approach, available genomic sequences in databases of
NCBI, Ensembl, Bogas, Phytozome, JGI, and Broad using BLAST [138] and aligned using
MUSCLE [200] to verify consensus motifs. This step was carried out by M. Lechner.
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A phylogenetic analysis of 88 exemplary selected PRORP sequences representative of
all eukaryote groups was performed. PRORP sequences were realigned using Clustal
Omega v1.2.1 [179]. Alignment columns with gaps present in at least 25 % of all
sequences were removed to minimize the impact of low-population insertions on the
entire alignment. The resulting 384 amino acids long alignment was used in rapid
bootstrapping and subsequent search for the best-scoring maximum likelihood tree
using RaxML v8.1.20 [191] with 100 rapid bootstrap inferences under the LG model
using fixed base frequencies optimization of substitution rates and the GAMMA model
of rate heterogeneity. Optimal amino acid replacement models based on the aligned
sequences were determined using prottest v3.4.2 [194]. The graphical representation
of the phylogenetic tree was produced with SplitsTree4 [201] and carefully optimized for
improved readability without changing relational distances.
2.4 circRNA
We identified circRNAs transcriptomic data of honeybee brains and characterized the
detected circularized exons using their genomic context as well as DNA methylation data.
2.4.1 RNA-seq of circRNA Enriched Libraries
Another study previously employed a similar strategy successfully for Drosophila, where
they could show that circRNAs are enriched in data which was not selected for poly(A)
tails [68]. We gathered publicly available RNA sequencing data of honey bees from
SRA (NCBI Sequence Read Archive ncbi.nlm.nih.gov/sra, accessed 6/7/2018). This non-
enriched data was screened individually using the analysis pipeline laid out below. All
datasets we could find, however, were selected for poly(A) tails. Samples and projects we
used are listed in Table 2.
Table 2: Public RNA-Sequencing libraries used for circRNA screening. Multiple libries of worker bees
were downloaded from SRA. Indications are given, whether single-end (SE) or paired-end (PE) sequencing
was used.
BioProject-ID SRA-ID Caste Mbases SE/PE
PRJNA79773 SRR071803 Nurse 449 SE
PRJNA79773 SRR071804 Nurse 495 SE
PRJNA79773 SRR071805 Nurse 944 SE
PRJNA79773 SRR071806 Nurse 1,055 SE
PRJNA79773 SRR071807 Nurse 926 SE
PRJNA79773 SRR071808 Nurse 808 SE
PRJNA79773 SRR071809 Nurse 803 SE
PRJNA79773 SRR071810 Nurse 746 SE
PRJNA79773 SRR071811 Nurse 637 SE
PRJNA79773 SRR071812 Nurse 537 SE
PRJNA79773 SRR071813 Nurse 554 SE
PRJNA79773 SRR071814 Forager 748 SE
PRJNA79773 SRR071815 Forager 752 SE
PRJNA79773 SRR071816 Forager 751 SE
PRJNA79773 SRR071817 Forager 648 SE
PRJNA79773 SRR071818 Forager 642 SE
PRJNA79773 SRR071819 Forager 684 SE
PRJNA79773 SRR071820 Forager 835 SE
PRJNA79773 SRR071821 Forager 755 SE
PRJNA79773 SRR071822 Forager 835 SE
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BioProject-ID SRA-ID Caste Mbases SE/PE
PRJNA79773 SRR071823 Forager 985 SE
PRJNA79773 SRR071824 Forager 871 SE
PRJNA79773 SRR071825 Forager 867 SE
PRJNA200755 SRR838836 Nurse 278 SE
PRJNA200755 SRR838837 Forager 291 SE
PRJNA200755 SRR838838 Nurse 282 SE
PRJNA261549 SRR1582004 Nurse 19,563 PE
PRJNA261549 SRR1582203 Forager 12,955 PE
PRJNA104931 SRR446005 Forager 34,472 PE
PRJNA104931 SRR446006 Forager 37,189 PE
PRJNA104931 SRR445999 Nurse 41,193 PE
PRJNA104931 SRR446000 Nurse 56,909 PE
PRJNA104931 SRR446001 Nurse 29,274 PE
PRJNA104931 SRR446002 Nurse 29,759 PE
PRJNA104931 SRR446003 Nurse 26,707 PE
PRJNA104931 SRR446004 Nurse 43,535 PE
PRJNA104931 SRR446007 Forager 23,339 PE
PRJNA104931 SRR446008 Forager 31,705 PE
PRJNA104931 SRR446009 Forager 34,610 PE
PRJNA104931 SRR446010 Forager 26,855 PE
For our own libraries, bees were derived from colonies with normal age structure and
with a naturally mated queen located on the grounds of the University of Würzburg.
Individuals were considered as nurse bees, if they clearly poked their head into open
brood cells containing young larvae. Foragers were captured when returning from a
foraging flight and having huge pollen loads at their hind legs. Collected bees were frozen
in liquid nitrogen immediately. A single cohort colony was established by transferring
2,500 newly emerged bees (marked by the same color immediately after hatching) into a
small hive together with one queen in one brood frame and one frame with pollen and
honey. Single cohort colony bees were collected at the age of eleven days and controlled
for their social task.
We used a total of four RNA-Seq libraries to determine circular transcripts present in
the brain of honeybees. First, an enrichment control was compiled from the brains of
ten dissected nurse bees and ten dissected foragers. Total RNA was extracted with Isol-
RNA lysis reagent (5PRIME, Hilden, Germany) and treated with DNase I. The sample
was divided into two halves. One half (𝐸+) was treated with 3 units RNase R (epicentre,
Madison, USA) per 𝜇g of total RNA to deplete linear transcripts. Digestion was performed
for 30 min at 37 ∘C. For the other half (𝐸−) an equivalent volume of double distilled water
was added. Afterwards, both samples were purified using phenol–chloroform extraction.
Efficacy of the RNase R treatment was verified in a control experiment shown in the
supplements of the manuscript. Second, we took additional samples from ten nurses and
ten foragers separately and treated both with RNase R as described above (samples 𝐹+
and 𝑁+ , respectively) in order to distinguish task dependent expression levels. Samples
were collected and prepared by Christoph Erbacher and Markus Thamm at the University
of Würzburg. Library preparation and Illumina© sequencing (125 nt paired-end) were
performed by GATC Biotech AG (Konstanz, Germany). All RNA-Sequencing data was
made publicly available via bioproject PRJNA345404 and are listed with further details in
Table 3.
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Table 3: circRNA specific RNA-Seq libraries.
SRA ID Name Sample description Reads
SRR4343845 𝐸− background no RNase R treatment 8,432,479
SRR4343846 𝐸+ background with RNase R treatment 7,690,777
SRR4343847 𝑁+ nurse bees with RNase R treatment 5,843,829
SRR4343848 𝐹+ forager bees with RNase R treatment 5,931,097
Identification of circRNAs
We used two independent algorithmic approaches for the identification of circular RNAs.
In one approach reads were mapped to the NCBI A. mellifera genome v4.5 rel102
(RefSeq GCF_000002195.4) using segemehl v0.2.0 with the split reads option (-S) [153].
The alignment was subsequently screened for model-free splicing events using the
accompanied testrealign tool. In the second approach we used BWA v0.7.5a [148] as
mapping tool and subsequently screened the alignment with CIRI2 v2.0.6 using default
parameters [167]. Identified junctions were post-processed using custom scripts bundled
in our Chiasm suite. Chiasm was also used to perform the statistical calculations later on
(e.g. CpG-content, pairing-probability, see below). The full analysis pipeline is publicly
available at git.io/chiasm. More precisely, junctions with almost identical start and
end positions were merged if they differed by less than 6 nt. Junctions mapped ±5 nt
next to exon boundaries were corrected to exactly match the boundary. This accounts
for small variations in sequencing and mapping, e.g. due to flanking intron sequence
being potentially identical to the junctioning exon or indels in the genome [162]. Only
junctions with a total of ten or more JSRs were considered for screening in public data
and our own experiments.
BSJs were annotated by assigning them to overlapping gene regions first and determining
the longest possible transcript containing the same exon boundaries (where matching
exactly). In parallel, the total read number for each gene (including all isoforms) was
counted using featureCounts v1.5.1 [171]. Analogously to present studies in Drosophila
[68] we normalized BSJ read counts, 𝑛𝑜𝑟𝑚(𝑛∘), by dividing the number or circular JSRs,
𝑛∘, by mapped library read count, 𝑁 , in million, divided by reads per kilobase million
(RPKM) of the host gene, 𝑔. The latter is defined as number of reads assigned to the host
gene, 𝑛𝑔, divided by the length of the gene, 𝑙𝑔, in megabases and divided by library size

















Identified circRNAs were divided into two sets of different stringency levels. The low-
stringency set contains all circRNAs picked up by both approaches (testrealign and
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CIRI2) with at least three JSRs. In the high stringency set, we only considered BSJs with
more than ten JSRs across all libraries as suggested in literature [68]. Thereby, the BSJ
has to be found in library 𝐸+ and at least one other independent RNase R treated library.
Following the recommendation in [163], potential circRNAs had to be at least 5-fold
enriched in 𝐸+ over the 𝐸− control to ensure their circularity.
Table 4: PCR primers. Convergent (L) and divergent (C) primer pairs consisting of forward (+) and reverse
(-) sequences for each amplified locus. Divergent primers span the BSJ with the stated product length in
nucleotides.
circRNA (locus) Form Product length Sense Sequence 5’–3’
ame_circ_0001970 linear 114 nt + GAGGTGGAAAACGGGGAACC
(LOC413427) - GCTGATGTCAATTCTCGGCG
circular 108 nt + ACGCCGAGAATTGACATCAGC
- AGCCCTCGATGATGCTGCG
ame_circ_0002142 linear 125 nt + TACGAGGGTGCGACACG
(LOC410393) - CTCATCCCCATTCCGTCGC
circular 111 nt + GGATCCTCTCGGGTCAACG
- GCACCCTCGTACCATGCC
ame_circ_0000163 linear 117 nt + CTACAGCCACTTCCGGTCC
(LOC408576) - GTCTCGGTGATCGACTCAAGC
circular 91 nt + ACCGTCCTCCTCTTCTACTCG
- ATGTCACAGGTGTGGGAACC
ame_circ_0002577 linear 115 nt + CCCCGCAAAGATTGAAACCG
(LOC409655) - TCGAGTTCACTCAACGGACC
circular 99 nt + CATGGCCTTCGTAAACCAGC
- AGAGCGTGTGACATGTACGG
ame_circ_0002579 linear 114 nt + ATGCACTCTTACGAAACGCC
(LOC409655) - CAGTGGTGGTGTTTTCCTGC
circular 89 nt + CGGATCCCATCCACAGATTCG
- TTAAATCACCCTCTCTCACCCC
ame_circ_0000721 linear 114 nt + ACTACCCTTACAACGTGTCCG
(LOC724885) - TCTTCTTTCGGGGGTGTTGC
circular 118 nt + GGCATAGTGCCCGACTACC
- TATTCGCTCGCTCCAACCG
ame_circ_0001286 linear 94 nt + CATGGCGGAGAAACAACGC
(LOC411534) - CATCTTCCTCGGGCTTTCGG
circular 84 nt + CAGTCGGCAAGTTCAAGAGC
- TGTCTCGGCGTTGTTTCTCC
ame_circ_0001822 linear 298 nt + GGTTGAAAGTGGTCGGCG
(Rsmep2) - GATGGCGGTGAGGAAGACC
circular 191 nt + GATGGCGGTGAGGAAGACC
- GGTTGAAAGTGGTCGGCG
ame_circ_0001852 linear 121 nt + CGTGTCCTTTTGGCGTCG
(CoRest) - CGTCAGTGCCTTGGCTTC
circular 116 nt + CGTCAGTGCCTTGGCTTC
- CGTGTCCTTTTGGCGTCG
ame_circ_0000398 linear 226 nt + GCCGAGTAAAAATGGCGC
(LOC724851) - GGGAATCCGGGACATTGC
circular 186 nt + GGGAATCCGGGACATTGC
- GCCGAGTAAAAATGGCGC
ame_circ_0000232 linear 363 nt + CGAAACAAGTCACGCGG
(Mup2) - CCTCTTCTATTGGCGACTACG
circular 379 nt + CCTCTTCTATTGGCGACTACG
- CGAAACAAGTCACGCGG
ame_circ_0001780 linear 1835 nt + CTGGTGTGGCAAGGTGG
(rad) - TGGATGGGACGATCTTATGC
circular 1832 nt + CCTCTTCTATTGGCGACTACG
- CGAAACAAGTCACGCGG
EF1𝛼 linear 118 nt + ACGCTATATTACCGCCGTCC
- AAAATACCGGTCTCCACCCG
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Validation of Selected circRNAs Through PCR Amplification
Total RNA was extracted from ten worker bee brains and prepared as described for the
RNA-Seq preparation above (also with and without RNase R treatment). After DNA
digestion, 1 𝜇g of RNA were transcribed into cDNA using RevertAid H minus reverse
transcriptase (Thermo Fisher Scientific) adhering to the manufacturer’s specifications.
For PCR amplification 15 𝜇mol of divergent or convergent primers were added to 10 ng
of cDNA with 25 𝜇L of Phusion Polymerase master mix (Thermo Fisher Scientific). PCR
steps consisted of 30 sec heating to 98 ∘C followed by 35 cycles of 10 sec denaturation at
98 ∘C, 10 sec annealing at 62 ∘C and 8 sec elongation at 72 ∘C. After a final extension
period of 10 min at 72 ∘C, PCR products were either stored at -20 ∘C or subjected to
agarose gel electrophoresis prestained with 5 µL of GelRed (Biotium). Primers used for
PCR amplification are listed in Table 4.
Further PCRs with divergent primers and qPCR experiments with TaqMan probes for
enrichment control and quantification circRNAs were conducted by Christoph Erbacher
and Markus Thamm at the University of Würzburg. Those methods are outlined in the
attached manuscript.
2.4.2 Characterization of Candidate circRNAs
We extracted whether the circRNA contained part of the 5’-UTR, 3’-UTR of a canonical
protein-coding transcript or if it exclusively contained coding regions. The number of
exons of the longest fitting transcript between the 5’- and 3’-end of each BSJ was noted
along with the index of these exons within the transcript. For exonic sequence, all exons
between the junction sites in the transcript were considered. Flanking introns were
determined by including the sequence outside of the BSJ exon boundary until the next
exon in the same transcript. Splice signals were visualized using WebLogo v3.4 [202].
Statistical Control for Circularized Exons
For a statistical comparison of the annotation properties between circularized exons and
non-circular transcripts a random control set was generated. Annotated internal exon
boundaries within transcripts consisting of more than two exons were randomly drawn
from all chromosomes weighted by their lengths. Genes harboring any JSRs found in this
study were excluded from this control. 10,000 such BSJ were generated and all analysis
steps after quantification of circRNAs identified in actual data replicated with this list, to
provide a statistical control for intron-exon structure analysis.
Complementarity of Intron Sequences
In order to screen for complementarity between flanking intron pairs, the full length
5’-intron was matched to the 3’-intron using BLAST v2.2.28+ [138] with a word size of
six to determine the highest scoring stretch of reverse complementarity. We repeated
the procedure with 100 nt from the end of the upstream and 100 nt from the start
of the downstream intron, to discern whether especially approximate regions showed
increased complementarity. The same 100 nt portions were used for structural analysis
29
utilizing RNAcofold [184]. We applied soft constrains to ensure MFE scores solely based
on base-pairing between both intronic regions. Both procedures were repeated with all
combinations of starts and ends of the respective introns as an educated control set
(an interaction of the end of the upstream and the end of the downstream intron is
probably not relevant). Surprisingly, the results for all combinations were similar. To
rule out, that we bias for specific length effects at 100 nt, all calculations were also
done with 50 and 200 nt without changing the outcome. Introns were checked for
GC-content ignoring undetermined residues in the genome sequence (N). Similarly the
mononucleotide frequency of cytosine and the relative frequency of CpG dinucleotides
was calculated.
Homology Screen and Functional Annotation
Predicted circRNAs were correlated to those previously reported for D. melanogaster
and B. mori [68,73,87]. We matched the loci based on the predicted homologs of the
closest protein-coding gene with respect to OrthoDB v9 [203]. CircRNAs from genes
without homolog could thus not be accounted for. Homologous fruit fly genes were
then submitted to the online PANTHER annotation platform for further over-representation
analysis using Fisher’s Exact test with FDR for multiple testing correction. We included
functional annotations with more than 5-fold over-representation and FDR below 1 %.
2.4.3 DNA Methylation
To assess whether the observed increase of potential DNA-methylation sites is reflected
in actual DNA-methylation, we use whole genome bisulfite sequencing data of worker
bees that was publicly available. Precisely, we used all native worker libraries provided
BioProject PRJNA104931 [92] and combined them for this analysis (Table 5).
Table 5: Bisulfite sequencing libraries of honeybee worker brains. Sequencing data from another study
[92] was analyzed to determine the methylation state of specific regions around identified circRNAs and
control exons.
SRA-ID name caste Mbases
SRR445809 W5 worker 8,183
SRR445808 W4 worker 7,152
SRR445807 W3 worker 10,559
SRR445806 W2 worker 6,553
SRR445805 W1 worker 5,602
SRR445799 N1 nurse 24,139
SRR445778 N2 nurse 14,082
SRR445777 N3 nurse 15,342
SRR445776 N4 nurse 24,317
SRR445775 N5 nurse 26,406
SRR445774 N6 nurse 6,079
SRR445773 F1 forager 15,639
SRR445771 F2 forager 17,026
SRR445770 F3 forager 15,720
SRR445769 F4 forager 7,377
SRR445768 F5 forager 12,286
SRR445767 F6 forager 8,953
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Reads from whole genome sodium bisulfite sequencing libraries were mapped to the
honeybee genome with reduced nucleotide alphabet (C->T and G->A converted) with
Bowtie v2.2.6 [154] using the recommended parameters [169]. Methylation patterns
were analyzed using Bismark v0.19.1 [169] also with default parameters suggested by its
authors. The methylation status of each covered cytosine was aggregated throughout
the different libraries with a custom script to determine the average methylation per
base (strand unspecific) for each intron individually. An average coverage of at least five
reads was required for each intron in order to reliably determine the methylation status.
Calculations were done for 50, 100 and 200 nt as well as for the length of the complete
intron where it exceeded 200 nt and normalized by the respective sequence length.
This way absolute methylation is compared instead of relative methylation, because we
previously established that CpGs are more common in circRNA flanking introns. A single-
sided Wilcoxon-Mann-Whitney rank-sum test [204] was used to determine significance of
the methylation increase over the control. Additionally, a position-specific methylation
profile was generated relative to the splice site by accumulating mC/C ratios over all
experiments and dividing by the number of intron sequences spanning the covered
position. No significant differences in average methylation was found between nurse
and forager bee libraries for the genes relevant in this study.
2.4.4 miRNA Interference
Predicted and experimentally verified miRNA sequences of A. mellifera were obtained
from miRBase rel21 [205]. Potential target sites were screened in all exon sequences
overlapping with the identified circRNAs using nucleotide two to seven of the mature
miRNA sequence, see [123]. We implemented a miRNA target prediction based on
extended regular expression matching that is published along with the sources of the
identification pipeline. The algorithm finds matches that are reverse complementary
seed region of 6 nt starting with the second base of the mature miRNA sequence and
extends them to at least 15 nt non-consecutive base-pairs with at most one mismatch.
In direct comparison, our program yields similar results to miranda [206] but provides
additional information about the interaction duplex to better assess the validity of the
hit.
For each potential miRNA binding site, we determined conservation in further Apis
species (A. cerana,A. dorsata,A. florea) and other eusocial insects (E. dilemma, L. ventralis,
M. quadrifasciata, B. impatiens, B. terrestris) for the seed region with 100 nt up- and
downstream using the best BLAST match [138] in the respective genome. We considered
a site conserved if the 6 nt seed region was perfectly conserved among three out of four
Apis or four out of five eusocial insects, respectively.
As random control we used linear exons, see Section ‘Statistical Control’. We split the
control to sets of about equal size (42 sets) and applied the above procedure to each set.
This results in 42 control datasets where each represents a subset of exons with similar
length to avoid a bias due to an over-representation of certain length species. Identified
target sites were normalized to sites per 1,000 nt.
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3 Results and Discussion
In the following, individual findings that were immediate results of the bioinformatical
contributions to the four studies presented in this thesis are highlighted. These sum-
marized excerpts are augmented with complementary results, which are not part of the
main articles. Details of all the results can be found as part of the respective manuscripts
attached in Section 5. For each part the implications of the transcriptomic and genomic
analysis is discussed in the context of the respective ncRNA and its transcriptional
processing step.
3.1 Characterization of UpsM
Like other gram negative and rod shaped bacteria, R. sphaeroides possesses a syntenically
conserved DCW cluster that aides in the well timed cell devision process. However,
our experimental transcriptomic data treated with TEX shows an unusual elongation of
the 5’-UTR 268 nt upstream of mraZ, the first gene in the operon. A distant upstream
promoter gives rise to expression of an abundant ncRNA which had been generically
classified as an orphan sRNA in a previous small RNA screening [23]. Describing its
unique locus the 206 nt long ncRNA was henceforth renamed to upstream sRNA of mraZ
(UpsM). We predicted a strong intrinsic terminator 84 nt upstream of mraZ through in
silico. Indeed, most of the transcripts in the RNA-Seq libraries end at this particular
feature while only a fraction of transcripts extend into the first gene of the cluster. This
observation was corroborated by rapid amplification of cDNA ends and qPCR. Because
upsM shares its promoter with the rest of the gene cluster, it is extremely likely that this
ncRNA bares at least an indirect role in the regulation of the rest of the operon.
We further found a potential ORF in the same UTR which would encode for a 56 amino
acid long peptide. However the transcription terminator is situated directly between
start and stop codon, thus rendering the transcribed UpsM the ORF independent features.
Structural prediction of the encoded peptide revealed no resemblance to known protein
domains and mass spectrometry of whole cell lysate did not detect peptides of the
predicted mass or sequence. It is thus unlikely that this ORF is translated in vivo.
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3.1.1 Conserved but Unique to Rhodobacteraceae
In order to shed light on a potentially conserved functional role of UpsM further publicly
available RNA-Seq data from related species with mraZ as the first gene in the DCW
cluster was analyzed.
Figure 8 shows similar expression patterns in the 5’-UTR in R. capsulatus, R. pomeroyi,
P. gallaeciensis and D. shibae where transcripts start approximately 150 nt upstream
of mraZ but reads diminish after 70–200 nt at similarly plausible predicted intrinsic
terminators. Throughout the considered Rhodobacteraceae, transcripts similar to UpsM
are expressed in the absence of (or at least in many fold higher amounts than) mraZ
expression. In contrast, other species apart from Rhodobacteraceae typically have an
exclusive TSS closer to mraZ resulting in 5’-URTs of≤ 70 nt, including the closely related
Alphaproteobacterium C. crescentus. Moreover, upstream terminators are either not
found at all or predicted to be rather weak in those species. An ncRNA annotated in
the 5’-UTR upstream of mraZ in S. meliloti does not match the transcripts detected in
the sequencing data. Nevertheless, caution must be exercised during the interpretation
of divers datasets from different studies that were conducted under other experimental
conditions. Additionally, the phylogenetic tree (left side of Figure 8) based on the 300 nt
upstream of mraZ clusters the species according to their class within their Proteobacteria

















































































Figure 8: Transcription analysis upstream of the DCW cluster in different species. Read coverage of
the 300 nt upstream of mraZ (red line) in libraries of each species is presented as black bar charts (right).
Sequencing depth varies as indicated by each Y-axis. The strongest terminator (red) including the its MFE
in kcal/mol as determined by RNAfold is indicated below each graph along with potential ORFs (gray). The
phylogenetic tree with bootstrap values based on alignments of the entire 300 nt cluster the different classes
of Proteobacteria.
34
Taken together our data suggests that a long mraZ 5’-UTR with intrinsic terminator
generating an sRNA combined with no separate TSS for mraZ is an exclusive feature of
the family of Rhodobacteraceae.
3.1.2 Potential Riboswitch Characteristics
Due to the terminator hairpin at the 3’-end of UpsM, the transcript might regulate
transcription read-through by structural rearrangement. A consensus structure of the
identified UpsM homologs revealed four structured regions: R1 is hardly conserved
because the transcripts in other Rhodobacteraceae is shorter at the the 5’-end. R2 forms
a long hairpin with a small bulge while R3 consists only of 4 immediate base-pairs. R4
forms the terminator hairpin at the 3’-end of the ncRNA. Figure 9A shows the predicted
MFE for UpsM in R. sphaeroides. The secondary structure elements R2/3 and R4 show
similarities to typical riboswitches (R2/3 aptamer region, R4 terminator) [5].
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Figure 9: Structural analysis of upsM. Analogous structured regions are indicated as R1-R4. RNAfold
structure of upsM in R. sphaeroides with (A) and without (B) constraint terminator (R4).
Constraining R4 from forming resulted in alternative base-pairing with R2 in R.
spaeroides which resulted in a net loss of 15.9 kcal/mol in free energy, shown in
Figure 9B. A similar reconfiguration was displayed in consensus structure predictions.
This shows that generally there is a potential for switching to a different conformation
within the ncRNA but a potential factor, i.e., a ligand would need to contribute a
considerable amount of free energy to the initial structure. A second in silico approach
to assess the possibility of a riboswitch in this region by exploring the folding landscape
of intermediate transcript lengths (Figure 10) did not reveal suboptimal structures that
would break off the terminal hairpin in R4. None of the most probable suboptimal
structures of UpsM differ in the terminator hairpin (R4). States 1 and 4 represent the
most pronounced folding minima with the highest probability. Potential interactions
between the structured regions are not observed. The population density graph of
the four most pronounced species in Figure 10B shows no actual competition between
alternatively substructures exists, as structure 1 is the predominant species throughout
the simulation. These findings indicate a rather stable structure that requires an
































































































































































































































































































































































































































































Figure 10: Folding landscape of UpsM. (A) Barrier tree of all suboptimal structures of the processed RNA
where four main species with favorable energies were identified (1 & 4). (B) Population density of these
structures over time for folding. (C) Structural representations of these related structures colored by similar
elements.
This study exemplifies the strength of specifically conducted transcriptomic experiments
for the characterization of an ncRNA. However, it also demonstrates the lack in mecha-
nistic explanation of the transcription process and offers a combination of comparative
transcriptomics together with structure prediction to offer insights into the regulatory
function of UpsM in this case. Further validation of the potential riboswitch functionality
has now to be investigated experimentally to clarify under which conditions read-through
can occur.
3.2 RNase Degradation of 6S RNA in vivo
Paired-end transcriptomic sequencing of multiple RNase knock-out strains in B. subtilis
is able to resolve degradation sites of the 6S-1 and 6S-2 RNA transcript in vivo. The
method of processing mapped reads that was developed as part of the analysis allows
for a straightforward interpretation of transcript starts and ends. Results are shown for
both 6S RNAs in Figure 11 and 12, where the distribution of transcripts sorted by 5’-
position in the 6S gene is presented for each of the strains. A second simplified version
of read-pair starts (up) and ends (down) is shown below each distribution. The second
version particularly facilitates comparison of ribonuclease activity as unique read onsets
and falloffs can immediately be spotted. Additionally, transcript 3’-ends in the bar chart
are colored according to their 5’-starting position to give an indication of the length of
the whole transcript. Colors were chosen to reflect common transcript onsets of both
6S RNAs individually throughout the data (see Methods Section for details). Commonly
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used representations of mapped reads, i.e., in IGB [207] or IGV [208] show either only the
number of mapped reads per position and thus obscure information about actual read
ends, or cannot show all reads for a deeply sequenced locus at once.
3.2.1 6S-1 RNA Maturation by RNase J1
Immediately visible is the different number of transcripts for both 6S RNA variants
throughout the libraries. Only Δ𝑟𝑛𝑗𝐴 and Δ𝑟𝑛𝑦 exhibit comparable read levels (~150k)
between the different loci. Curiously, relative expression levels between the libraries are
switched, as 6S-1 RNA shows about 5x lower read numbers for the RNase J1 and Y knock-
outs compared to wild-type, but 6S-2 RNA shows 5x higher read numbers in the same
libraries compared to wild-type.
The RNase J1 knock-out exhibits virtually no 6S-1 RNA transcripts starting at position +1
whereas the vast majority of all reads start at this position in the other libraries. Instead
6S-1 RNA contains an extra 11 nt at the 5’-end in 10 % of the transcripts and extends up
to 3 nt after the final uracil at position 190 in approximately 40 % of all reads.
3.2.2 6S-2 RNA Starts at Position +10
RNase PH is visibly responsible for 3’-maturation of 6S-2 RNA as only the Δ𝑟𝑝ℎ and
quadruple knockout (which includes Δ𝑟𝑝ℎ) exhibit read ends beyond the uracil at po-
sition +211. Transcripts with an intact 5’-end at position +1 make up the majority in
all libraries were both RNase J1 and Y are present. When one of them is knocked out,
only ~15–30 % of the reads contain these 9 extra nucleotides. In all libraries, transcripts
from position +1 almost never reach the full length of 211 nt as opposed to transcripts
starting at position +10 or +44 and beyond. Knock-outs of RNase J1 and Y produce a
smaller proportion of short transcripts from position +1 to +60 which suggests that they
are responsible for 5’–3’-degradation starting at the end of the central bulge.
The particular challenges of this degradation study exemplifies the need for custom
tailored analysis of RNA-Seq data in order to harness the power of its single nucleotide
resolution. Commonly available approaches only regard the read coverage for each
position and would have completely missed the observations we were able to make.
Reducing the data to a visualization of transcript starts and ends presents a much more
comprehensive approach to this kind of investigation. The same data and tool can now
be used to compare degradation of other loci to characterize the roles of the individual








































































Figure 11: 6S-1 processing in different exonuclease knock-outs. Transcripts of paired-end RNA-Seq
libraries of one wild type and four different knockout strains. Each graph shows the distribution of full
length transcripts mapped to the locus sorted by starting position relative to the annotated 6S-1 RNA gene
(sequence at the bottom). The bar chart below each shows the number of transcript onsets (5’-end, up) and
falloffs (3’-end, down) colored by transcript starting position. The Y-axis is the number of mapped reads and








































































Figure 12: 6S-2 processing in different exonuclease knock-outs. Transcripts of paired-end RNA-Seq
libraries of one wild type and four different knockout strains. Each graph shows the distribution of full
length transcripts mapped to the locus sorted by starting position relative to the annotated 6S-2 RNA gene
(sequence at the bottom). The bar chart below each shows the number of transcript onsets (5’-end, up) and
falloffs (3’-end, down) colored by transcript starting position. The Y-axis is the number of mapped reads and
percentage within the locus respectively.
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3.3 Evolution of Eukaryotic RNase P
In an effort to analyze the occurrence of organellar P RNA and evolution of PRORP based
on the increasing number of completely and partially sequenced genome, we identified
previously not annotated RNase P RNAs and protein-only variants in a representative
selection of eukaryotes.
3.3.1 Diversity of Organellar RNase P RNA
A total of 29 likely genuine organellar P RNAs were identified and structurally charac-
terized in eukaryotic organelles with the help of available sequencing data. Annotating
this ubiquitous ribozyme, helps to further understand RNase P catalytic activity in
general and reshape existing structural models to reflect possible deviations from the
consensus. Especially insertions or striking modifications to the P3 and P8/P9 region
were apparent among the newly annotated structures. Table 6 lists all reasonably
predicted RNase P RNAs characterized by our approach with respective idiosyncrasies
to the consensus described in [49] and [50].
Table 6: RNase P RNAs structurally identified in Eukarya. List of identified P RNAs through structural
screening of newly sequenced organisms with conserved pairing regions (P) and complementary tertiary
regions (CR) adhering to the minimum consensus structure [49] and signature motifs [50] for organellar P
RNA.
Organism Functional? Comments
Cyanophora paradoxa questionable no 5’-terminal A in CR-II; hairpin between P2 & P3;
deviation from CR-V consensus
Porphyridium purpureum yes insert between eP5/7 and P8; extended P12, P15 & P19
Galdieria sulphuraria yes see Porphyridium purpureum
Naegleria gruberi yes
Monosiga brevicollis yes insertion in P3 & CR-II
Capsaspora owczarzaki yes mismatches in P1; insert in P3; extension of P9;
bulged nt in P8 and P9
Amoebidium parasiticum yes
Acropora digitifera yes multiple candidates including possible pseudogenes
Hydra magnipapillata possibly no CR-II; identical in Hydra vulgaris
Nematostella vectensis yes multiple candidates including possible pseudogenes
Mnemiopsis leidyi likely weak eP5/7
Pleurobrachia bachei yes multiple copies; weak P2; non-canonical bp in P3 & P12
Ascaris suum yes deviation from CR-III consensus; weak P2; insert in P8/P9
Brugia malayi yes
Caenorhabditis elegans yes deviating CR-II signature “AGAAG”; weak P2;
similar in C. briggsae, C. brenneri, C. japonica & C. remanei
Necator americanus yes insertion in P8/P9 domain
Steinernema monticolum yes insertion in P8/P9 domain; extended eP5/7
Trichuris trichiura yes
Trichoplax adhaerens yes
Amphimedon queenslandica yes insertion in CR-II
Allomyces macrogynus yes two copies with > 300 nt insert between eP5/7 & P10/11;
absence of canonical P8 & P9
Gonapodya prolifera possibly four copies; insert of two Us in CR-I;
deviation from P4 consensus but retained complementarity
Rhizophydiales sp. no deviation from CR-I,-II & -V consensus; no P4 helix
Spizellomyces punctatus no degenerated P1; potential U bulge in CR-V; small P3




Oxytricha trifallax yes weak P8 & P9; unusual P3; extended P19
Thecamonas trahens yes 4nt insertion between P10/11 & eP5/7
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Figure 13 shows three example structures from the prediction process. While the
predicted structure in C. elegans (A) reflects the model presented in Figure 5 despite
a relatively short P2 and minor discrepancies in the CR-II signature sequence. Ad-
ditionally, a short P15 upstream of CR-IV is also predicted to form in C. japonica.
Closely resembling structures were also found in other Caenorhabditis species, which
corroborates its functionality. Some predicted structures were significantly larger and
more complex. One example is the structure in G. suphuraria (B) with an extremely long
but stable P12 hairpin, an additional short hairpin before P8 and P9 and bifurcation of an
unusually long P19. Despite the structural deviations from the previous model, signature
sequences are largely intact and we decided to classify this molecule a functional P RNA.
In contras, other structures resembled the model extremely closely, but were rejected due
to non-canoncical sequence motifs in CR-I and V which prevent P4 formation, as in the
case of Rhizophydiales sp. (Figure 13C).



























































































































































































































































































































































































































Galdieria sulphurariaA B C
Figure 13: Predicted organellar P RNA structures. Predicted structures identified in C. elegans, G.
sulphuraria and Rhizophydiales sp. exemplify the challenges of annotating functional P RNAs. Base-pairing
regions were matched to P1–19 in the model of [49] and signature sequences from [50] checked. See Figure 5
for consensus.
The pronounced differences in predicted structures and difficulties annotating P RNAs
speaks for a diversification and possible specialization within the organelle context that
is probably owed to evolution of particularly bizarre tRNAs [209,210]. None of the
prediction algorithms was able to identify all of the identified structures due to their
diversity in different aspects. Nonetheless, the bioinformatic validation of predicted
P RNA structures with multiple complementary folding and alignment tools exemplifies
how a combination of different approaches is required for comprehensive results.
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3.3.2 Organellar Protein-Only RNase P
Evolution has lead to increasing complexity of RNase P from bacteria, where the ribozyme
retains catalytic activity without the auxiliary C5 protein in vitro [8], to archea where
four to five protein subunits are part of the holoenzyme [47], up to eukaryotic RNase
P with nine to ten accompanying proteins [211]. Some orgnanells like chloroplasts,
mitochondria and plastids in plants and higher animals were shown to have lost the RNA
component for tRNA processing all together.
We explored the evolution of organellar PRORP in depth by identifying homologs
throughout the major eukaryote groups and comparing their phylogenetic ancestry.
With the increasing amount of completely or partially sequenced genomes available,
we are able to provide a more detailed look into the distribution of PRORP among the
major branches of eukaryotes. The unrooted phylogenetic tree in Figure 14 gives an
overview of PRORP sequences evolved in 88 representative species with multiple copies
of the gene in some cases. Holozoa have evolved independently since the branching
point of a common ancestor with only one variant of the protein (with the exception
Figure 14: Phylogenetic tree of PRORP troughout Eukarya. Based on sequences of representatives
from the major eukaryote groups, constructed using a maximum likelihood-based phylogenetic analysis
with 100 bootstrap inferences as described in the supplementary methods. PRORP distribution suggests an
ancient origin of PRORP, i.e. that it appears to have evolved in an organsim at the root of modern Eukarya,
although its distribution also involved likely horizontal gene transfer (e.g. in the various Stamenophiles
groups). Bootstrap support values are indicated in small numbers for the major branches. Species with
unclear relation to the super groups are indicated in blue. Species with one PRORP sequence in common
group Stramenopiles A and one in another distinct group are indicated in the same color.
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Acropora digitifera which exhibits two duplication events within the group). Similarly,
Chloroplastida developed independently with up to three copies (in Physcomitrella
patens, Arabidopsis thaliana and Oryza sativa) only very recently in evolution. An
early gene duplication event results in two distinctive proteins in Discoba with recent
duplication of Trypanosoma cruzi P2. In contrast, evolution of PROPR among the SAR
group (Stramenopiles, Alveolata and Rhizaria) is more complicated and most likely
involved multiple incidents of HGT. While Rhizaria developed independently with two
internal gene duplication events leading to up to 3 gene copies Stramenopiles carry up
to three very distinctive homologs partially resembling a variant present in Alveolata
which goes back to an early duplication event. Especially the Stramenopiles B group
contains sequences only remotely related to the rest of alignment.
Since the discovery of an organellar RNase P without RNA component the concept
seems to find widespread adoption among Eukarya with multiple duplication events
and potential HGT that allowed for keeping pace with degenerating mitochondrial tRNA
structures [55]. Even though the mere existence of PRORP homologs in these species is no
sufficient evidence for the absence of an RNA component without further experimental
verification this potential riddance could mark an additional step on an evolutionary path
from an RNA-based [212] to a protein-centric world [213].
The powerful combination of multiple structure and homology prediction algorithms
produced complementary sets of RNase P candidates to explore the diversity and evo-
lutionary development of the underlying enzyme. However, as with any automated
approach, careful re-evaluation of predictions and plausibility checking of the evolution-
ary implications needed to be monitored closely and if possible backed-up by multiple
methods. Thus cross-checking structure predictions with other tools and statistically
rigorous phylogeny were the key to the presented findings.
3.4 Identification of circRNAs in Honeybees Brains
This zoological study set out to determine the presence of circRNAs in A. mellifera in
transcriptomic data. A further genomic characterization of circularized loci is supposed
to shed light on the evolutionary conservation of this particular group of ncRNAs by
comparing homologs previously identified in Drosophila and B. mori. Ultimately, the
goal was to find out whether task depended differences in circRNA expression levels exist
between nurse and forager bees and therefore reveal potential developmental functions
of circRNAs for the first time in this unique social model.
3.4.1 circRNAs Are Detectable in Conventional RNA-Seq Data
In an initial pre-screening of publicly available sequencing data we wanted to assess
whether the search for circRNAs in honeybee brains was promising before investing
considerable time and money into laboratory experiments. Given the diverse spectrum
and large amount of previous transcriptomic data, we were able to detect 381 BSJs with
significantly many supporting JSR across most of the libraries. It must be noted that these
circRNA candidates deviated largely from the circRNAs we confidently identified in our
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own specifically enriched data. The most abundant circRNA in this non-specific dataset is
ame_circ_0002566with 8,479 JSRs across only a small subset of the libraries, while only 14
reads supporting the junction were picked up in our sample. The second most abundant
BSJ present in almost all libraries is ame_circ_0000163 which is also fairly abundant
among our enriched libraries with 103 JSRs. Some libraries, especially those from Project
PRJNA200755, PRJNA257666 and PRJNA227348 did yield only few or no JSRs, possibly due
to their preparation and selection protocols, which were generally not suitable for this
type investigation. Due to the large number of junctions reads in public data that is
not present in the specifically enriched libraries of our study we suspect a considerable
amount of false positives particular to individual datasets and over-sensibility of the
segemehl mapping software. To avoid over-estimation in our own experiments we thus
applied extremely conservative constrains to list of reported circRNAs and employed an
identification pipeline with two independent mapping and calling implementations in
parallel.
Despite some of the potentially conflicting results of this initial screening we were able to
show that evidence for circRNAs can be found without specific experiments given public
data analogous to [68]. Even though we were able to confirm some of the detected BSJs
later on, one has to be mindful of false positives or easily draw quantitative conclusions
from external data.
3.4.2 RNase R Enriches Circular Transcripts
We prepared RNA-Seq libraries from total RNA extracts of honeybee worker brains
enriched for circular RNAs and compared them to a non-enriched library. Each BSJ
supported by multiple JSRs was considered as representative of a distinct circular RNA.
We were able to detect a total of 3,384 individual BSJs supported by at least three JSRs
from the four libraries combining two different methods, see Figure 15A. Based on these
we provide two sets of circRNAs identified by applying different stringency thresholds.


























Figure 15: Identified circRNAs by RNA-Seq. (A) Two independent algorithms were used to predict
circRNAs: segemehl in conjunction with testrealign (green) and BWA with CIRI2. The overlap was considered
as low-stringency set (yellow). The high stringency set additionally requires an enrichment through RNase R
treatment and compelling read coverage from at least two independent sequencing libraries. (B) Strong
evidence is found in three independent sequencing libraries for 139 candidates. These candidates were also
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...ATTGTTCCAG   TGAGCCTGCA...
...CTCGTTACAG   GCAAGTTGTC...
...tcttcttcag   GCGAGACGAT...
...TCTATTCCAG   GCGAGTAACA...
...AAATTTACAG   GCAAGtccat...
0
Figure 16: Splice site motif in flanking introns of circRNAs. (A) Flanking introns of circRNA junctions
exhibit a fairly common ttxcAG/GTaagt motif. (B) Among our high confidence circRNAs, only five showed
non-canonical AG/GT junctions which, however, correlated with annotated exon boundaries. Acceptor
sequences (yellow) are canonical while the donor sequence (gray) deviates in these cases. Small letters
indicate regions marked for low-complexity within the overall genomic context.
methods (overlap). Only these BSJs were considered viable circRNA candidates because
previous studies showed inconsistent results between different algorithms [83,164].
Specifically, segemehl is known to produce very sensitive mapping results, potentially
introducing false positives when solely relied upon [164]. The high stringency set is a
subset containing 254 circRNAs with a higher amount of supporting reads along with a
significant five-fold enrichment of the JSRs through RNase R treatment. The majority
(> 77 %) of the circular transcripts were even enriched by more than ten-fold. We
remark, that these numbers refer to circRNAs that are expressed in the brain of nurse
and forager bees. In contrast, 2,513 circRNAs reported for D. melanogaster [68] and 3,916
for B. mori [87] are based on samples of different developmental stages, tissues and even









Figure 17: Ambiguous transcript assignment. There is currently no annotated isoform of LOC408309which
includes both exons of circRNA ame_circ_0001877. Both exons are part of a different 5’-UTR and end with a
coding region. The circRNA is well supported with 121 JSRs and likely a result of an excision from one of the
longer isoforms of the transcript that contain neither of the two exons (e.g. XM\_006566436.2).
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Almost all of the BSJs are flanked by a canonical GT/AG splice signal, summarize in the
sequence motif in Figure 16A. Only five circRNAs did not show such a canonical splice
site (see Figure 16B). In one case proper transcript attribution was not possible because
the BSJ spans two exons that (presumably) do not occur in the same isoform (illustrated
in Figure 17). The coding exon of gene CG45167 (homolog of B52 in Drosophila) and an
immediate downstream exon which starts with a different 5’-UTR are not present in any
currently annotated transcript variant. Such an example could indicate that back-splicing
is indeed due to erroneous alternative splicing events.
The amount of canonically spliced transcripts (linear) is at least the same as the amount
of back-spliced transcripts (circular) for the majority of circRNAs identified here. For
this reason it is unlikely that the circRNAs presented here arose from a mapping artifact,
e.g. due to misalignment of reads or repeating gene copies because exons were splice
either way.
A complete list of all detected circRNAs including read levels and putative homologs in
Drosophila and Bombyx is part of the manuscript in Section 5.4. An excerpt of the most
prominent entities is shown in Table 7.
Table 7: Excerpt of identified circRNAs in the brain of honeybee nurse and forager bees. All circRNAs
were significantly enriched in 𝐸+ over the non-enriched set 𝐸−. The respective chromosome is indicated in
the Chr. column. The summarized number of JSRs is given along with the averaged normalized expression
(Expr.) and fold enrichment (Enriched). The Homology column indicates whether a Drosophila or Bombyx
homolog was found in ⋆ [73], ∘ [68] or † [87]. The full list can be found as part of the submitted manuscript.
circRNA ID Host gene BeeBase Chr. JSRs Enriched Expr. Homology
ame_circ_0001970 LOC413427 GB43145 LG11 432 6.7 0.329 ⋆∘
ame_circ_0000721 LOC724885 GB53835 LG3 139 10.2 0.344
ame_circ_0002142 LOC410393 GB52063 LG12 124 5.0 0.628 †
ame_circ_0000163 LOC408576 GB42249 LG1 103 7.2 0.328 ⋆∘
ame_circ_0000232 mup2 GB49259 LG1 97 11.0 0.119
ame_circ_0001780 rad GB49511 LG10 91 5.0 0.062 ⋆∘
ame_circ_0001286 LOC411534 GB44365 LG7 63 93.0 0.731 ⋆∘
ame_circ_0002579 LOC409655 GB47584 LG16 42 17.5 0.226
ame_circ_0001822 rsmep2 GB54272 LG10 34 5.0 0.022 ⋆∘
ame_circ_0002577 LOC409655 GB47584 LG16 17 11.3 0.072
ame_circ_0001852 coRest GB52614 LG10 10 5.0 0.013 ⋆∘
ame_circ_0001099 LOC411114 GB44582 LG5 306 18.5 0.328 †
ame_circ_0000414 LOC725294 GB55364 LG2 216 7.6 0.312 ⋆∘
ame_circ_0000397 LOC408688 GB49767 LG2 185 5.0 0.377 ⋆ ∘ †
ame_circ_0001712 LOC408996 GB42579 LG9 169 6.3 0.198 ⋆ ∘ †
ame_circ_0002576 LOC409655 GB47584 LG16 168 14.9 0.644
ame_circ_0001638 LOC411347 GB17597 LG9 159 9.4 0.400
ame_circ_0001593 LOC408991 GB53310 LG9 148 7.9 0.105
ame_circ_0001479 LOC408957 GB40504 LG8 147 18.4 0.339 ∘
ame_circ_0000524 LOC408718 GB43446 LG2 130 36.2 0.313
ame_circ_0001120 sGC-alpha1 GB52929 LG6 129 10.4 0.276 †
ame_circ_0000054 LOC726544 GB42188 LG1 124 7.5 0.480
ame_circ_0001877 LOC408309 GB45167 LG11 121 9.4 0.085
ame_circ_0000669 LOC410044 GB55791 LG3 118 13.0 0.370
ame_circ_0000073 LOC410717 GB55293 LG1 111 11.0 0.290 ⋆∘
ame_circ_0001340 LOC411229 GB42567 LG7 109 6.9 0.570 ∘
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Complementary to the BSJs detected by RNA-Seq, circularity of predicted loci was verified
with independent PCR experiments. Figure 18 shows PCR products of circRNAs amplified
with convergent and divergent primers listed in Table 4 and ef1𝛼 as a stably expressed
control gene. Given, that these circRNA candidates can be verified so cearly with two
independent methods, creates confidence in the RNA-Seq results and reliable enrichment
through RNase R in general. Basing further analysis on the set of high-stringency
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Figure 18: PCR amplification of circRNA with divergent primers. A selection of circRNA candidtes
identified in RNA-Seq experiments were validated with convergent (linear) and divergent (circ) primer pairs
spanning the back-splicing junction. Samples of total RNA with (+) and without (-) reverse transcription
into cDNA were compared in order to destinguish genomic DNA amplification. Anticipated PCR product
lengths are indicated below the gels. Note that the PCR products run slightly higher than indicated by the
leader because we prestained with GelRed. For the five bottom BSJs RT(-) control and linear amplicons are
not shown.
3.4.3 circAmrad Shows Task Dependent Expression
The circRNAs ame_circ_0001780 and ame_circ_0001822 showed a notable differential
expression pattern in RNA-Seq results of nurse bees and foragers. For simplicity they
will be termed according to their host genes in the further course of the study: circAmrad
and circAmrsmep2, respectively. As the experimental setup is not suitable for any reliable
quantitative assertions, we decided to perform a targeted qPCR for these candidates at
different developmental stages. In addition, we compared the expression patterns in bees
with age-related task allocation to those undergoing a task allocation due to colony needs
(age-unrelated, SCC), see Figure 19.
For circAmrsmep2we found that expression in the brain is higher in foragers than in nurse
bees (Figure 19A). This difference, however, does not seem to be directly task-related. In
a SCC where nurse and forager bees have exactly the same age, no expression differences
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Figure 19: Quantitative expression analysis. TaqMen expression analysis of (A) circAmrsmep2 and (B)
circAmrad in brains of nurse bees and foragers from colonies with a typical age structure and SCCs consisting
of bees of the same age. Expression is given relative to nurse bees. Bars show relative mean expression with
standard error. The number of replicates are indicated in the bars. Significant differences are indicated
(⋆𝑝 < 0.05, ⋆ ⋆ 𝑝 < 0.01, Two tailed unpaired Students 𝑡-test). In contrast to circAmrsmep2 the expression
of circAmrad seems correlated with the allocated task rather than the bees’ age.
likely depends on the bees’ age but not on its task. Supposedly, circAmrsmep2 accumu-
lates over time in the brain of worker bees, as shown for certain circRNAs in the nervous
system from mammals to flies [68,214]. On the other hand, a significant increase of
the linear product in foragers was reported previously (XM_393489.3/Amrsmep2, 𝑙𝑜𝑔2ratio
~2.8) [215]. The observed increase of the circular product circAmrsmep2 might thus be a
consequence of generally increased expression of the host gene, which codes for a RIM-
family (Rab3a-interacting molecule) protein. Studies in species of the tetrapoda clade
(human, mouse, chicken and so on) show that this family plays an important role in
neuronal plasticity, especially in neurotransmitter release and in organizing active zones
in plasma membranes [216,217].
In contrast, circAmrad is higher expressed in brains of nurse bees than in brains of for-
agers (Figure~19B, typical). Strikingly, this is inversely correlated with the expression of
the linear product which is strongly increased in foragers (XM_393494.2/Amrad, 𝑙𝑜𝑔2ratio
~6.1) [215] and holds true independent of the age-related task transition. The expression
levels in the SCC experiment (Figure 19B) are similar to that of typical colonies where
tasks are allocated based on a bee’s age. This data suggests a correlation of acquired task
and circAmrad levels. Either the task of the bee is influencing circAmrad expression or
vice versa. Its host gene is orthologous to the radish gene in D. melanogaster, which is
known to play a crucial role in the amnesia-resistant memory (ARM). Unlike the long
term memory ARM does not require protein de novo synthesis [218] and thus represents
a low-costs memory form [219,220]. Rad also possesses circRNAs in fly (Table 7), but
whether this circRNA is involved in ARM or whether ARM is also present in honeybees,
has not yet been investigated.
3.4.4 Circularization of Exons Is Evolutionarily Conserved
Conservation of loci is well-known between mouse and human circRNAs and it therefore
stands to reason that circRNAs in honeybees can also be found in Drosophila and Bombyx.
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Figure 20: Homology of circRNAs. (A) 122 host genes are orthologous to host genes of circRNAs identified
in either Drosophila or Bombyx in previous studies. (B) BSJs in honeybees and fruit fly are clustered into the
following categories: part of the 5’-UTR, from the coding sequence exclusively, part of the 3’-UTR, spanning
from 5’- to 3’-UTR or other (in the middle of exons, introns, part of non-coding genes or in between genes).
based on homology of their parental genes (Figure 20A). Out of 254 honeybee circRNAs
only 70 host gene homologs were found in silkworm (30 %). In contrast, 203 homologs
were identified for fruit fly (80 %) which can be explained by the closer phylogenetic
relationship to honeybee [221]. Consistent with our results, circularized exons in fruit
fly were found in 144–151 of these homologs (with respect to [73] and [68], overlap
of 122). This finding is in line with a similar comparison of circRNAs in human and
mouse [86]. There, two thirds of all host genes harboring back-splicing junctions could
be correlated by homologies between the two species. Even though circRNAs are known
for only three insects so far, the number of homologous host genes among them suggests
that circRNAs are commonly found in insects. Features identified for circRNAs in one of
these organisms are likely to be valid for other insects.
Being able to compare circRNA in different insects also permitted further characteriza-
tion of which exons in a transcript are statistically prone to circularization. The majority
of BSJs in honeybee correspond exactly to exon boundaries of protein coding regions
(78 %), see Figure 20B. Nearly all remaining cases are derived from 5’-UTR containing
segments (17 %). This is only slightly different from the set of (presumably) linearly
spliced exons in the control but shows a trend towards 5’-UTRs. For both D. melanogaster
datasets [68,73] the overall proportion is similar but with a much stronger bias towards 5’-
UTRs (~30 %) and non-canonical splice events, e.g. occurring in the middle of introns or
exons in between genes (other: ~20 %). The latter category was rarely found for honeybee






















































Figure 21: Exon position of circRNAs in the host gene. First exon at the 5’-end the circRNA (left) and last
exon at the 3’-end (right) within the host gene, by number of exons. CircRNAs are stratified by normalized
circRNA expression into four groups (green to red with decreasing ratio). As reference, randomly selected
exons in the control (gray) exhibit a higher number of second and third exons in a transcript just by chance.
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qualities for honeybee (data from 2018) and fruit fly (data from before 2014) and should
thus not be over-interpreted.
For fruit fly it was reported that circRNAs mostly spring from the second exon of a
transcript [68]. This is also true for honeybee circRNAs. Figure 21, however, shows that
this number is implied by the outstanding abundance of transcripts with only two exons.
This is also visible in the randomized control distribution. Compared to this set, the
observed starts at exon two are actually less than what would be expected. We identified
two factors that correlate with back-splicing: 1) The exon position. 2) The number of
exons. The further downstream an exon is located in a transcript and the more exons (and
thereby splice-junctions) it exhibits, the more likely circRNAs arise from the transcript.
3.4.5 Correlation with Memory-Associated Loci
A GO term analysis (gene ontology term enrichment) was performed using all 203 cir-
cRNA host gene homologs correlated to fruit fly from which we extrapolated the func-
tional annotation. An excerpt of enriched terms is shown in Table 8. High level processes
involved in synaptic development and regulation were significantly enriched. Given that
the source samples were obtained from brain tissue, this is an expected result but it also
resembles the finding that neurologically associated genes are a main source of circRNAs
as found for Drosophila [68].
The most enriched high level terms below a 𝑝-value of 10−4 were ‘anesthesia-resistant
memory’ (27x), ‘medium-term memory’ (23x), ‘regulation of neuromuscular synaptic
transmission’ (21x) and ‘deactivation of rhodopsin mediated signaling’ (21x). The former
is especially remarkable. One representative of this group is the radish gene from which
the circRNA circAmrad (ame_circ_0002363) arises. We found its abundance levels in
correlation with the acquired task of a bee (see the manuscript in Section 5.4).
Table 8: GO term enrichment of biological process among circRNAs. Functional annotation is based on
homology toDrosophila genes and statistically compared to all reference genes in the PANTHER database. Only
the top level terms with five fold enrichment in circRNA associated genes (circ) over the reference set (ref)
above expected (exp) and sufficient significance (𝑝 < 10−4) after multiple testing correction are presented.
biological process GO term circ / ref (exp) Fold-enrichment 𝑝-value
anesthesia-resistant memory 0007615 4 / 13 (0.15) 26.79 3.4×10−5
medium-term memory 0072375 4 / 15 (0.17) 23.22 5.4×10−5
reg. of neuromuscular synaptic transmission 1900073 5 / 21 (0.24) 20.73 9.6×10−6
deactivation of rhodopsin mediated signaling 0016059 4 / 17 (0.2) 20.49 8.2×10−5
potassium ion transport 0006813 7 / 43 (0.49) 14.17 1.4×10−6
synaptic growth at neuromuscular junction 0051124 6 / 41 (0.47) 12.74 1.4×10−5
neuromuscular synaptic transmission 0007274 7 / 57 (0.65) 10.69 7.7×10−6
myotube differentiation 0014902 6 / 49 (0.56) 10.66 3.6×10−5
synapse assembly 0007416 7 / 70 (0.8) 8.71 2.6×10−5
regulation of membrane potential 0042391 7 / 75 (0.86) 8.13 4.0×10−5
compound eye photoreceptor development 0042051 7 / 86 (0.99) 7.09 8.9×10−5
response to light stimulus 0009416 11 / 151 (1.73) 6.34 2.3×10−6
synapse organization 0050808 12 / 174 (2) 6 1.4×10−6
regulation of synapse organization 0050807 9 / 142 (1.63) 5.52 5.6×10−5
taxis 0042330 21 / 332 (3.81) 5.51 5.2×10−10
protein phosphorylation 0006468 17 / 279 (3.2) 5.31 4.4×10−8
locomotory behavior 0007626 11 / 186 (2.14) 5.15 1.5×10−5
response to drug 0042493 12 / 205 (2.35) 5.1 6.8×10−6
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Consistent with this is also the enrichment of rhodopsin signaling and memory-related
genes. Nurse bees take care of the brood inside the hive, where it is dark and the
requirements to memory are different from those of foragers [222]. After task transition
to forager bees, they start to collect food from outside the hive, mostly at daylight, and
need to find their way back to the hive afterwards. A need for adaptation of rhodopsin
signaling and a change in memory requirements is obvious. In fact, ‘positive phototaxis’
showed the highest GO term enrichment (44x). The 𝑝-value however was below the
applied threshold (1.87×10−3) because the term only has four representatives in the
reference set. A overview of most enriched GO terms can be found in Table 8.
Despite the neural origin of total RNA used for the identification of the circRNAs, the
functional over representation of memory-associated host genes is remarkable. Possibly,
a correlation with increased host gene expression can be the cause of this enrichment.
However, many of the characterized circRNAs exhibited converse relative expression
levels between the two castes and previous studies reported that expression levels are
independent from host gene levels [72]. Finding the largest abundances of circRNAs in
neural tissue might thus be a product of their neuro-develpmental function.
3.4.6 Increased miRNA Targets in Conserved circRNAs
Some of the previous circRNA studies in humans and Drosophila reported an increased
amount of miRNA binding sites in the circularized exon sequences [61,68,85] while others
could not come to the same finding [71,76,86]. Thus, potential miRNA target-sites were
annotated for all 254 high-stringency circRNAs identified in honeybee and analyzed for
statistical enrichment. The results can be divided based on their degree of phylogenetic
conservation as seen in Figure 22. 3, 058 target sites were only conserved in Apis species.
We argue that Apis species are too closely related to qualify as reliable predictor for
miRNA target sites. The sequence conservation in this set appears rather high in general.
This is also reflected by a similar distribution of potential miRNA target sites compared
to the control without any constraints on conservation, see Figure 22A.
A set of 1, 076 sites is conserved in Apis and eusocial insects which are sufficiently distant
to A.~mellifera to reasonably infer conservation. With about 10.4 target sites per 1, 000 nt
circRNAs have a 1.7x increase in miRNA target sites compared to the median of linear
splice product control. Thus, in line with previous findings for Drosophila [68], we report
a general enrichment of conserved miRNA target sites in circRNAs over random linear
counterparts. The most enriched miRNA target sites correspond to ame-miR-3748/ame-
miR-3753 (~10x enriched, same seed region) and ame-miR-3791 (~9.2x enriched), see
Figure 22B. RNA expression studies show that the abundance levels of some miRNAs
correlate with task or age of honeybees [223–226]. We did, however, not find a significant
overlap of miRNAs corresponding to enriched target sites and miRNAs reported as
differentially expressed between nurses and foragers in these studies. A complete list of
potential target sites and their degree of conservation is part of the manuscript in Section
5.4.
The differences in statistical over representation at various conservation levels show that
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Figure 22: Putative miRNA target sites in circRNA exons. (A) Putative target sites normalized by
exon length in differentially conserved sets. ‘All targets’ represents no conservation at all. Apis represents
conservation only in closely related species. Eusocial insects are sufficiently distant to consider conservation
relevant. The number of miRNA binding sites conserved in this set is significantly higher (𝑝 < 0.001,
Student’s 𝑡-test) than in the control. The absolute number of potential binding sites in the respective sets
is given in parentheses below. (B) Illustration of miRNAs with potential target sites in circRNAs conserved
even in eusocial insects. Only miRNAs with at least ten target sites and an at least 5-fold enrichment over
control are shown. Error bars indicate standard deviation in fold enrichment between different controls
(N= 42).
prediction. Discrepancies between previous studies can therefore probably explained
because conservation was regarded or not. Available tools, often do not provide this
extra step for target prediction or are only suited for human data [206]. Based on the
statistical data presented here, a general over representation is visible but none of the
characterized circRNAs seems to be targeted by any specific miRNA, that would make it
a potential miRNA sponge.
3.4.7 No Significant Complementarity in Flanking Introns
In honeybee, introns flanking circularized exons are significantly longer than those from
linearly spliced exons, see Figure 23. They can span several thousand bases. This result
is in line with findings from fruit fly and human [68,227]. There in addition, flanking
introns showed increased levels of reverse complementarity compared to linearly spliced
exons. Reverse complementary regions are thought to enhance the likelihood for base-
pairing between the introns. This interaction likely guides back-splicing process [228–
230]. Following up on this assumption, introns were reciprocally scanned for reverse
complementary matches at sequence-level using BLAST [138], see Figure 24A. While
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Figure 23: Introns flanking circRNAs. Flanking introns upstream (left) and downstream (right) of
circRNAs (yellow) are significantly longer (𝑡-test with 𝑝 < 0.001 for both) than those of a random control
(gray).
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Figure 24: Introns flanking circRNAs. (A) BLAST bitscores of the best reverse complementary match
of the shorter circRNA flanking intron to the other (yellow) compared to control intron pairs (gray). (B)
Relation of GC-content and MFEs. Both measures appear to be linked (correlation 𝜌 = 0.5, Spearman’s rank
correlation).
better complementary (represented by higher bitscores) in general, it is also obvious that
complementarity is linked to the length of introns. Higher scores of complementarity
matches are likely a result of the fact that introns flanking circularized exons are much
longer than those from the control set. The most relevant regions for circularization are
probably the end of the 5’-flanking and the start of the 3’-flanking intron.
An RNA secondary structure prediction using RNAfold [184] was used to investigate
potential intron-intron interactions more specifically, see Figure 24B. The difference is
more obvious using this method. Co-folded complexes of the control introns exhibit
much higher MFE scores, indicating less base-pairing interaction. However, the MFE
scores partly cover similar ranges, which does not allow for a clear distinction between
circularized exons and linear splicing products. The graph also shows that the increase
in folding potential (represented by lower MFE scores) is linked to GC-content of the
respective introns. Also the fact that the complementarity match as well as the co-folding
analysis yielded similar results for all combinations of starts and ends of the flanking in-
trons (e.g. pairing the end of the upstream intron with the end of the downstream intron)
puts a direct effect of base-pairing in doubt. The GC-content in turn well discriminates
circRNA introns from control introns, see Figure 25B.
3.4.8 Increased DNA Methylation in Flanking Regions
The intronic features raise the question, why the GC-content of circRNA flanking introns
is elevated in such significant amounts (median shifted from 20 % to 36 %, 𝑝 < 0.001).
One reasonable explanation is an increase of potential DNA-methylation at these introns
due to CpG islands. While the exact mechanism is unknown so far, DNA-methylation
is known to induce alternative splicing in honeybees [103,231]. Methylation patterns
also vary depending on the age and allocated task of an individual bee [101,232,233].
It was even shown that reverted nurse bees regain their original methylation patterns
independent of their age [92]. Figure 25C illustrates that the CpG dinucleotide fre-
quency is also significantly increased for circRNA flanking introns and nearly absent
in the control group (~1 %). As CpG sites are preferentially methylated [101,232], this
indicates a significant increase of potential DNA-methylation sites. Moreover, cytosine
methylation and hydroxymethylation at non-CG sites (CA, CT, CC) is reported to be enriched
in introns of the honeybee [234]. In line with this, Figure 25D shows that also the cytosine
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Figure 25: Putative interactions and sequence properties of flanking introns.(A) Scheme indicating the
relevant regions (red) of introns flanking circularized exons (yellow). (B) Screen of GC-content. A significant
increase is found compared to the control. (C) Screen of CpG dinucleotides. A significant increase is found
compared to the control which rarely exhibits CpG. (D) Screen of cytosine-content. A significant increase
is found compared to the control. It explains the observed effects for GC-content and CpG frequency. (E)
Screen of average base methylation. The number of methylated bases in introns flanking circRNAs is slightly
but significantly increased compared to linear control introns. ⋆𝑝-value < 0.001
mononucleotide frequency is significantly increased for circRNA flanking introns. While
the genome comprises ~16 % cytosines, circRNA introns exhibit a median of ~18 %
cytosines. Strikingly, the median cytosine-content of linearized exons is as low as 10 %.
This can be translated into reduced methylation and hydroxymethylation potential and
thereby fewer alternative splicing events for introns flanking canonically spliced RNAs
compared to those that frequently result in circRNAs.
We evaluated publicly available whole genome bisulfite sequencing data of worker bees
from a previous study to comprehensively determine methylation levels [92]. Figure 25E
shows that the length-normalized accumulative DNA-methylation of introns flanking
circular RNAs actually tends to be increased compared to those flanking random exons.
Notably, the effect was not visible using only the closest 50 or 100 nucleotides of a
flanking intron but became visible using a 200 nt window or full-length introns. This
is probably due to the limited windows size which is likely too small for statistical
assessment.
While relevant social roles in the used methylation study [92] are the same, we note
that collection times and extraction methods differ from experiments done in this study.
Ideally, the libraries used for circRNA detection and DNA-methylation analysis should be
derived from the same biological sample. Without further experimental investigation a
strong conclusion cannot be drawn yet. We argue however, that the data presented here
provides first indications for a link of circularization and DNA-methylation in honeybees.
It is possible that the age-depended increase of circRNA abundance is not (only) due to
potentially lower decay rates of circRNAs compared to linear products but also a result of
increasing DNA-methylation that leads to alternative splicing accompanied by increase
of circRNA formation.
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4 Conclusion & Outlook
Bioinformatics has become an indispensable discipline in molecular biology. The major
parts of this thesis have in common that biological data is infeasible to interpret by hand
and thus computer aided methods have to be applied to answer the original research
question. Transcriptomic data is easily and cheaply generated nowadays or even publicly
available from other studies. However, the outcome of their analysis strongly depends on
the bioinformatic approach applied to their interpretation. These novel approaches re-
quire state-of-the-art algorithms to cope with the magnitude of modern high-throughput
experiments in order to process them in a feasible time frame without high performance
computers. Throughout the projects presented in this thesis, some of the most recent
software packages were used, because only highly optimized algorithms can handle the
massive data of the often specialized experimental setups, such as split-read mapping
for circRNAs. Because experimental protocols evolve constantly in the ever progressing
field of molecular biology, developing custom tailored bioinformatic solutions on top of
existing algorithms in tight cooperation with experimental researchers is a requirement
to assure case-specific interpretation of the results.
This work presents several examples of finding supporting evidence for ncRNAs in
publicly available data of the same and related species. In order to rule out, that the
unusually long 5’-UTR of the DCW cluster and its embedded sRNA are not a singular
artifact in R. sphaeroides alone, it was imperative to compare transcriptomic data in
related taxons. Finding a similar feature in closely related species corroborated our
characterization of an transcriptional regulator in this evolutionary sub-branch of rod-
shaped bacteria. Similarly, the rapidly growing amount of fully sequenced genomes
facilitates phylogenetic comparisons of unprecedented detail as seen in the evolutionary
exploration of organellar RNase P. Even though we relied on our own experimental data
in the identification and quantification of circRNA in honeybees, a previous screening
for BSJs in non-enriched public data bootstrapped our investigation and the already
available bisulfite data enabled the confirmation of increased methylation surrounding
circularized exons. This aspect of the thesis also highlights the strength of open and
shared research data inside a fast evolving research field and the possibility to reuse
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expensively generated resources in order to circumvent redundant experiments, save
time and confirm results based on independent data.
Besides the combination of different datasets, making use of multiple algorithmic ap-
proaches in conjunction provides either a more comprehensive understanding of the
results or might show off biases one would have encountered when only relying on one
method. In the attempt to determine riboswitch functionality of UpsM, exploring the
landscape of possible suboptimal structures with barrier trees did not reveal any switch-
ing mechanism, while manually constraining the 3’-end lead to convincing refolding of
the ncRNA. Similarly the annotation of RNase P RNAs relied on the complementary
predictions of multiple structure alignment implementations to offer maximal sensi-
tivity. The combination of two circRNA detection methods significantly increased the
confidence in the reported set of candidates as the different biases of both approaches
canceled each other out. In a fast-evolving scientific sphere, it is therefore beneficial to
consult multiple cutting edge approaches in parallel as long as a gold standard is not
established yet.
Each of the studies set out with a biological research question that could best be answered
with sequencing approaches where applied bioinformatics are vital for the interpretation
of large amounts of produced data. Only in-depth bioinformatic analysis of differential
transcriptomic data revealed the exact TSS of UpsM. Further amounts of large datasets
then enabled the complete characterization of this conserved ncRNA in a structural
alignment of homologs to disclose a possible structural rearrangement for transcription
regulation. In the case of 6S RNA the influence of different RNases on its degradation
could only be pinpointed through differential RNA-Seq. The visualization of processed
transcripts in paired-end data is thus a unique approach as it makes the effects of each
RNase easily comparable. Lastly, the genome-wide analysis of circRNA flanking intron
sequences and statistical observation of a potential link between methylation status
and back-splicing activity would not have been possible without the implementation
of custom tailored scripts and modeling of a statistical control. Following up on such
sideline observations increases the serendipity that often leads to unexpected discov-
eries. Additionally underpinning potential miRNA target seeds with conservation of
the gene region in related species revealed that the quality of predictions can greatly
alter conclusions that can be drawn from statistical inferences. In most cases, readily
available solutions to common sequencing-related problems in molecular biology exist
today. However, in order to interpret their results for a given research questions, it is
advisable to spend the resources to develop custom, case-specific solutions on top of
existing ones.
All of these solutions were developed with re-usability in mind to enable other re-
searchers to apply the same pipeline to their data or extend these tools to their needs. The
used pipelines, tools and custom scripts are available with source code and documenta-
tion in publicly available repositories. Releasing the data processing pipeline along with
the data also enables other researchers to reproduce and validate the presented results.
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Abstract
Cell division and cell wall synthesis mechanisms are similarly conserved among bacteria.
Consequently some bacterial species have comparable sets of genes organized in the dcw
(division and cell wall) gene cluster. Dcw genes, their regulation and their relative order
within the cluster are outstandingly conserved among rod shaped and gram negative bacte-
ria to ensure an efficient coordination of growth and division. A well studied representative
is the dcw gene cluster of E. coli. The first promoter of the gene cluster (mraZ1p) gives rise
to polycistronic transcripts containing a 38 nt long 5’ UTR followed by the first gene mraZ.
Despite reported conservation we present evidence for a much longer 5’ UTR in the gram
negative and rod shaped bacterium Rhodobacter sphaeroides and in the family of Rhodo-
bacteraceae. This extended 268 nt long 5’ UTR comprises a Rho independent terminator,
which in case of termination gives rise to a non-coding RNA (UpsM). This sRNA is condi-
tionally cleaved by RNase E under stress conditions in an Hfq- and very likely target
mRNA-dependent manner, implying its function in trans. These results raise the question
for the regulatory function of this extended 5’ UTR. It might represent the rarely described
case of a trans acting sRNA derived from a riboswitch with exclusive presence in the family
of Rhodobacteraceae.
Introduction
There are only rare cases for highly conserved gene clusters throughout bacterial genomes due
to evolutionary dynamics. Examples for such clusters are genes for ribosomal proteins, the atp
operon or the dcw (division and cell wall) gene cluster [1]. However, conservation of dcw genes,
their regulation and especially their arrangement within the cluster are outstandingly con-
servedwithin bacterial groups of similar taxon and cell shape [2]. Besides regulatorymecha-
nisms the conserved order of the genes may ensure an efficient coordination of growth and
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division as assumed by the genomic channeling hypothesis [3]. A well described example for
such conservation is the dcw gene cluster of gram negative and rod shaped bacteria.
Dcw gene regulation was studied intensively in E coli, but is not fully understood due to
numerous regulatory features like internal promotors, transcript stabilities and protein ratios.
It is well known that the first promoter (mraZ1p) of the gene cluster in E. coli (16 genes in
total) gives rise to polycistronic transcripts containing a 38nt long 5’ UTR followed by the first
genemraZ [4]. Downstream ofmraZ transcription can potentially continue up to the last gene
of the locus (envA) that harbors a Rho independent terminator [5].
Here we present evidence for a much longer 5’ UTR in the gram negative and rod shaped
bacteriumRhodobacter sphaeroides also present in other members of Rhodobacteraceae. In R.
sphaeroides this 268 nt long 5’ UTR features a Rho independent terminator 84 nt upstream of
mraZ, which in case of transcriptional termination gives rise to a non-coding RNA of 206 nt
length. This transcript was described as an orphan sRNA named RSs0682 [6], henceforth
renamed UpsM (upstream sRNA ofmraZ). Here we also show that conditional processing of
UpsM requires the RNA chaperon Hfq, the endoribonuclease RNase E and induction of the
RpoHI/II regulon.
Our results raise the question for the complex regulatory function of this extended 5’ UTR,
which might represent a rare dual function riboswitch exclusively present in the family of
Rhodobacteraceae.
Results
dRNA-seq Hints at an Extended 5’ UTR of the Dcw Gene Cluster of R.
sphaeroides
The sRNA UpsM (previously RSs0682) was described as the most abundant orphan sRNA of
R. sphaeroides, which is encoded in the intergenic region (IGR) upstream ofmraZ, the first
gene of the dcw (division and cell wall) gene cluster. A Rho-independent terminator was pre-
dicted at the 3’ end of the sRNA locus. Identification of UpsM was based on deep sequencing
of cDNA libraries using 454 pyrosequencing. The coverage of UpsM was comparably low
(~2,000 reads per library) in the initial sequencing study [6]. Since sequencing technologies
have rapidly evolved and nowadays generate millions of reads concomitant with visualisation
of transcripts with low abundance, we re-analysed the UpsM locus in a dRNA-seq dataset that
has been generated using Illumina sequencing technology (Fig 1 and S1 Fig) without and with
prior TEX (terminator-5´phosphate dependent exonuclease) treatment of the RNA to enrich
primary transcripts. This confirmed the presence and high abundance of UpsM and the tran-
scriptional start site (TSS). In contrast to the low-coverage 454 pyrosequencing study, addi-
tional observationswere possible. First, the processing site within UpsM, which was already
detected by Northern blot analysis and 5’ RACE [6], becomes apparent by a sudden decrease of
reads especially after TEX treatment. Secondly, the downstream genemraZ is not preceded by
a separate TSS. This is surprising sincemraZ is the first gene of the dcw gene cluster. Therefore
it should be expressed in exponentially growing cells in the course of cell wall synthesis and cell
division as described for other bacteria [4, 7–11]. This observation led to the following assump-
tions:MraZ transcription depends on the UpsM promoter and there is no additional pro-
moter/TSS exclusively present formraZ. If this is true, the terminator of UpsM has to allow
read-throughs in order to guarantee transcription ofmraZ. This has several consequences: 1.)
mraZ or the dcw gene cluster have an uncommonly long 5’ UTR of 268 nt in length, which has
not been reported for other bacterial dcw clusters, which show high conservation among rod
shaped and gram negative bacteria. 2.) UpsM is not an sRNA derived from an IGR (intergenic
region), but rather an sRNA which is generated by transcription termination within the 5’
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UTR ofmraZ. 3.) In case the terminator allows read-through, the 5’ UTR contains a start
codon upstream and a stop codon in frame downstream of the terminator and therefore might
encode a leader peptide here designated as sORF (small open reading frame).
UpsM Is a 5’ UTR Derived sRNA, Which Is Conditionally Cleaved during
Stress Conditions in an RNase E, Hfq and RpoHI/RpoHII-Dependent
Manner
UpsM was originally identified as an sRNA processed upon 1O2 stress in Rhodobacter sphaer-
oides and the RNA chaperone Hfq was shown to be required for this processing [6]. UpsM is
the most abundant sRNA in R. sphaeroides and represents about 60% of all Hfq bound sRNAs
[12]. In addition to the strong interaction of UpsM with Hfq we observed a negative growth
effect under anaerobic and aerobic conditions (S2B Fig) and changes in the transcriptome in
an initial microarray analysis (S1 Table) for a strain overexpressing UpsM (S2A Fig). Therefore
we conclude that UpsM is functional as a trans acting sRNA.
To further prove that the stable 130 nt UpsM 3’ fragment is generated by processing, total
RNA from R. sphaeroides isolated 90 min after addition of methylene blue in the light to gener-
ate 1O2 was treated with TEX (terminator-5´phosphate dependent exonuclease), which
degrades RNAs with a monophosphate at the 5´ end but not primary transcripts that carry a 5´
triphosphate. The TEX treated RNA was compared to untreated RNA on a Northern blot (Fig
2A). The lack of the 130 nt band after TEX treatment strongly supports the assumption that
this fragment is a processing product.
In gram-negative bacteria the endoribonuclease RNase E has a major role in initiation of
mRNA decay [13, 14] and was also shown to be involved in the generation or processing of sev-
eral sRNAs [15–18]. To test the involvement of RNAse E in UpsM processing we constructed
Fig 1. dRNA-seq shows a long 5’ UTR of the mraZ gene in R. sphaeroides. Modified screenshots taken from
IGB (integrated genome browser) visualizing the coverage at the genetic locus of mraZ. Shown are normalized
cDNA reads on a large scale (upper two panels) and a smaller scale (lower two panels) obtained from TEX
treated and untreated total RNA isolated from an exponentially and microaerobically grown R. sphaeroides 2.4.1
culture. The genetic context is displayed at the bottom. mraZ is the first gene of the dcw gene cluster. Position 1
reflects the TSS of sRNA UpsM (206 nt) 268 nucleotides upstream of mraZ. The terminator of UpsM is indicated
as hairpin structure and a processing site within the sRNA is highlighted by an arrow.
doi:10.1371/journal.pone.0165694.g001
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an R. sphaeroides strain with impaired RNase E activity. The endogenous rne gene (RSP_2131)
was replaced by the rne gene from E. coli N3431 (46% blastp identity) [19, 20], which produces
a temperature-sensitive RNase E due to a point mutation. As seen in Fig 2B processing of
UpsM in strain R. spharoides rneE.c.ts is already impaired at 32°C or 37°C, indicating that the E.
coli enzyme is less active than the endogenous enzyme of R. sphaeroides. When cells are shifted
to 42°C no UpsM processing occurs in the R. sphaeroides strain expressing the temperature-
sensitive RNase E variant. When methylene blue was added to the cultures in the light growing
at 32°C accumulation of the 130 nt UpsM fragment was only weak in the rnemutant strain,
while a strong accumulation was observed in the wild type. As shown previously a lack of Hfq
also abolished UpsM processing (Fig 2B) [6].
Deletion of the endonuclease RNase III or the 3’ to 5’ exonuclease RNase J does not lead to
an altered processing (S3A Fig), showing that those nucleases are not involved. These results
demonstrate that processing of UpsM is catalyzed by RNase E. This raises the question, why
RNase E dependent processing occurs only under certain growth conditions. It is highly
unlikely that all conditions leading to UpsM processing go along with increased RNase E levels,
increased RNase E activity or structural changes in UpsM that promote cleavage by RNase E. It
is known that sRNAs are often processed together with their target mRNA [15–18]. The Hfq
protein can favor sRNA-mRNA interaction and the subsequent processing [15, 21]. Thus, it is
conceivable that induction of the UpsM target(s) is responsible for appearance of the 130 nt
processing product under the given conditions. To date (the) target mRNA(s) of UpsM are not
identified. To better define the conditions, which promote UpsM processing, we tested the
effect of further stress factors and growth conditions on the UpsM pattern (S3B and S3C Fig).
Neither SDS, nor ethanol, hydrogen peroxide, tBOOHnor superoxide induced processing of
the UpsM transcript (S3B Fig). High NaCl concentrations induced slight processing, while
CdCl2 had a similar effect on processing as
1O2. Heat shock resulted in very fast UpsM process-
ing (S3C Fig). The processing product was also clearly visible in RNA isolated from stationary
phase cultures.
In R. sphaeroides the alternative sigma factors RpoHI and RpoHII stimulate many genes in
response to stress conditions including 1O2, CdCl2, heat and stationary phase [22–26]. North-
ern blots revealed that normal UpsM processing in presence of 1O2 occurs in mutants either
lacking RpoHI or RpoHII. However, a mutant lacking both sigma factors fails to process UpsM
even under 1O2 stress (Fig 2B). We conclude that interaction with a target RNA very likely
Fig 2. Northern blot analysis reveals Hfq and target mRNA dependent processing of UpsM by RNase E. (A) Detection of UpsM (206 nt) and the
UpsM processing product (130 nt) by Northern blot analysis of TEX treated and untreated total RNA isolated from R. sphaeroides after 90 min 1O2 stress.
(B) Left: Comparison of the UpsM processing pattern via Northern blot analysis of total RNA isolated from R. sphaeroides 2.4.1 (WT) to RNA isolated from a
mutant strain expressing a thermosensitive RNase E variant from E. coli (rneE.c.ts) after growth at 32, 37 or 42˚C for 30 min or during 1O2 stress. Right:
Comparison of the processing pattern via Northern blot analysis to strains lacking Hfq, RpoHI, RpoHII or RpoHI and RpoHII after 0 and 60 or 0 and 90 min
of 1O2 stress. Signals of 5S rRNA serve as loading control.
doi:10.1371/journal.pone.0165694.g002
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promotes UpsM cleavage by RNase E, whereas the target RNA is transcribed from a promoter,
which is recognized by RpoHI as well as by RpoHII. It is known that the regulons of these two
sigma factors indeed overlap [23]. No genes for known RNases are part of the RpoHI/RpoHII
regulon [23, 24, 27] and UpsM heterologously expressed in E. coli does not show any induced
processing even under stress conditions (data not shown) supporting the assumption of target-
dependent processing.
The Dcw Gene Cluster Features a Long 5’ UTR
We performed reporter assays, 5’ RACE (rapid amplification of cDNA ends) and RT-PCRs to
address the question whethermraZ transcription is exclusively dependent on the UpsM pro-
moter and whether the UpsM terminator allows read-throughs in order to guarantee transcrip-
tion ofmraZ. Conversely, this means that no additional promoter is localised between the
UpsM promoter andmraZ.
To test this we performed β-galactosidase activity assays by using reporter plasmids with
mraZ::lacZ translational fusion andmraZ upstream regions of varying length in R. sphaeroides
(Fig 3A). Strong activity of 130 Miller units was observedwith plasmid pPHUmraZUpsM con-
taining the UpsM promoter. However, all shortened upstream regions ofmraZ (188 nt or 67
nt) led to β-galactosidase activities similar to that observed for the empty vector control
(pPHU235) proving the absence of any additional promoter closer tomraZ.
To further support this assumption we conducted a 5’ RACE to determine 5’ ends ofmraZ
mRNAs, whereby cDNA synthesis was enabled by a primer (pUpsM_mraZ_B) binding within
the coding region of themraZ gene. Further amplification of cDNA was done with a primer
located upstream (pUpsM_B). The resulting PCR products are visible as one clear band on a
gel and show the migration behaviour of fragments with 194 bp length which corresponds to
the 5’end of UpsM (Fig 3B). The amplified DNA fragments were also subcloned into the
pDrive vector without any further purification to determine the 5’ ends precisely. The 5’ end of
UpsM was found in five of ten sequences, whereas the other 5’ ends were distributed randomly
probably due to technical reasons (Fig 3B). This experiment confirms, 1) thatmraZ transcrip-
tion depends on the promoter of UpsM, 2) the terminator of UpsM allows read-throughs lead-
ing to dcw transcription and 3) the 5’ UTR ofmraZ respectively dcwmRNAs is not processed
like UpsM, since we used RNA from cells after 90 min 1O2 stress and did not detect the 5’ end
of UpsM (130nt).
Furthermore we demonstrated read-throughs at the UpsM terminator and estimated the
frequency of such events by RT-PCRs and an unconventional qRT-PCR approach with DNA
free RNA from unstressed exponentially grown cultures. The two primer pairs pUpsM_A/B
and pmraZ_A/B specifically amplify an UpsM ormraZ segment respectively (155 bp and 153
bp), whereas primer pair pUpsM_mraZ_A/B amplifies a segment (143 bp) spanning from
UpsM tomraZ and therefore detects the read-through. RT-PCR products for all primer pairs
are clearly visible on a gel, whereas none of those fragments emerge in control samples without
prior reverse transcription (Fig 3C). For a rough estimate of the read-through frequencywe
compared amplification cycles or rather Cq values in qRT-PCR between all primer pairs in the
same RNA samples instead of between different RNA samples with the very same primer pair.
Since product sizes are very similar the fluorescent dye will intercalate comparably into de novo
DNA. The mRNA level of the segment representing the read-through seems to have the lowest
abundance. However, this is probably due to a terminator mediated bias and the smaller prod-
uct size. In Fig 3C the relative transcript levels calculated in comparison to 16S rRNA levels are
shown in relation to the transcript level detected by primer pair pUpsM_mraZ. Approximately
700 and 7 times higher RNA levels corresponding to UpsM andmraZ respectively were
The Dcw Gene Cluster of R. sphaeroides Features an Extended 5’ Leader
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detected. As demonstratedmraZ transcripts have long 5’ UTRs and contain the UpsM locus.
Therefore part of the DNA amplified by the primer pair pUpsM originates from full-length
transcripts also encodingmraZ. In other words,mraZ transcripts are amplified not only by the
primer pair pmraZ but also by pUpsM primers. By taking this into consideration we estimate
that one read-through event or rathermraZ transcription takes place about once in 100 tran-
scription events under the given experimental conditions.
We were able to show convincingly thatmraZ has a long 5’ UTR under transcriptional con-
trol of the UpsM promoter. In addition the 5’ UTR contains a start codon upstream and a stop
codon in frame downstream of the terminator of UpsM and therefore might encode a leader
peptide here designated as sORF (small open reading frame). To test translation initiating at
this start codon we performed β-galactosidase activity assays of a reporter plasmid with an
Fig 3. Transcription of mraZ is enabled by the UpsM promotor. (A) β-galactosidase activity assays of R. sphaeroides 2.4.1 with
reporter plasmids with mraZ::lacZ translational fusion and mraZ upstream regions of varying length (long upstream region including the
promotor of UpsM, 188 and 67 upstream nucleotides). pPHU235 represents the empty vector control. For each strain, three independent
biological experiments with technical duplicates were performed. Error bars indicate standard deviations and an asterisk a significance
level of P<0.01 compared to pPHU235. (B) 5’ RACE with RNA from R. sphaeroides 2.4.1 after 90 min of 1O2 stress. cDNA was generated
with the primer depicted as black arrow, whereas cDNAs were amplified by the primer shown as grey arrow. The PCR product was
visualized on a gel (10% PAA/TBE) by ethidium bromide staining. 5’ ends (dashed lines) identified by subcloning and sequencing and their
corresponding frequencies are highlighted. (C) qRT-PCR products of primer pairs pUpsM, pmraZ (155 bp and 153 bp, both specific for the
corresponding mRNA segments) and pUpsM_mraZ (143 bp, spanning from UpsM to mraZ) visualized on a gel (10% PAA/TBE) by
ethidium bromide staining. Samples without initial RT step were loaded as control. On the right relative transcript levels are shown in
relation to the product quantity of primer pair pUpsM_mraZ. qRT-PCRs were performed in technical duplicates with RNA from three
biological independent and unstressed R. sphaeroides 2.4.1 cultures. Error bars indicate standard deviations. (D) β-galactosidase activity
assays of R. sphaeroides 2.4.1 conjugated with a reporter plasmid with translational lacZ fusion to the start codon (ATG) within the UpsM
gene in comparison to the promoter-less empty vector control (pPHU235) and a control plasmid (pPHU4352) containing a strong 16S
rRNA promoter. For each strain, three independent biological experiments with technical duplicates were performed. Error bars indicate
standard deviations and an asterisk a significance level of P<0.01 compared to both controls.
doi:10.1371/journal.pone.0165694.g003
The Dcw Gene Cluster of R. sphaeroides Features an Extended 5’ Leader
PLOS ONE | DOI:10.1371/journal.pone.0165694 November 1, 2016 6 / 18
66
sORF::lacZ translational fusion containing the upstream region including PUpsM in R. sphaer-
oides. The sORF::lacZ fusion on plasmid pPHUORF resulted in low but significant higher β-
galactosidase activities of approximately 18 Miller units in comparison to the promoter-less
empty vector control pPHU235 and control plasmid pPHU4352 containing a strong 16S
rRNA promoter (Fig 3D). This indicates translation of the ORF, but final proof by a direct
detection of the hypothetical peptide is missing.
The 5’ UTR of the Dcw Gene Cluster in Rhodobacteraceae Differs from
Other Bacteria
The upstream region of themraZ gene was compared to that of other species.Using public avail-
able deep sequencing data obtained from the NCBI SRA database [28], we annotated TSS (tran-
scription start sites) within 300 nt upstream of the gene locus. Reads were mapped to the
respective genomes using segemehl [29] with default parameters after quality trimming using
Trimmomatic [30] at a quality threshold of 25 in a sliding window of size 3. Only reads of size
>14 nt were considered. See S4 Fig for details. Rho-independentTerminators in the 5’-region
were predicted using TransTermHP [31]. The highest scoring hit was assumed to be the termina-
tor whenever its MFE (minimum free energy)was below -10 kcal/mol according to RNAfold [32].
A summary is shown in Fig 4. Rhodobacteraceae consistently show a long 5’ UTR with a
strong terminator and no additional TSS close tomraZ in a particularly strikingmanner. In
Fig 4. Comprehensive view of mraZ upstream regions in different species. Terminator predictions are indicated in red. Respective energies
are given in kcal/mol. Regions between Start and Stop codons in frame are shown as grey bars. Transcription start sites are derived from public
available deep sequencing data (see S4 Fig for details). The phylogenetic tree was build using clustalx [58] (NJ, 10000 bootstraps) based on a
clustalOmega [59] alignment of the respective mraZ coding regions. Bootstrap support values are indicated. Seemingly the long mraZ 5’ UTR with
an intrinsic terminator is special to the family of Rhodobacteraceae.
doi:10.1371/journal.pone.0165694.g004
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contrast, other species apart from Rhodobacteraceae typically have an exclusive TSS closer to
mraZ resulting in 5’ URTs of 70 nt, including the closely related Alphaproteobacterium Cau-
lobacter crescentus. Moreover upstream terminators are not found at all or are predicted to be
rather weak in those species. A notable exception is Sinorhizobium meliloti by exhibiting 5’
UTRmediocre in length (170 nt) whereby the TSS is located within a predicted terminator site.
However, whether this upstream TSS contributes to themraZ expression as shown for R.
sphaeroides remains speculative but has never been reported. Taken together our data suggests
that a longmraZ 5’ UTR with intrinsic terminator generating an sRNA combined with no sep-
arate TSS formraZ is an exclusive feature of the family of Rhodobacteraceae.
Predicted Secondary Structure and Folding Landscape of UpsM
The secondary structure prediction of UpsM was evaluated in silico using RNAfold [32]. It con-
sists of four structured regions (R1-4). R1 is located at the 5’ end. It consists of several short
hairpins isolated from the remaining RNA by a ~11 nt long stem followed by an unpaired
region of 10 nt. R2 is a long hairpin with a small bulge, R3 a short hairpin with a stem of only 4
nt. R4 is located at the 3’ end of the molecule and corresponds to the predicted, strong termina-
tor structure (Fig 5A).
The secondary structure elements R2/3 and R4 show similarities to typical riboswitches
(R2/3 aptamer region, R4 terminator) [33]. Hence we constrained the fold such that the termi-
nator would not form. Strikingly, the refolding event leads to an interaction of R2 and R4
owing a loss of ~20% energy (15.9 kcal/mol) (Fig 5B). Based on this analysis, the dcw 5’ UTR
has the potential to represent a riboswitch.
To verify our assumption, we aligned the 5’-UTR regions of all Rhodobacteraceae in our
dataset (cropped at the predicted terminator) using mlocarna [34] which respects sequence
Fig 5. Structural analysis of UpsM. Analogous structured regions are indicated as R1-R4. RNAfold structure of UpsM in R. sphaeroides with and without
constraint terminator (R4).
doi:10.1371/journal.pone.0165694.g005
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and secondary structure at the same time. The alignment was folded using RNAalifold from
the Vienna RNA 2.0 package [32] with no constraints and, analogously to above, constraint
such that the terminator would not be allowed to form. S5A Fig shows the resulting structures
with conservation. S5B Fig indicates the underlying alignment with secondary structure
indications.
The consensus structure implies that R1 is hardly conserved.Moreover, the predicted tran-
scription start site is further downstream in other species, leading to shorter transcripts (e.g. 19
nt of R1 are missing inD. shibae). We thus assume that R1 is relevant for the function of
UpsM. Other than that, the consensus structure well resembles the UpsM structure, indicating
that R2-4 are conserved among Rhodobacteraceae. Constraint folding however does not induce
an interaction of R2 and R4 in this case. Hence, the putative riboswitch function is seemingly
not conserved in Rhodobacteraceae but, if so, an evolutionary trait special to R. sphaeroides.
The folding landscape of UpsM was predicted using RNAsubopt, RNAfold and barriers
from the Vienna RNA 2.0 package [32] as well as treekin [35]. A summary is shown in S6 Fig.
The four most probable structures of UpsM mainly differ in the terminator hairpin (R4, states
1, 4 and 12) while one variant slightly differs in R1. States 1 and 4 represent the most pro-
nounced folding minima with the highest probability (S6A and S6B Fig). Potential interactions
between the structured regions are not observed.These findings indicate a rather stable struc-
ture that requires an additional partner (e.g RNA, protein or ligand) for substantial refold.
Discussion
In this study we further characterize the sRNA UpsM (previously RSs0682) and demonstrate
that it is derived from the 5´ UTR of the mRNA formraZ, the first gene of the dcw gene cluster.
Overexpression of UpsM leads to a mild growth defect and to a change in the global gene
expression pattern as well under aerobic conditions as under photooxidative stress conditions,
proving that UpsM is also functional in trans. Further experiments need to clarify whether
altered mRNA levels are due to direct base pairing or rather to binding of high amounts of
Hfq. Analysis of a dRNA-seq dataset of high coverage and Northern blot analysis of TEX
treated RNA from 1O2 stressed cultures confirmed a processing step from UpsM (206nt) to
UpsM (130nt). The UpsM processing pattern under different stress conditions and in various
mutant strains showed that processing requires the RNA chaperon Hfq, the endoribonuclease
RNase E and the alternative sigma factors RpoHI/II. mRNAs being part of the RpoHI/II con-
trolled stress regulon are induced similar to the processing of UpsM upon 1O2 stress [6, 12, 23],
heat stress [24] and in stationary phase (unpublished). Therefore we assume that UpsM is
bound and stabilized by Hfq prior to target recognition.However, under stress conditions a
target mRNA is expressed which may form a duplex with UpsM mediated by Hfq. In the
course of base pairing the structure of UpsM might be altered and becomes susceptible to
RNase E cleavage. A similar mechanism was first described for the Hfq dependent sRNA
RyhB, which is degraded in an RNase E dependent manner upon binding to the target mRNA
sodB in E. coli [15]. Moreover, an interaction of Hfq with the scaffolding domain of RNase E
for the purpose of a recruitment of RNase E to sRNA-mRNA hybrids has been discussed [36]
and might also be true for R. sphaeroides.
The dRNA-seq data of high coverage based on exponentially growing R. sphaeroides cul-
tures, did not show a TSS exclusive formraZ, despite the fact thatmraZ represents the first
gene of the dcw gene cluster. Therefore and based on dRNA-seq data we hypothesized that
transcription ofmraZ depends on the UpsM promoter, which implicates that the terminator of
UpsM allows read-throughs in order to guarantee transcription ofmraZ with a long 5’ UTR of
268 nt in length.We were able to proof this assumption by 5’ RACE and reporter assays with
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different fragments of themraZ 5´ UTR and estimated the read-through at the UpsM termina-
tor to takes place once in 100 transcription events under our experimental conditions. This
might ensure sufficient proximal dcw gene transcription, since UpsM is the most frequently
transcribed sRNA in R. sphaeroides [6]. Taken together our data demonstrates thatmraZ or
polycistronic dcw gene mRNAs of R. sphaeroides feature long 5’ UTRs, with the consequence
that UpsM has to be reckoned as a 5’ UTR derived sRNA rather than an orphan sRNA derived
from an IGR as previously assumed [6].
In recent years transcriptome wide identification of sRNAs revealed that apart from inter-
genic regions especially 3’ UTRs serve as a reservoir for sRNAs being part in the Hfq network
[37, 38] and their functions in trans was reported [39–41]. In comparison, 5’ UTR- or ribos-
witch-derived sRNAs have been describedonly occasionally and in general without clear func-
tional assignment in trans. A handful of putative sRNAs resulting from processed 5’ UTRs are
mentioned in a transcriptome study of Yersinia pseudotuberculosis [42]. For E. coli prematurely
terminated transcripts from 5’ leader sequences of ybjM, ynaE, ydfK,mdtJ, typA, yhiI, and
dinQ were detected [43], among which ynaE, ydfK and ybjM 5’ leader fragments co-immu-
noprecipitate with Hfq [44]. In the same study an sRNA corresponding to a 5’ UTR segment of
the adhEmRNA was identified, possibly generated by RNase III [44]. A cloning based screen
for ncRNAs in E. coli led to the discovery of a few 5’ UTR derived RNA fragments, which corre-
spond to riboswitches or to be precise L-box, THI box and RFN box elements known to be
required for the regulation of mRNA or protein synthesis by attenuation or RBS accessibility
[45]. However, neither an association to Hfq nor any other proof for a function of those RNA
fragments in trans was provided in this study. Recently 14 sRNAs which also might serve as 5’
UTRs were predicted in Vibrio cholera, but only for Vcr043 an Hfq dependent stability was
shown indicating a function in trans [46]. To our knowledge and surprisingly only once dual
function 5’ UTRs were described so far, which act as riboswitch and generate sRNAs in the
course of attenuation with regulatory function in trans. This was described for SreA and SreB,
two S-adenosylmethionine (SAM) riboswitches in Listeria monocytogenes. SreA and SreB are
transcribed together with downstream genes encoding proteins involved in methionine and
cysteine transport or metabolism.Upon binding of the ligand SAM transcription is attenuated
causing expression of SreA and SreB as short transcripts, which control expression of the viru-
lence regulator PrfA precisely as sRNAs by binding to the 5‘ region of its mRNA [47]. The
authors assumed SreA/SreB to be just the first example of a novel distinct class of riboswitch
derived sRNAs, without expecting that no further example was reported over the past seven
years. In this study we were able to describe a similar example, since UpsM can be transcribed
with the downstream gene, but is also generated as stable sRNA by an intrinsic terminator in
the 5’ leader. However, we were only able to provide evidence for a function of UpsM in trans
by strong Hfq dependency and target dependent cleavage of the sRNA, whereas we cannot
present any experimental evidence for a riboswitch at the intrinsic terminator in the leader
sequence so far. Its prominent position in the 5’ UTR of the dcw gene cluster and combined
with the potential breakup the terminator structure R4 due to an interaction with R2, however,
makes UpsM a reasonable candidate for a riboswitch. Regulatory features and a potential func-
tion as riboswitch will be subject to future investigation.
The regulatory features of themraZ/dcw 5’ UTRmight be even more complex, since we
have indications for weak translational activity at an sORF overlapping with the terminator of
UpsM. Cis-regulatory elements as such sORFs sometimes also termed leader peptides or
uORFs (upstream open reading frame) in eukaryotes are often involved in transcriptional or
translation attenuation [48, 49]. However, this sORF is only present in R. sphaeroides species
and presence of the resulting peptide is not unequivocally proven.
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ThemraZ/dcw 5’ UTR or rather UpsM may represent not only the second example for a
class of riboswitch derived sRNAs, but also is the first extended 5’ UTR described for the dcw
gene cluster, despite outstanding conservation among rod shaped and gram negative bacteria
[1–3]. In E. coli the first promoter (mraZ1p) of the gene cluster (16 genes in total) gives rise to
polycistronic transcripts containing a short 38nt long 5’ UTR followed by the first genemraZ
[4, 7]. However, in this study we have been able to describe a much longer 5’ UTR of 268 nt in
length featuring trans-regulatory and potential cis-regulatory elements (summarized in S7 Fig).
Therefore we were interested whether we would find similar 5’ leaders in the same genetic con-
text of other bacteria.Our results suggest that long 5’UTRs with intrinsic terminators are exclu-
sively present in members of Rhodobacteraceae.
Material and Methods
Bacterial Strains and Growth Conditions
Bacterial strains used in this study are listed in S2 Table. Details on their construction are given
in S1 File. R. sphaeroides strains were cultivated at 32°C in malate minimal-salt medium [50]. To
grow the cells aerobically, cultures were either gassed with air inMeplat bottles to attain a con-
centration of 160 to 180 μM of dissolved oxygen or by continuous shaking of Erlenmeyer flasks
containing 20% culture by volume at 140 rpm. For microaerobic growth conditions, having a dis-
solved oxygen concentration of about 25 μM, Erlenmeyer flasks containing 80% culture by vol-
ume were shaken at 140 rpm. For anaerobic growth in the dark in the presence of 60 mMDMSO
as electron acceptor we used completely filled screw-capMeplat bottles, completely filled and
sealedwith Parafilm.When necessary tetracycline (2 μg ml-1), kanamycin (25 μg ml-1) or specti-
nomycin (10 μg ml-1) was added to liquid and solid growthmedia (1.6% agar). Photooxidative
stress conditions were generated as described earlier [51], except the final concentration of meth-
ylene blue (0.2 μM) (Sigma-Aldrich;M9140). Other stress conditions were generated by a final
concentration of 250 mMNaCl, 10 μMCdCl2, 0.005% SDS, 2.5% ethanol, 300 μM tBOOH, 1
mMH2O2 and 250 μM paraquat (O2
-) or by temperature shift to 42°C. To culture E. coli strains,
cells were continuously shaken at 180 rpm in Luria–Bertanimedium at 37°C or grown on solid
growthmedia containing 1.6% (w/v) agar. When necessary kanamycin (25 μg ml-1) or tetracy-
cline (20 μg ml-1), ampicillin (200 μg ml-1) or spectinomycin (10 μg ml-1) was added to the
media.
Northern Blot Analysis
Northern blots were performed as described earlier [6]. Oligodeoxynucleotidesused for end-
labeling with [γ-32P]-ATP (Hartmann Analytic; SRP-301) by T4 polynucleotide kinase (Fer-
mentas; #EK0031) are listed in S3 Table. A low stringencyChurch buffer was used for hybrid-
ization [52]. Membranes were washed in 5x SCC buffer + 0.1% SDS. After exposure on
phosphoimaging screens (Bio-Rad), images were analyzed by the 1D-Quantity One software
(Bio-Rad).
Isolation of Total RNA
Total RNA used for Northern blot, 5’ RACE and real time RT-PCR was isolated by the hot phe-
nol method [53]. To remove remaining traces of DNA, samples were treated with 6 U of DNa-
seI (Invitrogen; #18047019) per 1 μg of RNA. Absence of DNA contamination was confirmed
by PCR with primers targeting gloB (RSP_0799) (S3 Table).
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5’ RACE
To determine 5’ mRNA ends ofmraZ using 5’ rapid amplification of cDNA ends (RACE), 3 μg
of DNA free total RNA isolated from wild type cells after 90 minutes of 1O2 stress were reverse
transcribed into cDNA by using avian myeloblastosis virus reverse transcriptase (Promega)
and gene-specific primer pUpsM_mraZ_B (S3 Table). A second amplification was done with
primer pUpsM_B (S3 Table). The 50RACE protocol was performed as describedpreviously
[24].
qRT-PCR
The One-Step Brilliant III QRT-PCR Master Mix Kit (Agilent) was used for reverse transcrip-
tion and following PCR as described in the manufacturer’s manual but in 10 μl volumes con-
taining 2 μl DNA free RNA in the concentration 0.2 ng/μl. Runs in independent biological
triplicates with technical duplicates were done by the use of a Bio-Rad CFX96 Real Time Sys-
tem. Cq values at the auto calculated RFU were extracted with the corresponding software Bio-
Rad CFXManager. mRNA levels were calculated in relation to the mRNA levels of 16S rRNA
similar to Pfaffl [54], but with fixed primer efficiencies of 2.0 and a fixed denominator of 1.0,
since Cq values of different primer pairs were compared and the very same RNA sample was
used. Therefore the resulting formula is: Ratio = 2ΔCq(16S –A), whereas A is Cq of primer pair
pUpsM, pUpsM_marZ or pmraZ. Primers are listed in S3 Table.
β-Galactosidase Activity Assay
β-galactosidase activity was measured in conjugants obtained after transferring the respective
reporter plasmids via di-parental conjugation from E. coli to R. sphaeroides. Three independent
liquid cultures, inoculatedwith equal numbers of colonies, were grownmicroaerobically and
diluted to OD660 0.2, before reaching stationary phase. Three samples of 1 ml were collected in
early exponential growth phase (OD660 0.4). Measurements of β-galactosidase activity were
carried out as describedpreviously [22].
RNA Treatment, Library Preparation and Sequencing
DNA free total RNA isolated from exponential and microaerobic cultures were treated with
TEX (Epicentre #TER51020) to enrich primary transcripts [55]. For R. sphaeroides RNA Illu-
mina cDNA libraries were prepared by vertis BiotechnologyAG, Germany (http://www.vertis-
biotech.com/) as described before without prior RNA fragmentation or size fractionation [50].
Illumina cDNA libraries resulting from TEX treated R. capsulatus RNA were generated as
describedbefore without prior rRNA depletion [42]. cDNA libraries were sequenced on a
HiSeq 2000 or HiSeq 2500 machine in single-readmode running 100 cycles. Raw files for R.
sphaeroides have been deposited in the National Center for Biotechnology Information Gene
Expression Omnibus (GEO) [56] and are accessible via the GEO accession GSE71844. Raw
files for R. capsulatus are accessible via BioProject Accession PRJNA343088.
Microarray Analysis
Microarray analysis was performed as described before [26, 57]. Total RNA, obtained from 6
independent cultures per strain later hybridized with a duplicate of arrays was chemically
labeled with Cy3 and Cy5 (Kreatech; EA-022/EA-023), respectively. Multiarray analysis was
performedwith the Bio-conductor package Limma for R. On the basis of calculatedMA plots,
genes were considered reliable if the average signal intensity [A-value: 1/2 log2 (Cy3×Cy5)]
was 12. To filter out potentially insignificant changes among genes that passed the reliability
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criterion, a cutoff value was applied; i.e., those genes were retained whose average expression
value of the overexpression strain (a) compared with the average value of the control treatment
(b) was either a log2 fold change of 0.65 or -0.65. Microarray data are deposited in the
Gene Expression Omnibus (GSE87789).
Supporting Information
S1 Fig. Nucleotide sequence of themraZ 5’ UTR. Sequence of UpsM is shaded in grey. The
corresponding terminator is underlined. The hypothetical sORF coding region starting with
ATG and themraZ coding region starting with GTG are depicted by bold letters.
(TIF)
S2 Fig. (A) Altered UpsM transcript level shown by Northern blot analysis of total RNA of the
overexpression strain R. sphaeroides 2.4.1 pBBRUpsMx2 after 60 min 1O2 stress in comparison
to the wild-type strain harboring the empty vector (pBBR1MCS2). Signals of 5S rRNA serve as
loading control. (B) Aerobic, microaerobic and anerobic growth of the overexpression strain R.
sphaeroides 2.4.1 pBBRUpsMx2 in comparison to the wild-type strain harboring the empty
vector (pBBR1MCS2). The optical density at 660 nm (OD660) was determined over time, and
growth is indicated as continuous line. All graphs represent the mean of three biological inde-
pendent experiments. Error bars indicate the standard deviation at each time point measured.
(TIF)
S3 Fig. Processing pattern of UpsM under various ongoing stress conditions and in strains
lacking RNases shown by Northern blot analysis of total RNA isolated from R. sphaeroides.
(A) Processing pattern of UpsM in strains lacking RNase III (Δrnc) or RNase J (Δrnj). Signals
of 5S rRNA serve as loading control. (B) Stress conditions were generated by a final concentra-
tions of 0.005% SDS, 2.5% ethanol, 300 μM tBOOH, 1mMH2O2 and 250 μM paraquat (O2
-).
(C) Stress conditions were generated by a final concentrations of 0.2 μMmethylene blue in the
presence of 800Wm -2 white light (1O2), 250 mMNaCl and 10 μM CdCl2 or by stationary
phase or growth under heat stress at 42°C.
(TIF)
S4 Fig. Genomic regions upstream ofmraZ in other species.Underlying deep sequencing
data was used to predict transcriptional start sites. Layout resembles Fig 4. Genome IDs are
indicated at the y-axis. Sources are indicated at the right.
(TIF)
S5 Fig. Structural analysis of UpsM. Analogous structured regions are indicated as R1-R4.
(A) RNAfold structure of UpsM in R. sphaeroides with and without constraint terminator (R4)
and consensus structure of aligned sequences for all Rhodobacteraceae without constraint ter-
minator (R4). (B) RNAalifold alignment with structural annotation and indicated terminator
constraint (x = bases forced to be unpaired). An interaction of R2 and R4 occurs when applying
terminator constraints. This is however not resembled by the consensus structure.
(TIF)
S6 Fig. Folding state analysis of UpsM. (a) Barrier tree of all suboptimal structures of the
unprocessed sRNA. Four main species with favorable energies were identified (1, 4, 8, 12). (B)
Population density of these structures over time (no unit). (C) Structural representations of the
four most favorable states.
(TIF)
The Dcw Gene Cluster of R. sphaeroides Features an Extended 5’ Leader
PLOS ONE | DOI:10.1371/journal.pone.0165694 November 1, 2016 13 / 18
73
S7 Fig. Model summarizing the results of this publication.The 268 nt long 5’ UTR ofmraZ,
first gene of the dcw (division and cell wall) gene cluster, comprises a Rho independent termi-
nator, which in case of termination gives rise to the 206 nt long non-coding RNA UpsM
(upstream sRNA mraZ). Under stress conditions this sRNA is conditionally cleaved by RNase
E in an Hfq- and likely in a target mRNA-dependent manner, whereas the corresponding tar-
get mRNA is controlled by an RpHI/II dependent promotor.
(TIF)
S1 File. Strain construction.
(PDF)
S1 Table. Gene expression of an UpsM overexpression strainR. sphaeroides 2.4.1
pBBRUpsMx2 was analysed in comparison to the strainR. sphaeroides 2.4.1 pBBR1MCS2
harbouring the empty vector to get first insights into the biological function of UpsM. The
transcriptome of both strains was compared by microarray analysis during exponential growth
under aerobic and non-stress conditions and after 90 min of 1O2 stress. For both conditions a
biological duplicate of arrays was hybridized with RNA from three biological independent cul-
tures per strain. A Pearson correlation coefficient between the replica of 0.97 and 0.95 was cal-
culated. Changes in expression levels of protein-coding genes passing the selection criteria of
microarray analysis, which is a reliable A-value  12 and a log2 fold change of> 0.65 or<
-0.65 between the two strains, are shown.
(DOCX)
S2 Table. Strains and plasmids used in this study
(DOCX)
S3 Table. Oligonucleotidesused in this study.
(DOCX)
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We analyzed processing and degradation of 6S-1 and 6S-2 RNA in Bacillus subtilis. Northern blot 
and RNA-Seq analyses using different RNase knockout strains revealed processing of precursor 
6S-1 RNA (pre-6S-1 RNA) at the 5’- and 3’-end by RNases J1 and PH, respectively. 6S-1 RNA 
turnover proceeds primarily via the RNase Y-dependent pathway. Degradation is initiated by 
RNase J1-catalyzed removal of the single-stranded 5'-precursor segment to generate a 
monophosphorylated 5’-end, a preferred substrate for RNase Y. RNase Y then cleaves 
endonucleolytically in the apical loop region of 6S-1 RNA to produce 5'- and 3'-fragments of similar 
length that accumulate during stationary phase and which are degraded during outgrowth with 
participation of one or more of the four known 3'-exonucleases of B. subtilis. Processing of pre-
6S-1 RNA is not required for product RNA (pRNA) synthesis on 6S-1 RNA as template, a 
mechanism which leads to the structural rearrangement of 6S-1 RNA and dissociation of 
6S-1 RNA:RNA polymerase (RNAP) complexes. We infer that 5’-maturation of 6S-1 RNA via 
RNase J1 is not essential for the function of 6S-1 RNA, but prepares the RNA for degradation by 
facilitating its cleavage by RNase Y. 6S-1 RNA-derived pRNAs (~14 nt in length) are degraded 
by 3’- to 5’-exoribonucleases. The major 6S-2 RNA degradation pathway also involves RNase J1, 
Y and PH.  We found that RNase Y cleaves 6S-2 RNA ~60 nt from the 5’-end and RNase J1 
degrades the downstream fragment via its 5’-to-3’-exoribonuclease activity. In the absence of 
RNase J1, RNase Y cleaves more upstream (nt 44-50) in the 5'-central bulge, suggesting that 






Bacterial 6S RNAs are non-coding RNAs (ncRNAs) with a size of about 200 nucleotides that 
interact with housekeeping RNA polymerase (RNAPs) holoenzymes to globally regulate 
transcription (Willkomm and Hartmann 2005; Steuten et al. 2014). Interestingly, and unlike most 
other bacteria, the B. subtilis genome harbors two 6S RNA homologs, termed 6S-1 (gene bsrA) 
and 6S-2 (gene bsrB) RNA (Ando et al. 2002; Suzuma et al. 2002; Trotochaud and Wassarman 
2005; Beckmann et al. 2011). 6S-1 RNA, considered to be the canonical 6S RNA, reaches highest 
cellular levels from late exponential to stationary phase, where its levels exceed those of 6S-2 
RNA at least fourfold (Hoch et al. 2015). During extended stationary phase degradation fragments 
of 6S-1 RNA accumulate (Beckmann et al. 2011), whose nature has been analyzed in the present 
study. The levels of B. subtilis 6S-2 RNA were reported to peak between early and mid-
exponential phase (Ando et al. 2002; Barrick et al. 2005; Beckmann et al. 2011), in line with 
threefold higher 6S-2 versus 6S-1 RNA levels during exponential growth phase (Hoch et al. 2015). 
However, other studies reported the levels of 6S-2 RNA to remain quite constant throughout 
growth (Trotochaud and Wassarman 2005; Cavanagh et al. 2012) and to be at least twofold lower 
than those of 6S-1 RNA at all growth stages (Barrick et al. 2005), which may suggest that 6S-2 
RNA expression is sensitive to strain background or nutrient composition. For Escherichia coli 6S 
RNA, expression levels were estimated to reach up to 10,000 molecules per cell during stationary 
phase (Wassarman and Storz 2000). Thus, E. coli 6S RNA appears to be in excess over the 
RNAP core enzyme (1000 - 3000 copies per cell) and σ70 (700 copies per cell; (Jishage and 
Ishihama 1995), which is in line with the experimentally determined association of up to 75% of 
σ70-RNAP with 6S RNA during stationary phase (Wassarman and Storz 2000). The function of 
canonical 6S RNAs is to reprogram transcription toward stationary pase to cope with nutrient 
deprivation (Trotochaud and Wassarman 2004; Steuten et al. 2014) and to keep RNAP in a state 
where the enzyme can be instantly released from sequestration upon nutrient resupply through 
the synthesis of short transcripts on 6S RNA as template (see below). The function of the second 
6S-2 RNA in B. subtilis and related bacteria is not fully clear yet. Both 6S RNAs seem to have 
partly overlapping functions, as a double knockout of 6S-1/2 RNAs in the B. subtilis PY79 
background had a more severe growth phenotype than the corresponding single knockouts and 
the two single knockouts affected the expression of a subset of identical proteins (Hoch et al. 
2015).  
 As a landmark feature of this ncRNA class, 6S RNAs adopt a rod-shaped structure 
composed of a large internal loop, termed central bulge (CB) region, which is flanked by two 
irregular helical stems (Barrick et al. 2005; Trotochaud and Wassarman 2005; Willkomm and 
Hartmann 2005). This architecture, and particularly the CB proposed to mimic an open DNA 
promoter, are recognized by bacterial housekeeping RNAP holoenzymes (Wassarman and Storz 
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2000; Trotochaud and Wassarman 2004; Gildehaus et al. 2007; Cavanagh et al. 2008). After 
binding to the active site of RNAP, 6S RNA itself serves as template for the transcription of short 
“product RNAs”, called pRNAs (Wassarman and Saecker 2006). In stationary B. subtilis cells 
when nutrients including NTPs are scarce, RNAP in complex with the housekeeping sigma factor 
A synthesizes short pRNAs (≤ 9 nt) on 6S-1 RNA as template in an idling cycle of abortive 
transcription (Beckmann et al. 2011; Beckmann et al. 2012). Such abortive transcripts are thought 
to dissociate from 6S-1 RNA before being able to persistently rearrange the 6S-1 RNA structure 
(Beckmann et al. 2012). However, upon nutrient resupply when bacteria enter a new exponential 
growth phase, the proportion of longer pRNA transcripts (~14 nt) increases which form a stable 
hybrid helix with the 6S-1 RNA template RNA and persistently rearrange its structure to induce 
RNAP dissociation (Beckmann et al. 2011; Beckmann et al. 2012). As a result, RNAP becomes 
availble again for transcription initiation at chromosomal DNA promoters and the released 6S-
1:pRNA complex becomes accessible to degradation (Beckmann et al. 2012).     
 In general, the functionality as well as the half-life of transcripts is dependent on RNA 
processing and decay. Surprisingly, RNA turnover differs in the well-studied model organisms E. 
coli and B. subtilis due to the involvement of different sets of RNases (Condon 2003; Lehnik-
Habrink et al. 2012). One global player in B. subtilis RNA degradation is RNase Y, an 
endonuclease connected to the cell membrane via a membrane anchor (Lehnik-Habrink et al. 
2011a; Lehnik-Habrink et al. 2011b). Acting as a functional counterpart of RNase E in E. coli, 
RNase Y initiates RNA degradation by cleavage of preferentially A/U-rich single-stranded regions 
(Shahbabian et al. 2009; Lehnik-Habrink et al. 2011b; Durand et al. 2012). Based on bacterial 
two-hybrid studies and in vivo crosslinking experiments it has been postulated that RNase Y binds 
to the exoribonucleases RNase J1 and PNPase as well as to the helicase CshA and to two 
glycolytic enzymes (enolase and phosphofructokinase) to form an RNA degradosome 
(Commichau et al. 2009; Lehnik-Habrink et al. 2010; Lehnik-Habrink et al. 2011a). Additionally, 
RNase J1 forms a heterotetramer with RNase J2, an inefficient 5’-exoribonuclease (Mathy et al. 
2010). RNase J1, the first known bacterial 5’-to-3’-exoribonuclease (Mathy et al. 2007), was 
proposed to be a dual function nuclease with endo- and exonucleolytic activity modes (Li de la 
Sierra-Gallay et al. 2008; Newman et al. 2011). For acting as a 5’-to-3’-exoribonuclease, the 
enzyme prefers single-stranded 5′-extremities with monophosphorylated ends generated by a 
preceding endonucleolytic cleavage (Deikus et al. 2008; Yao and Bechhofer 2010) or by a 
pyrophosphohydrolase reaction (Richards et al. 2011). In B. subtilis, three pathways of RNA 
transcript turnover are known so far: (i) the major RNase Y-dependent pathway, (ii) 5’-directed 
RNase J1-dependent degradation, and (iii) an alternative RNase J1-dependent pathway involving 
internal cleavage by RNase J1. The major pathway is initiated by endonucleolytic RNase Y 
cleavage, followed by degradation of the downstream product via the 5’-to-3’-exoribonucleolytic 
activity of RNase J1 (Yao and Bechhofer 2010; Durand et al. 2012; Lehnik-Habrink et al. 2012). 
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Upstream fragments are degraded by one or more of the four known 3’-exoribonucleases 
(PNPase, RNase R, RNase PH and YhaM) (Craven et al. 1992; Luttinger et al. 1996; Mitra et al. 
1996; Oussenko and Bechhofer 2000; Oussenko et al. 2002), of which polynucleotide 
phosphorylase (PNPase) is considered to be the major 3'-exonuclease (Deutscher and Reuven 
1991; Oussenko et al. 2005; Liu et al. 2014). Alternatively, the pyrophosphohydrolase RppH 
generates a 5'-monophosphorylated RNA substrate that is degraded in 5′-to-3′-direction by 
RNase J1 (Richards et al. 2011; Durand et al. 2012). Only few targets are known at which J1 
initiates degradation by endonucleolytic cleavage (Even et al. 2005; Deikus and Bechhofer 2009; 
Laalami et al. 2014). Upstream and downstream cleavage fragments are subsequently degraded 
in the same manner as described above for the major RNase Y-dependent pathway. 
 In this work we investigated the decay of B. subtilis 6S-1/2 RNAs and 6S-1 RNA-encoded 
pRNAs using a set of different strains with knockouts for RNase Y, RNases J1/J2, RppH, RNase 
III, RNase PH or all four known 3’-exonucleases (ΔRNase R, ΔPNPase, ΔRNase PH and 
ΔYhaM). We found RNases J1 and PH to be involved in 5’- and 3’-processing of 6S-1 RNA, 
respectively, whereas turnover of the RNA proceeds via the RNase Y-dependent pathway. We 
propose a model according to which 6S-1 RNA degradation is initiated by RNase J1-catalyzed  
5’-to-3’-exonucleolytic or endonucleolytic removal of the single-stranded 5’-precursor segment, 
leaving a 5'-monophosphate end as a preferred recognition element for RNase Y. RNase Y then 
cleaves in the apical loop, generating 5'- and 3'-half fragments that are present at relatively high 
steady-state levels during stationary phase and which are further degraded by 3’- and/or 5’-
exoribonucleases upon release from RNAP during a new exponential phase. In the case of 6S-2 
RNA, RNase Y catalyzes the initial cleavage some distance from the 5’-end and RNase J1 
degrades the downstream fragment in its 5’-3’-exoribonuclease mode.  
 
Materials and Methods 
 
Bacterial strains and cell culture 
All knockout strains used to search for functional roles in 6S RNA processing and decay (Table 
1) are derivatives of the Bacillus subtilis strain W168 and were provided by the laboratory of 
Ciaran Condon (Paris). The following concentrations of antibiotics were used for selection on agar 
plates or in precultures: spectinomycin 100 µg/ml; tetracycline 20 µg/ml; phleomycin 5 µg/ml; 
erythromycin 5 µg/ml and kanamycin 5 µg/ml. To grow strain CCB396, a quadruple mutant, a low 
salt LB agar (10 g/l tryptone; 5 g/l sodium chloride; 5 g/l yeast extract, adjusted to pH 7.5; 15 g/l 
agar) containing spectinomycin 50 µg/ml; tetracycline 10 µg/ml; phleomycin 1 µg/ml and 
kanamycin 5 µg/ml was used. For the control of signal specificity on Northern blots, 6S-1 and 6S-
2 RNA knockout strains (ΔbsrA, ΔbsrB) were grown in the presence of spectinomycin 100 µg/ml 
or kanamycin 10 µg/ml, respectively (Table 1).  
85
 6 
Cells growth was performed in LB medium at 37°C and under gentle shaking (200 rpm, Aquatron 
waterbath shaker, Infors AG, Germany). Complete growth curves were recorded (by optical 
density measurements at 600 nm, OD600) using 300 ml LB medium without antibiotics after 
inoculation with an overnight culture (grown with antibiotics) to an OD600 of 0.05. To induce 
outgrowth, cells from extended stationary phase were diluted 1:5 in fresh prewarmed LB medium. 
Samples of 10 ml (for phenol extraction) or 40 ml (for TRIzol extraction) were withdrawn at 
different time points for RNA preparation.  
 
RNA preparation and sequencing 
Total cellular RNA was isolated from frozen cell pellets by extracting three times with hot phenol, 
whereas B. subtilis 6S-1 pRNAs (~14 nt) were extracted via the TRIzol method (Damm et al. 
2015a). RNA integrity was verified on a 5% denaturing polyacrylamide (PAA) gel (8M urea) before 
RNA-Seq was performed. Ribosomal RNA molecules were depleted from the total RNA samples 
using the Ribo-Zero rRNA Removal Kit for bacteria (Epicentre). Then, the library was enriched for 
RNA fractions < 500 nt using the RNeasy MinElute Cleanup Kit (Qiagen) and the RNAs were 
subsequently treated with Tobacco Acid Pyrophosphatase (TAP, Epicentre) to convert 5'-
triphosphates to 5'-monophosphates for linker ligation. Oligonucleotide adapters were ligated to 
the 5'- and 3'-ends of these RNA samples. First-strand cDNA synthesis was performed using 
Moloney Murine Leukemia Virus Reverse Transcriptase (M-MLV reverse transcriptase) and the 
3’-adapter as primer. The resulting cDNAs were PCR-amplified using a high fidelity DNA 
polymerase. The generated cDNA was amplified by 19 PCR cycles until a DNA yield of 
approximately 9-26 ng/µL was reached. The PCR reaction mixtures containing the cDNA libraries 
were purified, using the Agencourt AMPure XP Kit (Beckmann Coulter Genomics), and pooled. 
Library construction was carried out at Vertis Biotechnologie AG (Freising, Germany). The paired-
end sequencing reaction was conducted using an Illumina sequencer. The RNA-Seq reads were 
mapped to the genome of Bacillus subtilis subsp. subtilis str. 168 (NCBI Reference Sequence: 
NC_000964.3) using segemehl (Hoffmann et al. 2009) with an e-value of 0.1 and visualized via 
the Integrated Genome Browser (IGB)(Nicol et al. 2009) and custom scripts. 
 
Northern blotting 
For the analysis of 6S-1 and 6S-2 RNAs, 3 µg of total RNA were loaded on a 10% denaturing (8 
M urea) PAA gel and Northern blotting was performed as described previously (Damm et al. 
2015b). If not indicated differently, digoxigenin (DIG)-labelled antisense transcripts covering the 
full-length mature 6S RNA or 5S rRNA (internal loading control) were used. Antisense transcripts 
were synthesized by T7 RNA polymerase from linearized plasmid DNA or PCR products as 
templates using a DIG RNA labelling mix (Roche Diagnostics) (Damm et al. 2015b). Analysis of 
total RNA from B. subtilis strains with a 6S-1 RNA (bsrA) or 6S-2 RNA (bsrB) gene deletion, 
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respectively (Table 1, Fig. S1A), allowed us to demonstrate that the 6S-1 and 6S-2 RNA full-
length probes are specific for the respective 6S RNA and fragments thereof. 6S-1 RNA precursor 
transcripts as well as cleavage products including the precursor were detected with a specific 5’- 
and 3’-labelled digoxigenin LNA/DNA probe (nt -11 to +5) (Fig. 1, Table 2). Furthermore, we 
designed probes against the 5’-half (nt 1-85) and 3’-half (nt 108-190) of 6S-1 RNA to assign the 
cleavage products to each half molecule. As markers, we prepared T7 transcripts of full-length 
mature (nt 1-190) 6S-1 RNA or roughly 5’- and 3’-half molecules (nt 1-85; nt 108-190) from 
linearized plasmid DNAs (for details, see Suppl. Material). For specific detection of 6S-1 RNA 
quarter parts, four LNA/DNA mixmer probes were used (Table 2; 1st quarter: nt 12-25; 2nd 
quarter: nt 67-80; 3rd quarter: nt 117-131; 4th quarter: nt 169-182). For pRNA detection 6 or 10 
µg of total cellular RNAs were separated by 10% native PAGE (for details, see (Beckmann et al. 
2010). In the case of 6S-2 RNA, we employed two probes, a full-length antisense transcript and 




Analysis of RNases involved in 6S-1 RNA processing and decay 
 
We analyzed 6S-1 RNA processing and decay by Northern blot experiments using probes against 
the full-length RNA, its 5'- and 3'-half molecules, to each quarter of the RNA and to the 5'-leader 
of precursor 6S-1 RNA (pre-6S-1; for details, see Fig. 1). Using total RNA isolated from stationary 
phase cultures of wild-type cells (wt W168) and derivative strains with RNase knockouts we 
observed (i) an accumulation of pre-6S-1 RNA in the RNase J1 knockout strain (ΔrnjA), (ii) 3'-
extended pre-6S-1 RNA molecules in the RNase PH (rph) single as well as in the related 
quadruple mutant with deletion of all four known B. subtilis 3'-exonucleases (Δ[rph rnr yhaM pnp]), 
and (iii) reduced amounts of 6S-1 RNA-derived fragments in the ΔrnjA and particularly the Δrny 
strain (Fig. 2A; Fig. S1B). Enhanced resolution of the region comprising pre- and mature 6S-1 
RNA (Fig. 2B) then revealed that 5'-maturation of 6S-1 RNA is abolished in the ΔrnjA strain 
independent of growth phase (stationary or outgrowth phase, Fig. 2B, lanes 1-3 vs. 4). Instead, a 
pre-6S-1 RNA band with its 11-nt 5'-leader shortened to roughly half its length appeared, 
indicating that an endoribonuclease acts on the 5'-leader with low efficiency in the absence of 
RNase J1. In addition, the high resolution blot confirmed two signals slightly longer than pre- and 
mature 6S-1 RNA, respectively, in the rph strain relative to the parental wt strain (Fig. 2B, cf. 
lanes 4 and 5). Use of probe 6S-1_5'-half revealed that the signal area of shorter decay species 
(marked as "shorther fragments" in Fig. 2A and C) was partly retarded in mobility when using 
RNA from the ΔrnjA strain, demonstrating that these shifted signals represent roughly 5'-halves 
of 6S-1 RNA (due to endonucleolytic cleavage of 6S-1 RNA in the region of its apical loop, see 
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Fig. 1) that are extended by 5'-leader nucleotides (Fig. 2C, lane 2 vs. 1). The presence of 5'-
halves with 5'-leader nucleotides in the region of shorter fragments was further confirmed by 
detection with the 5'-leader-specific probe (Fig. 2D, lane 2). Comparable but weaker signals 
obtained with RNA from strains W168 and rph (Fig. 2D, lanes 1 and 3 vs. 2) suggests that some 
endonucleolytic cleavage of 6S-1 RNA in its apical loop region can also occur before RNase J1 
has removed the 5'-leader.  
 We further analyzed the nature of the shorter decay intermediates using total RNA from the 
wt strain and probes 6S-1_5'-half and 6S-1_3'-half, unveiling that both 5'- and 3'-half fragments, 
about 90 nt in length (Fig. 3A, cf. lanes 1, 5 and 9 with the size markers in lanes 6 and 11), 
contribute to the signals in this area of the blot. This was confirmed using probes 6S-1_a-d (Fig. 
1) specific for the individual quarters of 6S-1 RNA (Fig 3B, left four panels). Probe 6S-1_d in 
particular also detected even smaller fragments (Fig. 3B, lanes 17-19) that can be assigned to 
cleavage in the 3'-CB (~ position 140) and further downstream (around position 160). Northern 
blot analysis of the Δrny strain using probes 6S-1_a and 6S-1_d detected faint signals in the ~ nt 
90 region, suggesting that some other endonuclease can cleave in the apical loop region with low 
efficiency in the absence of RNase Y (Fig. S1C, lanes 2 and 7). With probe 6S-1_d, an additional 
signal with an estimated length of ~ 80 nt appeared in the Δrny strain (Fig. S1C, lane 7), which 
may reflect cleavage at position 110 which is also seen in the RNA-Seq data for the Δrny strain 
(see below, Fig. 4).   
 The long 6S-1 fragments (three major bands, Fig. 2A) were detectable with probes 6S-1_a-
c, whereas only faint signals were obtained with probe 6S-1_d (Fig. 3B), indicating that these are 
primarily fragments lacking at least the 3'-terminal 20 nt of 6S-1 RNA. 
 
RNA-Seq analysis of total RNA from wt and RNase knockout strains      
 
For the parental W168 strain, the read coverage profile along the 6S-1 RNA sequence (Fig. 4A) 
and the bar diagram indicating the frequency of 5'- (green bars) and 3'-terminal read nucleotides 
in the libraries (Fig. 4B) clearly identified the transcription start site (at nt -11) and the mature 5'-
terminus. In addition, a valley in read coverage was observed in the nt 90-110 region of libraries 
derived from the W168, rph and the quadruple knockout strains (Fig. 4A) which coincided with 
frequent 5'-ends at nt 105-110 and frequent 3'-ends at the U-stretch of nt 88-91 (Fig. 4B). This 
correlates with the prominent region of shorter fragments in Northern blots, which we showed to 
consist of roughly 5'- and 3'-half molecules of 6S-1 RNA (Fig. 3A, middle and right panel), 
suggesting endonucleolytic cleavage of 6S-1 RNA in its apical loop region, possibly followed by 
some nibbling of the generated 5'- and/or 3'-ends. RNA-Seq further identified increased amounts 
of molecules with the mature 3'-end extended by 7 nt in the rph and quadruple knockout strains 
(Fig. 4B), in line with the extended Northern signals in Fig. 2B (lane 5).  
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 Surprisingly, the amount of 6S-1 RNA-specific reads was substantially reduced in the ΔrnjA 
and Δrny libraries, as was the precentage of reads with 3'-ends at nt 88-91 and 5'-ends at nt 105-
110 in the case of the RNase Y knockout (Fig. 4). This can be explained by RNase Y being the 
major endonuclease that cleaves 6S-1 RNA in the apical loop region, and RNase Y being 
activated by preceding RNase J1-catalyzed removal of the 5'-leader to generate a 5'-
monophosphate known to be preferred by RNase Y (Shahbabian et al. 2009). For potential 
reasons to explain the lower number of 6S-1 RNA reads in the ΔrnjA and Δrny libraries, see 
Discussion.  
 The ΔrnjA-derived library still contained a substantial proportion of 5'-ends in the nt 105-110 
region (Fig. 4B). An explanation we entertain is that another nuclease than J1 or Y is able to 
cleave 6S-1 RNA at nt 37 and 42 in the 5'-CB (Fig. 4B). Such 5'-monophosphorylated cleavage 
products may then be recognized by RNase Y in the ΔrnjA strain, giving rise to the 5'-ends at nt 
105-110. The RNA-Seq data also independently revealed the absence of 6S-1 RNA 5'-end 
maturation in the ΔrnjA strain, as well as the appearance of new RNase J1-independent 
endonucleolytic cleavages within the 5'-leader (cf. Fig. 4B, ΔrnjA, with Fig. 2B, lanes 1-3). The 3'-
ends mapping to position 162-164 are basically found in all libraries (Fig. 4B). Combined with the 
finding that the long 6S-1 RNA fragments are detected by probes 6S-1_a-c, but barely by probe 
6S-1_d (Fig. 3B), we conclude that a minor fraction of 6S-1 RNA molecules is initially cleaved in 
the 162-164 region by an yet unidentified nuclease, representing an alternative decay pathway 
relative to the major one involving RNase Y cleavage in the apical loop region.     
 Finally, the absence of substantial read numbers with 5'-ends between nt -11 and +1 in all 
strains except for the ΔrnjA mutant (Fig. 4B) either suggests that RNase J1 removes the 5'-leader 
in its endonucleolytic or in a rapid processive 5’-to-3’-exonucleolytic mode.  
 The major 5'- and 3'-ends of 6S-1 RNA-derived reads are displayed in the context of the 
6S-1 RNA secondary structure in Fig. 5. 
 
Testing for an involvement of other nucleolytic activities in 6S-1 RNA decay 
 
We further examined a possible role of the pyrophosphohydrolase RppH as well as RNases J2 
and III, the latter being a double-strand RNA-specific endonuclease (Mitra and Bechhofer 1994). 
The ΔrppH strain was included as the enzyme converts 5’-triphosphate (5'-ppp) ends to 
monophosphates (5'-p), which we hypothesized might favor the 5’-to-3’-exonucleolytic activity of 
RNase J1. Northern blot analysis of RNA from stationary phase cells of corresponding knockout 
strains revealed no substantial changes in the 6S-1 RNA fragment pattern relative to the parental 
W168 strain (Fig. S2A). Regarding RppH, this finding may indicate that removal of the 5'-
triphosphate from pre-6S-1 RNA is not critical for processing by J1, which in turn might be taken 
as evidence for J1 removing the 5'-leader by endonucleolytic cleavage. Alternatively, another yet 
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unknown pyrophosphohydrolase might be the main activity that converts the 5'-triphosphate of 
pre-6S-1 RNA molecules to monophosphates, and J1 subsequently removes the 5'-leader 
exonucleolytically.   
 We further analyzed the RNase III deletion (Δrnc) strain under outgrowth conditions, where 
a burst of pRNA synthesis takes place and leads to the release of 6S-1 RNA:pRNA complexes 
from RNAP (Beckmann et al. 2011; Beckmann et al. 2012). We considered the possibility that the 
released 6S-1 RNA:pRNA complex with its ~ 14 bp long hybrid helix might be a substrate for 
RNase III. However, the fragmentation pattern of 6S-1 RNA was unaffected in the Δrnc strain 
under outgrowth as well as stationary phase conditions (Fig. S2B). We only observed a moderate 
trend toward increased intensities of 6S-1 RNA-specific signals when using total RNAs extracted 
from the Δrnc strain (Fig. S2B, cf. lanes 2 and 4 with 1 and 3), but no changes in the cleavage 
pattern. These findings argue against a prominent role of RNase III in the degradation of 6S-1 
RNA in B. subtilis. 
 
The major processing and decay pathway of 6S-1 RNA 
 
Our results obtained for 6S-1 RNA are consistent with a model according to which RNase J1 
removes the 5'-leader, either via its 5’-to-3’-exonucleolytic activity or endonucleolytically, and the 
3'-exonuclease RNase PH trims the 3'-end. RNase J1 processing generates mature 6S-1 RNA 
molecules with 5'-monophosphate ends, which then favors cleavage by RNase Y in the 
molecule's apical loop region (Fig. 5). It is not clear yet if the identified 5'-ends (nt 100, 105, 107-
110) and 3'-ends (nt 88, 90, 91; Fig. 4B and Fig. 5) report primary cuts by RNase Y, or if  the 
enzyme cleaves in the apical loop followed by rapid 5'- and 3'-exonucleolytic nibbling of the 
generated single-stranded overhangs. 
 
6S-1 RNA - synthesis and decay of pRNAs  
 
A key function of 6S-1 RNA is to serve as template for pRNA synthesis. We therefore asked if 
removal of the 5'-leader from pre-6S-1 RNA is a prerequisite for pRNA transcription. For this 
purpose, cells were harvested 3 min after dilution of stationary phase cells into fresh LB medium 
(outgrowth) to extract total RNA via the TRIzol method to enrich for small RNAs (Damm et al. 
2015a). The Northern blot analysis revealed pRNA synthesis to occur with similar efficiency in the 
wild-type and the RNase J1 knockout strain (Fig. 6A, lanes 1 and 2). We conclude that pRNA 
synthesis, and by inference 6S-1 RNA function including RNAP binding, is independent of 5'-
leader removal. Increased levels of 6S-1 pRNAs were detected in RNA derived from the 
quadruple mutant (Fig. 6B, lane 2 vs. 1), indicating that one or more of the 3’-to-5’-




6S-2 RNA turnover in B. subtilis 
 
6S-1 and 6S-2 RNA share conserved secondary structures and both function as templates for 
pRNA synthesis in vitro and in vivo (Burenina et al. 2014; Hoch et al. 2016), raising the question 
whether their decay pathways are similar. As 6S-2 RNA achieves highest levels during 
exponential phase while its levels drop toward stationary phase (Beckmann et al. 2011), we used 
total RNA from stationary phase cells to analyze 6S-2 RNA turnover. 6S-2 RNA was found to be 
4- to 5-fold enriched in strains lacking RNase Y or RNase J1 (Fig. 7B, lanes 2 and 3 vs. 1; Fig. 
8A), indicating that both enzymes are directly involved in its decay. In addition, degradation 
fragments were reduced in the Δrny strain (Fig. 7B, shorter fragments), which was in line with the 
reduction of 3'-ends around nt 60 in the RNA-Seq data (Fig. 8B, cf. wt and Δrny). In the ΔrnjA 
strain, we observed a new signal in the Northern blot (Fig. 7B, lane 3, new signal), which went 
along with the accumulation of 5'-ends in the ΔrnjA strain (Fig. 8B, positions 44-50). As a Northern 
probe specific for the 5'-end of 6S-2 RNA (Fig. 7C, lane 3) did not detect this new signal (Fig. 7B, 
lane 3), we conclude that the latter represents the 3'-product derived from cleavage in the region 
of nt 44-50 (Fig. 8B). Taking into account that 6S-2 RNA accumulates in the ΔrnjA and Δrny 
strains, our findings suggest that 6S-2 decay is mainly initiated by endonucleolytic RNase Y 
cleavage in the 5'-CB (nt 44-50 or around nt 60 in the wt strain; see Discussion) followed by rapid 
RNase J1-catalyzed degradation of the 3'-cleavage product via its 5’-to-3’-exonucleolytic activity. 
Among the shorter fragments (Fig. 7B, signals a-c), only the lower band c was detected with the 
5'-end specific probe (identity of band c in Fig. 7C was inferred from its migration distance relative 
to the full-length RNA signal, taking into account that the gels in Fig. 7B and 7C were run 
identically). This identifies signal c as the 5'-product derived from cleavage in the 5'-CB (~ nt 44-
50), whereas signals b and c represent fragments lacking the 5'-terminal region of 6S-2 RNA. A 
faint signal c in RNA from Δrny bacteria relative to the stronger signal of wt cells (Fig. 7C, cf. lanes 
2 and 1) suggests that RNase Y is the major activity of the cleavages, but another endonuclease 
can cleave in the 5'-CB to some extent as well. The intensity reduction for signal c in the quadruple 
mutant (Fig. 7C, lane 5) is difficult to explain and may have indirect causes owing to the 
perturbation of RNA metabolism in this mutant. Finally, RNA-Seq identified 6S-2 RNAs with 3'-
ends extended by three nucleotides in the Δrph and Δ[rph rnr yhaM pnp] strains (Fig. 8B). This 
correlates with signals "a" in Fig. 7B (lanes 4 and 5) shifted slightly upwards relative to the other 
strains (lanes 1-3), identifying signal "a" as a 3'-terminal fragment. We conclude that 6S-2 RNA 
primary transcripts of 214 nt are synthesized, which are trimmed at the 3'-end mainly by RNase 
PH. It should also be noted that the length of mature 6S-2 RNA in the W168 strain is 211 nt (Fig. 
8) and not 203 nt as previously proposed (Ando et al. 2002). 
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 As for 6S-1 RNA, we analyzed the effects of RppH, RNase J2 and RNase III knockouts on 




In this work, we investigated the processing and decay pathways of two non-coding RNAs, 6S-1 
and 6S-2 RNA, in B. subtilis. In contrast to most mRNAs (Hambraeus et al. 2003), both RNAs are 
abundant and remarkably stable (Beckmann et al. 2011), such that cleavage products are well 
detectable by Northern blotting. 6S-1 RNA is transcribed as a 5'-precursor (pre-6S-1 RNA) with 
11 extra nucleotides, whereas the transcription start is the mature 5'-end in the case of 6S-2 RNA. 
At least a substantial fraction of pre-6S-1 and 6S-2 RNAs carry 5'-ppp ends as inferred from RNA-
Seq data (Beckmann et al., 2011).  
 Regarding 6S-1 RNA, we found RNases J1 and PH to be responsible for 5’- and 3’-
processing, respectively, whereas 6S-1 RNA decay proceeds via the RNase Y-dependent 
pathway. 6S-1 RNA, or a fraction thereof, is evidently transcribed with a few extra nucleotides at 
the 3'-end, which are removed by the trimming activity of RNase PH. This might have a stabilizing 
effect on 6S-1 RNA, assuming that RNase PH protects the RNA from attack by other 3’-
exoribonucleases that could use the 3’-overhang as starting point for more invasive degradation. 
According to our working model, 6S-1 RNA is processed by RNase J1 which removes the single-
stranded 5’-leader to create a monophosphorylated 5’-end as a preferred substrate for RNase Y. 
RNase Y cleaves in the apical loop region and the resulting, roughly half-sized molecules 
accumulate during stationary phase ((Beckmann et al. 2011); this study). As 6S-1 RNA is thought 
to be protected from degradation when bound to RNAP under stationary phase conditions, we 
surmised that further degradation by 3’- and/or 5’-exoribonucleases or by a combination of endo- 
and exoribonucleases takes place in a subsequent outgrowth phase when 6S RNA dissociated 
from RNAP. Indeed, a corresponding accumulation of cleavage fragments during outgrowth was 
seen in the quadruple mutant, supporting a key role for 3'-exonucleases in this process. 
One issue is the rather inefficient pre-6S-1 RNA processing by RNase J1, as pre-6S-1 RNA 
molecules are present at all growth stages (Beckmann et al. 2011). An explanation could be that 
RNase J1 removes the 5'-leader in its 5’-to-3’-exonucleolytic mode which requires the preceding 
conversion of the 5'-ppp to 5'-p ends. This process seems to be slow or inefficient, as substantial 
amounts of pre-6S-1 RNA with 5'-ppp ends are present in B. subtilis cells during exponential and 
stationary growth phases (Beckmann et al. 2011). RppH is not involved in the process (Fig. S2A), 
leaving the possibility that another pyrophosphohydrolase inefficiently acts on pre-6S-1 RNA (see 
below). We could also show that 6S-1 RNA 5’-maturation is not essential for the function of 6S-1 
RNA as a template for pRNA synthesis which leads to a structural rearrangement and dissociation 
of the 6S-1 RNA:RNAP complex. We take this as evidence that 5’-processing by RNase J1 is 
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neutral to its function but plays an important role in RNA stability by initiating 6S-1 RNA decay. In 
accordance with this model, the levels of pre-6S-1 RNA (relative to its 5'-mature form) are lowest 
during extended stationary phase, likely owing to the shutdown of de novo 6S-1 RNA synthesis 
which allows RNase J1 to catch up. This then favors cleavage by RNase Y in the apical loop 
region, causing the 5'/3'-half fragments to accumulate (Beckmann et al. 2011), which already 
prepares the RNA for its final degradation by exonucleases during the next outgrowth (see 
above). 
Remarkably, cleavage in the apical loop region is not observed in vitro using purified RNase 
Y enzyme (Fig. S3), indicating particular spatial constraints in vivo. The majority of 6S-1 RNA 
molecules is assumed to be bound to RNAP molecules in stationary phase, as inferred from 
rifampicin experiments that block pRNA synthesis and RNAP release as well as 6S-1 RNA decay 
(Beckmann et al. 2012). We thus propose that the apical loop region is the only single-stranded 
region that can be accessed by RNase Y in the 6S-1 RNA:RNAP complex, whereas the central 
bulge region of the RNA might be protected by A-RNAP. Structural models predicting that the 
apical loop sticks out of complex with RNAP (Steuten et al. 2013) are in line with this proposal. 
However, there may also be other reasons why RNase Y is directed to the apical loop region in 
vivo, taking into account that we were unable to demonstrate a redirection of RNase Y cleavage 
to the apical loop region in vitro upon preincubation of 6S-1 RNA with excess amounts of A-
RNAP (Fig. S3).  
6S-1 RNA processing by RNase J1 and decay-initiating cleavage by RNase Y may be 
spatially uncoupled, at least partly. RNase J1 was found to be associated with ribosomes in vivo 
(Even et al. 2005), whereas RNase Y is bound to the membrane (Hunt et al. 2006; Lehnik-Habrink 
et al. 2011a). It is conceivable that newly synthesized pre-6S-1 RNAs diffuse to cytoplasmic 
ribosome-rich areas in vicinity of the nucleoid (Bakshi et al. 2012; Mackie 2013), where 5’-
processing of this fraction of pre-6S-1 RNA molecules occurs by ribosome-associated RNase J1 
immediately post-transcription, long before the RNA is cut by RNase Y at the membrane-
associated degradosome during stationary phase. Pre-6S-1 RNAs that capture a A-RNAP 
holoenzyme immediately after their transcription may reach the ribosome-rich areas, and by 
inference RNase J1, with a time lag, which could explain the substantial steady-state levels of 
pre-6S-1 RNA throughout growth. In extended stationary phase, eventually all pre-6S-1 RNA 
molecules will diffuse to the membrane to encounter the degradosome, where RNase J1 removes 
the 5'-leader to enable RNase Y cleavage.    
 Our RNA-Seq data (Fig. 4B) and Northern blot results (Fig. 2A, Fig. S1B) revealed that 
cleavages in the region of the apical loop are generated primarily by RNase Y. This is consistent 
with previous 5’-and 3’-RACE-experiments, where the region around the apical loop was identified 
as a “hot spot” of endonucleolytic cleavage (Beckmann et al. 2011). However, there is another 
minor endonuclease activity that can also cleave in this region in the absence of RNase Y (Fig. 
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4B, Δrny, position 110; Fig. S1C). The 5'- and 3'-ends identified (Fig. 4B) do not correspond to 
positions in the center of the apical loop (around position 95, Fig. 1) as expected for RNase Y 
which prefers single-stranded RNA regions. However, 5'- and 3'-ends between positions 94 and 
95 were identified in the aforementioned RACE experiments. Thus, it is not unlikely that RNase 
Y initially cuts at this position (nt 94/95) to generate single-stranded overhangs that are rapidly 
trimmed by exoribonucleases.    
 Based on a previous study by Liu et al. (2014), 6S-1 RNA can be classified into the 5’ = 3’ 
category. This describes paired-end sequencing profiles for which the read levels from either end 
are quite equal, which is the case when upstream and downstream fragments, after 
endonucleolytic cleavage, are degraded by 3'-exonucleases with equal efficiency. In the case of 
6S-1 RNA, adherence to the 5' = 3' profile can be attributed to the fact that the four 3'-
exonucleases do not play a role in 6S-1 degradation (Fig. 4B), at least during stationary phase. 
In other words, in stationary phase cells, endonucleolytic cleavage fragments of 6S-1 RNA 
accumulate as stable intermediates (Fig. 2A).  
 Although processing and decay of 6S-2 RNA also involves RNases J1, Y and PH (Fig. 7D), 
the mechanism seems to be substantially different. In the RNA-Seq profile of the wt strain (Fig. 
8A), a higher read coverage is seen in the 5’- relative to the 3’-region (5’-up category (Liu et al. 
2014)). Upon cleavage in the nt 60 region, mainly by RNase Y (Fig. 8B), degradation of the 5’-
cleavage fragment is evidently delayed relative to RNase J1-catalyzed degradation (see Fig. 7B) 
of the larger 3’-fragment. One reason for the delayed decay of the 5'-proximal fragments might 
be interactions with proteins that protect the RNA fragments from 3'-exonucleolytic degradation. 
Surprisingly, the Δrny knockout, and the ΔrnjA knockout in particular, caused a shift to the 3’-up 
category, as inferred from the accumulation of 3’-fragments (Fig. 8A). This clearly illustrates that 
RNase J1 degrades the 3'-cleavage fragments via its 5’-to-3’-exonuclease activity. Remarkably, 
the endonucleolytic cleavage site (nt 55-62) is shifted to nt 44-50 in cells lacking RNase J1 (Fig. 
8); cleavages in either region are substantially reduced in the Δrny knockout (Fig. 8B), indicating 
that RNase Y acts here as the major endonuclease, but can only be inefficiently replaced with 
another endonuclease, as inferred from the accumulation of 6S-2 RNA reads in the Δrny strain 
(Fig. 8A). We propose that 6S-2 RNA degradation is executed by the membrane-bound 
degradosome which directs RNase Y to the cleavage region of nt 55-62. However, in the absence 
of RNase J1, which disrupts degradosome architecture, RNase Y cleaves in the nt 44-50 region 
in the 5'-CB, which corresponds to the enzyme's basic substrate specificity (A/U-rich ssRNA 
regions; Fig S3). 6S-2 RNA decay by the membrane-bound degradosome would be in line with 
the fact that 6S-2 RNA is degraded toward stationary phase where the RNA is assumed to reach 
the membrane via diffusion, possibly after displacement from A-RNAP by excess amounts of 
6S-1 RNA. If correct, our model would be an example how RNase J1, when associated with 
RNase Y at the membrane, determines RNase Y access to an RNA substrate. This would also 
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be consistent with the observation that RNase Y cleavage in vitro not necessarily reflects the 
cleavage patterns seen in vivo (Fig. S3).  
 In general, a 5’-ppp terminus protects RNAs from attack by the 5’-to-3’-exoribonuclease J1 
(Li de la Sierra-Gallay et al. 2008; Richards et al. 2011) and from endonucleolytic cleavage by 
RNase Y (Shahbabian et al. 2009). Thus, invoking some kind of pyrophosphatase in 6S-1/2 RNA 
degradation seems plausible. The well characterized pyrophosphohydrolase RppH of B. subtilis, 
which has no effect on 6S-1 and 6S-2 RNA decay (Fig. S2A and D), requires at least two unpaired 
nucleotides at the 5’-end and the second must be a G residue (Hsieh et al. 2013). A less strict 
preference is a purine at the third position and A favored over G at the 5'-end. Based on these 
constraints, RppH is predicted to be not involved in pre-6S-1 and 6S-2 RNA 
processing/degradation, as neither RNA carries a G at the second position. Instead, another 
pyrophosphohydrolase may be involved. A candidate enzyme, unidentified so far, was recently 
described to be relatively sequence-independent at the first three 5'-terminal positions, and 
estimated to be responsible for 30% of the cellular pyrophosphohydrolase activity in B. subtilis 
(Hsieh et al. 2013). Alternatively, RNase J1 may cleave the 5’-precursor of 6S-1 RNA in its 
endonucleolytic mode, for which the phosphorylation state has no influence on activity (Li de la 
Sierra-Gallay et al. 2008). According to this scenario, there might be no pyrophosphohydrolase 
at all involved in 6S-1/2 RNA degradation, in line with the presence of substantial cellular levels 
of 5'-triphosphorylated pre-6S-1 and 6S-2 RNA as inferred from RNA-Seq data (Beckmann et al. 
2011).  
 We observed a decrease of 6S-1 and an increase of 6S-2 RNA levels in the Δrny (Fig. S1B, 
Fig. 7B) and ΔrnjA strains (Fig. 2B, lane 1 vs. 4; Fig. 7B), which was also evident in the RNA-Seq 
data (Fig. 4A and 8A). This may be related to the mirror image-like expression profile of the two 
6S RNAs: 6S-2 RNA accumulates in exponential phase and is degraded toward stationary phase, 
whereas 6S-1 RNA levels are low in early exponential phase and increase toward stationary 
phase. If 6S-2 RNA levels are not reduced toward stationary phase, then 6S-2 RNA may 
sequester a larger fraction of A-RNAP enzymes in the Δrny and ΔrnjA strains, resulting in lower 
transcription of genes that are activated on the way to stationary phase, which might well include 
the 6S-1 RNA gene. In the case of 6S-1 RNA, read profiles were 4 to 5-fold reduced for the Δrny 
and ΔrnjA knockout strains (Fig. 4A), which may exceed the decrease in (pre-)6S-1 RNA levels 
evident from the Northern blots with RNAs derived from the two mutant strains (Fig. 2A; Fig. S1B; 
Fig, 2B, lane 4 vs. 1). We think that the 4 to 5-fold reduction based on the RNA-Seq read numbers 
correlates more closely with the Northern blot intensity reductions for 6S-1 degradation fragments 
in the Δrny and ΔrnjA knockout strains. We hypothesize that fragments of 6S-1 RNA, whose 
intramolecular base pairing interactions can be more easily disrupted than in the context of the 
full-length RNA, are more efficient substrates for reverse transcription and adapter ligation than 
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full-length 6S-1 RNA molecules and thus enter the cDNA libraries more efficiently than intact 6S-
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Fig. 1: Antisense probes used for the detection of B. subtilis 6S-1 RNA and fragments thereof in 
Northern blot experiments. The probes are illustrated as colored lines along the secondary 
structure of 6S-1 RNA; sky blue line: LNA/DNA mixmer probe to specifically detect 6S-1 RNA 
precursor molecules (probe pre-6S-1); dark blue line: antisense 6S-1 RNA (probe 6S-1_mature); 
orange lines: RNAs antisense to roughly the 5'-half (5', probe 6S-1_5'-half) or 3'-half (3', probe 
6S-1_3'-half) of 6S-1 RNA; green lines: LNA/DNA mixmer probes (#a-d, probes 6S-1_a-d) for the 
detection of 6S-1 RNA fragments derived from the first to the fourth quarter of the RNA. For further 
details, see Materials and Methods. 
 
Fig. 2: Northern blot analysis of 6S-1 RNA processing and decay in the B. subtilis wild-type (wt 
W168) and corresponding RNase knockout strains. (A) Total RNAs isolated from stationary phase 
cells of strains W168 (lane 1), rny (RNase Y, lane 2), rnjA (RNase J1, lane 3), rph (RNase 
PH, lane 4), and the quadruple mutant (lane 5) with knockouts of rph, rnr (RNase R), yhaM (YhaM) 
and pnp (polynucleotide phosphorylase, PNPase), were separated by 10% denaturing PAGE; 
lane 6: a 197-nt T7 transcript of 6S-1 RNA loaded as size marker (M). 6S-1 RNA and 5S rRNA 
were probed simultaneously using full-length probes complementary to 6S-1 RNA and 5S rRNA 
(Fig. 1, Table 2); we confirmed in preceding Northern blot experiments using the 6S-1 or 5S RNA 
probe that 5S rRNA gives only rise to the single signal (indicated at the left margin) under the 
applied conditions. (B) Northern blot analysis after extended electrophoresis to resolve the region 
between precursor and mature 6S-1 RNA. Lanes 1-3: total RNA isolated from rnjA bacteria in 
stationary (stat.) phase (lane 1) or after 3 min (lane 2) and 30 min (lane 3) of outgrowth (outgr., 
dilution of bacteria in fresh medium); lanes 4 and 5: total RNA isolated from stationary phase cells 
of strains W168 and rph; lanes 6 and 7: T7 transcripts of mature (197 nt) and precursor (208 nt) 
6S-1 RNA used as size markers (for details, see Suppl. Material). (C) Northern blot analysis using 
probe 6S-1_5'-half to determine the identity of the shorter 6S-1 RNA fragments. Lanes 1-3: as 
99
 20 
lanes 1-3 in panel A. In addition to the 208- and 197-nt transcripts (lanes 6 and 7), we further 
loaded T7 transcripts mimicking the 5’- and 3’-halves of 6S-1 RNA (lanes 4 and 5; for details, see 
Suppl. Material). (D) As panel C, but using probe pre-6S-1 to specifically detect 6S-1 RNA species 
containing the 5'-precursor segment (11 nt; see Fig. 1). The shown blots are representative of 10 
(panel A), 5 (panel B), 4 (panel C) and 7 (panel D) individual blots using 2-4 independent RNA 
preparations. 
 
Fig. 3: Northern blot analysis of 6S-1 RNA processing and decay in the B. subtilis W168 wt strain 
using probes against different portions of 6S-1 RNA. (A) Hybridization with probes 6S-1_mature, 
6S-1_5'-half and 6S-1_3'-half (see Fig. 1). (B)  Hybridization with probes 6S-1_a to d (see Fig. 1). 
For T7 transcripts used as size marker and to control probe specificity, see Suppl. Material; M 3'-
6S-1 (25 nt) and M 3'-6S-1 (50 nt) are DNA oligonucleotides identical in sequence to the last 25 
or 50 nt of 6S-1 RNA (see Fig. 1). In the panel on the right, 12% denaturing PAGE was used to 
resolve fragments as short as 25 nt. The shown blots are representative of 2 individual blots 
performed with independent RNA preparations. 
 
 
Fig. 4: RNA-Seq analysis of 6S-1 RNA processing and decay in the wt versus RNase mutant 
strains. Nucleotide coverage of cDNA reads representing 6S-1 RNA fragments visualized on top. 
Total RNA extracted from stationary phase cells were analyzed for the following strains: wt W168, 
the parental B. subtilis W168 strain; Δrph (RNase PH knockout); ΔrnjA (RNase J1 knockout); Δrny 
(RNase Y knockout) and the quadruple mutant (Δ[rph rnr yhaM pnp]) with knockouts of genes 
encoding the four 3'-exonucleases RNase PH, RNase R, YhaM and PNPase. The 6S-1 RNA 
sequence and corresponding nucleotide positions are indicated at the x-axis. The number of 
reads covering the individual nucleotide positions are indicated on the y-axis. Below, illustration 
of 6S-1 RNA 5’-ends or 3’-ends in percent of all 5'- and 3'-termini, respectively, found in the 
individual library. 
 
Fig. 5: Illustration of the most frequent 5'- and 3'-ends of 6S-1 RNA decay intermediates (based 
on the RNA-Seq data shown in Fig. 4B) in the context of the 6S-1 RNA secondary structure (green 
nucleotides, 5'-ends; red nucleotides, 3'-ends). Also shown are the RNases identified in this study 
to be involved in the major processing and decay pathway of 6S-1 RNA: our results are in line 
with a model according to which RNase J1 removes the 5'-leader via its 5’-to-3’-exonucleolytic or 
endonucleolytic activity mode and the 3'-exonuclease RNase PH trims the 3'-end. RNase J1 
processing generates mature 6S-1 RNA carrying a 5'-monophosphate, which favors cleavage in 
the apical loop region by RNase Y (gray sphere). It is not clear yet if the identified 5'-ends (nt 100, 
105, 107-110) and 3'-ends (nt 88, 90, 91) report primary cuts by RNase Y, or if  the enzyme 
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cleaves in the apical loop followed by rapid 5'- and 3'-exonucleolytic nibbling of the generated 
single-stranded overhangs. 
 
Fig. 6: Northern blot analysis of 6S-1 pRNA synthesis and decay in B. subtilis. (A) Endogenous 
pRNAs (~14 nt), synthesized from 6S-1 RNA as template, were detected in total RNA extracts (6 
µg) withdrawn from wild-type (wt W168) and ΔrnjA cells 3 min after induction of outgrowth. As 
specificity control, total RNA from a 6S-1 RNA knockout strain (ΔbsrA) was analyzed in parallel. 
A chemically synthesized pRNA 14-mer (5’-GUUCGGUCAAAACU-3’) was loaded in two different 
amounts (0.25 and 1 ng) as length marker. (B) To identify RNases involved in 6S-1 pRNA decay, 
cells were harvested 30 min after outgrowth and 10 µg of total RNA from the wild-type (wt W168), 
the quadruple mutant (Δ[rph rnr yhaM pnp]) and the ΔrnjA strain were analyzed by 10% native 
PAGE and Northern blotting. For the ΔbsrA strain and markers, see legend to panel A. The shown 
blots are representative of 4 individual blots performed with 2-3 independent RNA preparations. 
 
Fig. 7: Northern blot analysis of 6S-2 RNA processing and decay. (A) Antisense probes used in 
the Northern blot experiments are illustrated in the context of the putative 6S-2 RNA secondary 
structure. The dark blue line highlights the full-length antisense probe, and the sky blue line 
depicts the LNA/DNA mixmer probe 6S-2_5' (Table 2) used to detect 5'-fragments of 6S-2 RNA. 
(B) Northern blot analysis (10% denaturing PAGE) of 6S-2 RNA decay in the B. subtilis wild-type  
(wt W168) and corresponding RNase knockout strains. Total RNA was isolated from stationary 
phase cells of strains W168 (lane 1), rny (RNase Y, lane 2), rnjA (RNase J1, lane 3), rph 
(RNase PH, lane 4), and the quadruple mutant (lane 5) with knockouts of rph, rnr (RNase R), 
yhaM (YhaM) and pnp (polynucleotide phosphorylase, PNPase). A 209-nt T7 transcript of 6S-2 
RNA (lane 6; for details, see Suppl. Material) was loaded as size marker (M 6S-2 (209 nt)) and 
5S rRNA was probed as loading control. Full-length antisense 6S-2 RNA (dark blue line in panel 
A) was used as the probe. (C) As panel B, but using the 5'-end-specific probe 6S-2_5' (sky blue 
line in panel A). (D) Illustration of the most frequent 5'- and 3'-ends of 6S-2 RNA decay 
intermediates (based on the RNA-Seq data shown in Fig. 8B); green nucleotides, 5'-ends; red 
nucleotides, 3'-ends. Also shown are the RNases identified in this study to be involved in 6S-2 
RNA decay. The shown blots are representative of 10 (panel B) or 3 (panel C) individual blots 
using 2-5 independent RNA preparations. 
 
Fig. 8: RNA-Seq analysis of 6S-2 RNA decay in the wt versus RNase mutant strains. Nucleotide 
coverage of cDNA reads representing 6S-2 RNA fragments visualised on top. Below illustration 
of 5’-ends and 3’-ends of 6S-2 RNA-specific reads in percent of all 5'- and 3'-termini, respectively, 






Table 1. Strains used in this study 
Strain Genotype Source/Reference 





Britton et al., 2007 















W168 rph::spc rnr::tc yhaM::Pm pnp::kan 





Gilet et al., 2014; Oussenko et al., 2005 
Oussenko et al., 2005 
Oussenko et al., 2002 
Wang  et al., 1996 
Gilet et al., 2014; Oussenko et al., 2005 
Durand et al.,2012 
Figaro et al.,2013 
Figaro et al.,2013 
Hoch et al.,2015 
Hoch et al.,2015 
 
Table 2. Northern blot probes against 6S-1, 6S-2 RNA or 5S rRNA used in this study 
Probe  Sequence/Target  probe chemistry Temperature of 
hybridization  
6S-1_precursor 5’-DIG-ggA ctT tAt TtA aCt T-DIG-3’ * LNA/DNA mixmer 60°C 
6S-1_mature T7-transcript, nt 1-190 ** RNA  68°C 
6S-1_5’-half T7-transcript, nt 1-85 ** RNA  68°C 
6S-1_3’-half T7-transcript, nt 108-190 ** RNA  68°C 
6S-1_1.quarter 5’-DIG-gGtgTacaacTaAc-DIG-3’ * LNA/DNA mixmer 60°C 
6S-1_2.quarter 5’-DIG-gtaCgcCaTttAaa-DIG-3’ * LNA/DNA mixmer 60°C 
6S-1_3.quarter 5’-DIG-gtGcccTctTttAaa-DIG-3’ * LNA/DNA mixmer 60°C 
6S-1_4.quarter 5’-DIG-aAtAgTgccgTtgc-DIG-3’ * LNA/DNA mixmer 60°C 
6S-1_pRNA 5’-DIG-aGttTtgAccGaAc-3’ * LNA/DNA mixmer 50°C 









* upper case letters depict LNA and lower case letters DNA, Exiqon 
** antisense transcripts covering the region as stated, internally labelled with digoxigenin-
UTP 
 
Table 3. RNA-Seq- Read numbers of 6S-1 and 6S-2 RNA  
Strain Reads 6S-1 6S-2 6S-1 % 6S-2 % 6S-1/6S-2 
wt W168 13292751 795689 33011 5.99 0.25 24.1 
Δrph 15238650 875161 33408 5.74 0.22 26.2 
ΔrnjA 15128998 175442 162755 1.16 1.08 1.1 
Δrny 13390664 172630 155920 1.29 1.16 1.1 
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Abstract
RNase P is the endonuclease that removes 50 leader sequences from tRNA precursors. In Eukarya, separate RNase P
activities exist in the nucleus and mitochondria/plastids. Although all RNase P enzymes catalyze the same reaction, the
different architectures found in Eukarya range from ribonucleoprotein (RNP) enzymes with a catalytic RNA and up to 10
protein subunits to single-subunit protein-only RNase P (PRORP) enzymes. Here, analysis of the phylogenetic distribution
of RNP and PRORP enzymes in Eukarya revealed 1) a wealth of novel P RNAs in previously unexplored phylogenetic
branches and 2) that PRORP enzymes are more widespread than previously appreciated, found in four of the five
eukaryal supergroups, in the nuclei and/or organelles. Intriguingly, the occurrence of RNP RNase P and PRORP seems
mutually exclusive in genetic compartments of modern Eukarya. Our comparative analysis provides a global picture of
the evolution and diversification of RNase P throughout Eukarya.
Key words: RNase P, eukaryal evolution, PRORP, ribonucleoproteins, tRNA biogenesis.
RNase P is the endonuclease that removes 50 leader sequences
from tRNA precursors, an essential step in tRNA maturation
(Lai et al. 2010; Liu and Altman 2010). The virtually ubiquitous
enzyme independently originated at least twice in evolution
with different architectures. Ribonucleoprotein (RNP) en-
zymes based on a catalytic RNA molecule (P RNA) represent
the more ancient type that is found in all three domains of
life. Although their RNA is structurally conserved, their pro-
tein partners are highly divergent with a single protein in
Bacteria, 4–5 in Archaea, and up to 10 in eukaryal nuclei
(Hartmann et al. 2009; Ellis and Brown 2010; Lai et al. 2010;
Liu and Altman 2010; Walker et al. 2010). All known nuclear
RNase P RNPs are composed of a P RNA of about 350 nt and a
set of proteins, always including RPP21/RPR2, RPP29/POP4,
RPP30/RPP1, POP5, POP1, RPP20/POP7, and RPP25/POP6
(Hartmann E and Hartmann RK 2003; Rosenblad et al.
2006; Walker et al. 2010). The reasons for the massive increase
in the protein moiety of the enzyme in Eukarya as compared
with Archaea or Bacteria are poorly understood and have
been speculated to be related to added functionality of the
eukaryal enzyme (Marvin and Engelke 2009a, 2009b; Jarrous
and Gopalan 2010), although recent RNase P replacement
experiments do not support such notion (Weber et al.
2014). Studies of the prevalence of nuclear RNP RNase P
subunits in eukaryal genomes are complicated by the pres-
ence of a related RNP, RNase MRP, exclusively found in
Eukarya and involved in 5.8S rRNA maturation. This RNP
enzyme is composed of a structurally related, but nonetheless
distinguishable RNA, and a largely overlapping set of proteins
(Jarrous and Gopalan 2010; Walker et al. 2010). In fact, it
appears that RPP21 is the only protein not shared by the
two RNPs, but consistently specific to RNase P.
A fundamentally different type of RNase P is composed of
protein only (PROteinaceous RNase P, PRORP) and appears
confined to the eukaryal domain. In its simplest form it con-
sists of a single 60-kDa protein, but requires additional sub-
units in some cases, for example, two other protein
components in human mitochondrial RNase P (Holzmann
et al. 2008; Gobert et al. 2010, 2013; Gutmann et al. 2012;
Taschner et al. 2012; Pinker et al. 2013). The two kinds of
RNase P are highly similar in terms of substrate and
cleavage specificity, and they were even found to be function-
ally exchangeable in Escherichia coli and Saccharomyces cere-
visiae (Gobert et al. 2010; Taschner et al. 2012; Weber et al.
2014).
The discovery of protein-only RNase P (PRORP) enzymes
in Eukarya pointed out that the evolution of RNase P is more
intriguing and complex than previously thought. Questions
are raised as to when PRORP appeared during evolution, and
if there may still be evolutionary traces of its coexistence with
RNP RNase P within the same cellular compartment. Where
and how did such a coexistence lead to the divergent special-
ization and compartmentalization of the different RNase P
enzymes? Here, we analyze and compare the prevalence and
architectural type of both RNP and PRORP enzymes in
Eukarya. We find that PRORP enzymes are widespread
among eukaryal lineages and propose reasonable scenarios
for the evolution of RNase P in Eukarya.
 The Author 2015. Published by Oxford University Press on behalf of the Society for Molecular Biology and Evolution. All rights reserved. For permissions, please
e-mail: journals.permissions@oup.com













Incidence of Nuclear Ribonucleoprotein RNase P
Here we update the distribution of P RNA and RPP21 (the
protein subunit not found in RNase MRP) in eukaryal nuclear
genomes, based on previously published studies (Hartmann E
and Hartmann RK 2003; Marquez et al. 2005; Piccinelli et al.
2005; Rosenblad et al. 2006) and analyses of newly available
genome data, to determine the prevalence of nuclear RNP
RNase P in the different branches of Eukarya. The results are
summarized in table 1 and the inventory detailed in supple-
mentary table S1, Supplementary Material online (http://
bioinf.pharmazie.uni-marburg.de/supplements/rnase_p_
2015/ last accessed September 14, 2015). For example, we
identified a variety of novel P RNAs including hitherto unex-
plored taxa.
In brief, a P RNA and RPP21 are prevalent among the
Holozoa subgroup of Opisthokonta. Within metazoans, P
RNA candidates were newly identified in the more basal
Placozoa, Porifera, and in radially symmetric animals (sup-
plementary figs. S1–S5, Supplementary Material online). In
Nucletmycea, P RNAs are identifiable in all branches except
for Nuclearia. Among Amoebozoa, nuclear RNP RNase P is
generally present. Relative to previous analyses (Marquez
et al. 2005; Piccinelli et al. 2005), we predicted additional P
RNAs and RPP21 homologs in Archamoebae and
Dictyostelia. In contrast, within the photosynthetic super-
group Archaeplastida (plants and algae with chloroplasts of
primary endosymbiotic origin), RNP RNase P appears absent
from the nuclei of Chloroplastida. However, P RNAs are
predicted in glaucophytes and in rhodophytes. In the SAR
(Stramenopiles, Alveolata, Rhizaria) group, P RNA and
RPP21 were not identified in Stramenopiles, consistent
with previous studies (Hartmann E and Hartmann RK
2003; Piccinelli et al. 2005; Rosenblad et al. 2006), but were
found in Ciliophora and Apicomplexa genomes (Alveolata).
In Excavata, the occurrence of nuclear RNP RNase P is wide-
spread, but appears to have been lost in Euglenozoa. In
Haptophyta and Cryptophyceae, P RNA or RPP21 could
not be identified; yet, genome information is scarce in
these clades and it remains unclear whether this is due to
the loss of RNP RNase P or to structurally highly deviant P
RNA and RPP21 homologs.
Incidence of Organellar Ribonucleoprotein RNase P
Mitochondria (mt) and plastids (pls) possess their own
genome coding for a complete or partial set of tRNAs.
They originated from primary endosymbiosis with an ances-
tral -proteobacterium and a cyanobacterium, respectively,
yet pls also derive from secondary or tertiary endosymbiosis
in various groups. It is thus not surprising to find bacterial-
like P RNAs still encoded in some organellar genomes.
Organelle RNP RNase P, however, is particularly diverse
(Rossmanith 2012) and P RNAs are highly degenerate in
some cases (Seif et al. 2005). We have (re)analyzed the oc-
currence of mt and pl–P RNAs in organelle genomes
throughout Eukarya as well as the occurrence of RnpA
and Rpm2, two proteins of organellar RNP RNase P. The
comprehensive list of all identified organellar P RNAs and
proteins is given in supplementary table S1, Supplementary
Material online, and summarized in table 1.
In short, in the supergroup Opisthokonta, no P RNA gene
was found in the mitochondrial genomes of Holozoa. Most
mitochondrial genes were found in the fungal lineage parti-
cularly in saccharomycetaceaen species. Among
Archaeplastida, a patchy occurrence of P RNAs was found
in organellar genomes of phylogenetically basal alga including
Glaucophyta, Rhodophyceae, and Chlorophyta. No P RNA
gene was found in Streptophyta. Most, if not all, pl-encoded
P RNAs were found in primary photosynthetic Eukarya. In
Excavata, P RNAs were only found in jakobid mtDNAs (Seif
et al. 2006). Finally, in the groups of amoebozoa and SAR,
organellar P RNA appears to be scarce. All in all, organelle P
RNA occurrence is patchy. In some phyla, they were either
lost or their sequences have diverged to an extent that makes
them undetectable by recognition algorithms used here.
Protein subunits of these enzymes are even more elusive.
The subunits previously identified are bacterial-type RNase
P proteins (RnpA) and a pentatricopeptide repeat (PPR) pro-
tein called Rpm2, both nuclear encoded and unrelated to
PRORP. Within the fungal branch, Rpm2 was shown to be
part of mitochondrial RNase P in S. cerevisiae (Morales et al.
1992; Daoud et al. 2012). Close Rpm2 homologs are only
found in Saccharomycetales (supplementary fig. S6,
Supplementary Material online). In Archaeplastida, no P pro-
tein of bacterial origin is encoded in any organellar genome,
although rnpA-like genes are encoded in several nuclear ge-
nomes in Mammiellophyceae of the Chlorophyta subgroup,
(Lai et al. 2011) and these RnpA proteins are predicted to
localize to organelles (supplementary table S2, Supplementary
Material online). Our analysis and three-dimensional struc-
ture predictions revealed that these algae RnpAs are charac-
terized by N- and C-terminal extensions not present in
bacterial RnpAs (supplementary figs. S7 and S8,
Supplementary Material online). Their function is unknown,
but might be involved in specific contacts with algae orga-
nellar P RNAs or with yet unidentified proteins.
Incidence of Protein-Only RNase P
Our analyses confirm and substantiate previous observations
that a number of eukaryal groups lack RNase P genes for a
nuclear and/or organellar RNP enzyme. We thus performed a
systematic analysis of the distribution and localization of pu-
tative PRORP enzymes to determine whether PRORP could
be the RNase P in these lineages/compartments. As a
prerequisite, we had to define robust features characterizing
PRORP. Candidates were only considered as genuine PRORPs
when their architecture included a specific C-terminal NYN
(N4BP1, YacP-like Nuclease) metallonuclease domain pre-
sumably originating from the bacterial ribonuclease yacP
(Anantharaman and Aravind 2006), an N-terminal -super
helical domain containing PPR motifs (Small et al. 2004) as
revealed by systematic structure predictions and a bipartite
zinc-binding module connecting the two main domains.
Further signatures are present in specific phyla. Their occur-
rence might point out additionally acquired functions or
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interactions with phylum-specific proteins that remain to be
identified (fig. 1).
Based on these common features, we searched for putative
PRORP genes in the three domains of life. We confirmed that
PRORP proteins are Eukarya specific, exclusively encoded in
nuclear genomes and widely distributed, that is, found in four
of the five eukaryal supergroups. The full set of putative
PRORPs is given in supplementary table S1, Supplementary
Material online, and summarized in table 1. Briefly, among
Opisthokonta, PRORPs are present in Metazoa and all the
associated lineages (Choanomonada, Filasterea, and
Ichthyosporea), but absent from fungi and associated line-
ages. No PRORP could be identified in the supergroup of
Amoebozoa. Among Archaeplastida, PRORP was not found
in the basal groups such as Glaucophyta and Rhodophyta, but
was found in all Chlorophyta and Charophyta as single genes,
while in Embryophyta, more than two PRORPs were typically
found. In Spermatophyta, PRORP sequences can be subdi-
vided into three evolutionary distinct clusters that we term
cluster I, II, and III (supplementary fig. S9, Supplementary
Material online). Most of the species have three PRORPs
with one representative of each cluster. However, the
Brassicaceae (e.g., Arabidopsis) make an exception, because
Arabidopsis PRORP2 and 3 both belong to cluster III. PRORPs
are also found in the supergroup SAR, two to three PRORP
proteins are encoded in all Stramenopiles. In Alveolata, no
genes coding for PRORPs were found in ciliates, but a single
gene could be identified in all Apicomplexa genomes. Among
Excavata, PRORP is found in the sequenced genomes of some
Discoba organisms but not in Metamonada. Although pre-
sent in Euglenozoa, it is not identifiable in Heterolobosea.
To gain insight into the origin and distribution of PRORP, a
phylogenetic analysis was performed. The results suggest an
ancient origin of PRORP (supplementary fig. S10,
Supplementary Material online). Still, in some instances
PRORP might also have spread during horizontal gene trans-
fer (HGT) events such as secondary and tertiary endosymbi-
osis. This might have happened, for example, in stramenopiles
where, among individual species, multiple PRORPs cluster in
evolutionary distinct groups (supplementary fig. S10,
Supplementary Material online).
Although the prevalence of PRORP in Eukarya could be
established, understanding the distribution of RNP and
PRORP in specific compartments requires to know the pre-
cise subcellular localization of PRORPs in the respective lin-
eages. To gain such information, we applied localization
prediction tools to full-length PRORP sequences. The results
are compiled in supplementary table S2, Supplementary
Material online, and summarized in table 1. In short, in
Opisthonkonta, all animal PRORPs are mitochondrial. In
green algae single PRORP genes might encode both nuclear
and organellar PRORPs expressed by alternative translation
starts. In land plants, cluster III contains nuclear orthologs of
PRORP, while cluster I and II PRORPs are predicted to be
organellar. In other groups, SAR, Excavata, Crypthophyceae,
or Haptophyta, multiple PRORPs can be targeted to mt and
nuclei, or a single PRORP can be found in specific compart-
ments as, for example, in the apicoplast of apicomplexan.
Overall, the predicted localizations confirm that PRORP pro-
teins are not restricted to organelles as initially envisaged
(Lai et al. 2010), but demonstrates that they are also wide-
spread in nuclei.
Conclusions and Possible Scenarios for the Evolution
of RNase P Distribution
In most instances our analyses revealed a correlation between
the predicted occurrence of a given type of enzyme (RNP
RNase P or PRORP) and the absence of the other one in a
specific lineage and/or compartment. The most divergent
examples are fungi, where RNP enzymes are active in both
mt and nuclei while PRORP is absent, and Streptophyta or
Trypanosomatida, where PRORPs are found in organelles and
nuclei, whereas RNP genes are absent. Similar correlations are
summarized in table 1 for all Eukarya groups.
Our analysis implies that PRORP might have evolved very
early during eukaryal evolution, in an organism at the root of
modern Eukarya (fig. 2), although its distribution points to
some HGT events as well. It appears likely that the fusion of
PPR, NYN, and all the features defining PRORP took place
only once during evolution. The RNP and protein-only forms
of RNase P thus probably coexisted in an early eukaryote, a
functional redundancy that, however, might not have per-
sisted in any organism to the present. We did not find solid
evidence for this coexistence within the same compartment,
although it cannot be ruled out for some Mamiellophyceae,
where isoforms of PRORP might be targeted to both nuclei
and organelles while RNP RNase P has been retained in or-
ganelles. RNP was kept in some organisms (fungi) or com-
partment (nucleus of metazoa) and protein-only enzymes
were not retained. In these organisms, RNPs might have
gained additional functions that could not be provided by
PRORP, for example, as observed in human nuclei with the
requirement of RNP RNase P for the formation of RNA po-
lymerase III initiation complexes (Serruya et al. 2015). In con-
trast, PRORP was kept in other organisms (some
chlorophytes, streptophytes, trypanosomids) or in specific
compartments (nucleus of other chlorophytes and mt of
metazoans) and RNPs were lost. Similarly, PRORPs targeted
to organelles might have coexisted with RNP RNases P
encoded in organellar genomes. P RNA genes might have
been lost in the course of rearrangements of organellar ge-
nomes, consolidating PRORP as the RNase P enzyme in this
compartment.
In animal and plant lineages, RNase P distribution fol-
lowed two different routes. Unicellular organisms basal to
Metazoa (Ichtyosporea, Filasterea, Choanomonada) seem to
have retained PRORP proteins for mitochondrial RNase P
function and this status was also preserved in all metazoan
species. In contrast, unicellular organisms basal to
Chlorophyta seem to have initially retained PRORP enzymes
only for nuclear RNase P activity. Then, in more recent spe-
cies of the Chloroplastida lineage, PRORP also took over the
organellar RNase P function.
In conclusion, looking at the global picture, since its origin
PRORP seems to have been an invasive enzyme, taking over
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FIG. 1. Description of the conserved features defining PRORP proteins. (A) Schematic representation of the different domains of PRORP. Sequence
logos of residue conservation for the subdomains involved in zinc binding, as well as for a plant-specific glycine-rich insertion and for a “hydrophobic
domain” conserved in organisms that contain a plastid (or had contained a plastid) were generated with WebLogo 3. The number of sequences
analyzed and the percentage of sequences originating from animals (Metazoa), plants (land plants), or other organisms (Chlorophyta,
Stramenopiles, Alveolata, Cryptophyceae, Haptophyta, Rhizaria, Choanoflagellates, Filastera, Ichtyosporea) are as follows from left to right: Plant-
specific insertion: 169 sequences (100% land plants); N-terminal 1=2 Zn binding domain 1: 275 sequences (1/2 land plants, 1/3 metazoa, 1/6 others);
hydrophobic domain: 138 sequences (60% land plants); C-terminal 1=2 Zn binding domain 2: 249 sequences (1/3 land plant, 1/3 metazoa, 1/3 other).
OTS, organellar targeting signals (to mitochondria, plastids, or apicoplasts); NLS, nuclear localization signal. (B) Conserved residues present in the
PRORP-defining NYN domain signatures, specified for different phyla. The positions of the eight residues constituting part 1 of the NYN signature of
PRORP have been numbered as indicated above the first logo. Numbers between the conserved motifs indicate the distance range (in amino acids)
that separate the motifs in the different PRORPs analysed. (C) Three-dimensional structure predictions for N-terminal domains of representative
PRORP proteins considered in this analysis. All the putative PRORPs have an -superhelical domain consistent with the conserved fold of PPR
proteins. N-terminal extremities are shown on the left, C-terminal ones on the right.
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the function of ancestral RNP RNase P in several eukaryal
groups, in entire organisms, or in given cellular compart-
ments. The evolutionary trend to replace RNP with PRORP
becomes plausible if one considers its capability to instantly
replace RNP enzymes in tRNA biogenesis, as experimentally
demonstrated for the E. coli and yeast systems (Gobert et al.
2010; Taschner et al. 2012; Weber et al. 2014). This evolution
may witness a still continuing transitional process from the
RNA to the protein world.
Materials and Methods
Identification of Nuclear-Encoded RNase P RNAs
We identified P RNAs using Infernal (Nawrocki and Eddy
2013) with an E-value threshold of 1 108 based on the
RFAM 12.0 (Nawrocki et al. 2015) models RF00009 (Nuclear
RNase P) and RF01577 (Plasmodium RNase P). In addition, we
used the tool Bcheck (Yusuf et al. 2010) with default param-
eters. The predictions were curated and assessed manually for
their conserved core. This ensemble of methods also allows
discriminating P RNAs from MRP RNAs.
Search for Homologs of the RNP RNase P-Specific
Protein Subunit RPP21
We selected reference sequences from several sources: 1) The
Rpr2 alignment provided by Rosenblad et al. (2006), 2) the
seed alignment provided for the PFAM family PF04032
(RNase P Rpr2/Rpp21/SNM1 subunit domain) (Finn et al.
2011), and 3) WormBase version WS247 (Harris et al. 2010)
gene Y37E11B.6 (rpp21). Reference domains were identified
and a scoring algorithm was implemented based on regular
expressions.
Identification of Rpm2p and Mitochondrial P RNAs
in Fungi
The HMMER algorithm (Finn et al. 2011) as well as BLAST
searches (Altschul et al. 1990) were used to retrieve proteins
with homology to the Rpm2 domain as defined in PFAM
(Finn et al. 2014). Putative rpm1 was retrieved from unanno-
tated fungal mitochondrial genomes with RNAweasel
(Gautheret and Lambert 2001).
PRORP Sequence Analysis and Structural Predictions
PRORP sequences were retrieved using the BLAST tool in
NCBI (National Center for Biotechnology Information),
Ensembl, Bogas, Phytozome, JGI, and Broad. The proteins
were aligned using MUSCLE (Edgar 2004). The sequences of
these domains were then retrieved and realigned with
MUSCLE before using WebLogo 3 (Crooks et al. 2004) to
highlight the conserved residues. Protein structures were pre-
dicted using the Phyre2 algorithm in the intensive modeling
mode (Kelley and Sternberg 2009).
FIG. 2. Distribution of RNP and PRORP RNase P enzymes in the eukaryal domain of life. Relations between eukaryal groups are schematically indicated
according to Petersen et al. (2014). R and P indicate the occurrence of RNP and PRORP RNase P enzymes in the respective groups, based on the study
presented here. Crossing out P or R indicates putative evolutionary events associated with the loss of PRORP or (nuclear) RNP RNase P. The question
mark indicates an example where limited genomic data prevented conclusions as to the occurrence of the given enzyme type in the respective group.
The diagram highlights how the distribution of RNase P seemingly involved multiple events of losses of either PRORP or RNP RNase P.
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Subcellular localization predictions were determined for most
proteins with TargetP, Predotar, and MultiLoc2 when appli-
cable (Small et al. 2004; Emanuelsson et al. 2007; Blum et al.
2009). PredAlgo was used for PRORP sequences of green algae
(Chlorophyta) (Tardif et al. 2012). PlasmoAP and PATS were
used for Apicomplexa PRORP in order to determine if they
possess an apicoplast targeting peptide (Zuegge et al. 2001;
Foth et al. 2003).
Phylogenetic Analyses of PRORP
Phylogenetic analysis of PRORP protein sequences were per-
formed with the maximum-likelihood method with 100 boot-
strap replicates (Dereeper et al. 2008).
Supplementary Material
Supplementary methods, results, tables S1 and S2, and figures
S1–S10 are available at Molecular Biology and Evolution online
(http://www.mbe.oxfordjournals.org/).
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Sequence and structural properties of circular
RNAs in the brain of nurse and forager honeybees
(Apis mellifera)
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Abstract
Background: The honeybee (Apis mellifera) represents a model organism for social insects displaying behavioral
plasticity. This is reflected by an age-dependent task allocation. The most protruding tasks are performed by young
nurse bees and older forager bees that take care of the brood inside the hive and collect food from outside the hive,
respectively. The molecular mechanism leading to the transition from nurse bees to foragers is currently under
intense research. Circular RNAs, however, were not considered in this context so far. As of today, this group of
non-coding RNAs was only known to exist in two other insects, Drosophila melanogaster and Bombyx mori. Here
we complement the state of circular RNA research with the first characterization in a social insect.
Results: We identified numerous circular RNAs in the brain of A. mellifera nurse bees and forager bees using
RNA-Seq with exonuclease enrichment. Presence and circularity were verified for the most abundant representatives.
Back-splicing in honeybee occurs further towards the end of transcripts and in transcripts with a high number of
exons. The occurrence of circularized exons is correlated with length and CpG-content of their flanking introns. The
latter coincides with increased DNA-methylation in the respective loci. For two prominent circular RNAs the
abundance in worker bee brains was quantified in TaqMan assays. In line with previous findings of circular RNAs in
Drosophila, circAmrsmep2 accumulates with increasing age of the insect. In contrast, the levels of circAmrad
appear age-independent and correlate with the bee’s task. Its parental gene is related to amnesia-resistant memory.
Conclusions: We provide the first characterization of circRNAs in a social insect. Many of the RNAs identified here
show homologies to circular RNAs found in Drosophila and Bombyx, indicating that circular RNAs are a common
feature among insects. We find that exon circularization is correlated to DNA-methylation at the flanking introns.
The levels of circAmrad suggest a task-dependent abundance that is decoupled from age. Moreover, a GO term
analysis shows an enrichment of task-related functions. We conclude that circular RNAs could be relevant for task
allocation in honeybee and should be investigated further in this context.
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Background
Honeybees (Apis mellifera) display a striking behav-
ioral plasticity among their workers that is reflected in
an age-dependent task allocation and thus represent a
substantial model organism for phenotypic plasticity.
Workers are able to execute varying specific behaviors
in order to fulfill tasks that are essential for the vi-
ability of the colony, such as cleaning combs, feeding
the larvae, guarding the nest entrance and foraging for
food. To ensure economic efficiency and to prevent ran-
domly performed tasks, the assignment of tasks has to
be coordinated [1]. Task allocation is predominantly
dependent on the age of the worker bees, but is also
flexible and can be adjusted to colony needs [2, 3, 4].
In experimental single cohort colonies (SCCs) that
are solely composed of young bees, some colony mem-
bers initiate foraging precociously irrespective of their
age [5]. Major differences in task-related behaviors ex-
ist between the typically younger nurse bees that feed
the larvae inside the hive and the older foragers (≥18
days after emergence) that leave the hive to collect
pollen, nectar and water [6, 7, 8, 9]. This phenotypic
plasticity is also reflected at the neuronal level. The
overall brain volume is increased in forager bees com-
pared to nurse bees [10, 11] especially in visually in-
nervated brain structures [12, 13]. At synaptic levels,
these changes involve for instance the density of synap-
tic complexes within mushroom body calyces caused
by the growth of Kenyon cell dendrites and pruning
of presynaptic boutons [14, 15, 16]. The regulation of
these processes is poorly understood and seems to be
highly complex. Various effectors are known which in-
clude the external environment, the colony state and
internal stimuli such as (post-)transcriptional changes.
Alterations in the expression ratio of hundreds of genes
were detected, including those whose gene-products
exhibit synaptic functions [17, 18, 19, 20]. Addition-
ally, protein expression is affected as shown for mem-
brane proteome [21] and phosphoproteome changes
[22] in the workerbee brain. Task or age-related dif-
ferences were also observed in the abundance of micro
RNAs (miRNAs). Many of the identified miRNAs have
a number of putative target genes that also exhibit
functions a neural context [23, 24, 25].
Circular RNAs (circRNAs) represent a class of RNA
with considerable regulatory potential that was over-
looked for decades and is currently under extensive re-
search and discussion. An increasing number of studies
show that circRNAs are abundant, differentially ex-
pressed and even have biological functions [26, 27]. In
general circRNAs arise from a back-splicing event. The
5’-end of a donor exon is joined to a 3’-end of an ac-
ceptor exon of the same molecule [28]. This results in
a so called back-spliced junction (BSJ) which can be
observed as junction-spanning reads (JSR) when map-
ping RNA-Seq data to a genome using a mapper that
supports split reads. The abundance of circRNAs typ-
ically varies between tissues and is sometimes uncor-
related to the host mRNAs [29]. This may indicate a
specific function of circRNAs but might as well reflect
distinct decay rates for linear compared to circular
transcripts which lack accessible ends. Studies point
out that circRNAs may act as regulators of alternative
splicing [30] or could feature miRNA sponges [31, 26].
Besides human and mice, the presence of circRNAs
was verified and studied extensively in the fruit fly
Drosophila melanogaster and very recently in the silk-
worm Bombyx mori but no other insect so far [26,
29, 28, 32]. Important findings are the presence of nu-
merous canonical miRNA seed matches in line with a
putative miRNA sponge function as well as the fact
that circRNAs mainly derive from neural genes and
accumulate in neural tissues in an age-depended man-
ner [33, 30, 34]. Following up on these findings, circu-
lar RNAs may contribute in regulating the age-related
transition from nurse bees to foragers at the molecular
level.
Results and Discussion
Identification of circRNAs in the brain of honeybees
As circRNAs do not feature 5’- or 3’-ends they are
virtually resistant to RNase R treatment, which di-
gests most linear RNAs. The enzyme can thus be used
to enrich total RNA extracts for circRNAs [35, 36].
In order to identify these, we prepared RNA-Seq li-
braries from total RNA extracts of honeybee worker
brains. The libraries were enriched for circular RNAs
and compared to a non-enriched library. Each BSJ was
considered as representative of a distinct circular RNA.
We were able to detect a total of 3,384 individual BSJs
supported by at least three JSRs from the four libraries
combining two different methods, see Figure 1A. Based
on these we provide two sets of circRNAs identified
by applying different stringency thresholds (see Ma-
terial and Methods for details). The low stringency
sets contains 1,263 circRNAs found by both indepen-
dent algorithmic methods (overlap). Only these BSJs
were considered viable circRNA candidates because
previous studies showed inconsistent results between
different algorithms [37, 38]. Specifically, segemehl is
known to produce very sensitive mapping results, po-
tentially introducing false positives when solely relied
upon. The high stringency set is a subset contain-
ing 254 circRNAs with a higher amount of support-
ing reads along with a significant five-fold enrichment
of the JSRs through RNase R treatment. The major-
ity of the circular transcripts were even enriched by
more than ten-fold (> 77%). We remark, that these
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Figure 1 Identified circRNAs by RNA-Seq. (A) Two independent algorithms were used to predict circRNAs: segemehl in conjunction
with testrealign (green) reported 2,725 BSJs while BWA with CIRI2 reported 1,922 BSJs. The overlap was considered as low
stringency set (yellow). The high stringency set additionally requires an enrichment through RNase R treatment and compelling read
coverage from at least two independent sequencing libraries. See Materials and Methods for details. These 254 candidates are most
likely genuine circRNAs and are therefore used for further analysis. (B) Strong evidence is found in three independent sequencing
libraries for 139 candidates. The remaining 115 are well supported by two samples. Note that all candidates were also identified as
enriched in E+ vs E−. (C) 122 host genes are orthologous to host genes of circRNAs identified in either Drosophila or Bombyx in
previous studies.
numbers refer to circRNAs that are expressed in the
brain of nurse and forager bees. In contrast, 2,513 cir-
cRNAs reported for D. melanogaster [33] and 3,916 for
B. mori [32] are based on samples of different develop-
mental stages, tissues and even cultured cells and do
not ensure RNase R enrichment.
Further analyses were performed using the high
stringency set. We argue that enrichment control is
necessary to discern genuine circRNAs from potential
trans-splicing or exon-shuffling events. Otherwise in-
dependent experiments would be required to further
support the sequencing-based evidence which is not
feasible given the high number of involved loci. Fo-
cussing on this significantly expressed subset of circR-
NAs allows us to investigate genomic properties that
are an inherent part of circRNA deriving loci. The
inclusion of candidates with less confidence (less en-
richment, fewer supporting JSRs) would introduce ad-
ditional noise into statistical analyses. This observa-
tions was made e.g. regarding lower read numbers in
a D. melanogaster study [30].
A vast majority of BSJs was flanked by a canonical
GT/AG splice signal. Only five circRNAs did not show
such a canonical splice site (see Additional File 1).
In one case an annotation was not possible. The BSJ
spans two exons that are (presumably) not spliced to-
gether. The coding exon of gene CG45167 (homolog
of B52 in D. melanogaster) and its immediate down-
stream exon which starts with the 5’-UTR are not
present in any currently annotated transcript variant.
Details are illustrated in Additional File 1.
The amount of canonically spliced transcripts (lin-
ear) is at least the same as the amount of back-spliced
transcripts (circular) for the majority of circRNAs
identified here. For this reason it is unlikely that the
circRNAs presented here arose from a mapping arti-
fact, e.g. due to misalignment of reads or repeating
gene copies. We picked some of the most significant
circRNAs that were highly abundant or showed a par-
ticularly differential expression pattern between nurse
or forager bee libraries. Presence and circularity of
these selected circRNAs was verified further by ad-
ditional PCR experiments, see Additional File 6. Taq-
Man based Real Time PCR assays were used to ex-
amine the expression levels in nurse or forager bee for
two salient circRNAs in an independent experimen-
tal approach, see “Quantification in nurses and for-
agers”. A complete list of all 254 high confidence cir-
cRNAs including read levels and putative homologs in
D. melanogaster and B. mori can be found in Addi-
tional File 2. An excerpt of the most prominent entities
is shown in Table 1.
Homologs to fly and silkworm
Honeybee circRNAs were compared to those found in
fruit fly [33, 30] and silkworm [32] based on homol-
ogy of their parental genes (Figure 1B). Out of 254
honeybee circRNAs only 70 host gene homologs were
found in silkworm (30%). In contrast, 203 homologs
were identified for fruit fly (80%) which can be ex-
plained by the closer phylogenetic relationship to hon-
eybee [40]. Consistent with our results, circularized ex-
ons in fruit fly were found in 144-151 of these homologs
(with respect to [30] and [33], overlap 122 circRNAs).
This finding is in line with a similar comparison of cir-
cRNAs in human and mouse. There, two thirds of all
host genes harboring back-splicing junctions could be
correlated by homologies between the two species [41].
A complete listing of the results can be found in Ad-
ditional File 2. Even though circRNAs are known for
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Table 1 Excerpt of identified circRNAs in the brain of honeybee nurse and forager bees. All circRNAs were significantly enriched in E+
over the non-enriched set E−. Set refers to the RNA-Seq libraries in which the circRNA was enriched in addition (see Table 2). The host
gene is given according to the RefSeq GCF 000002195.4 annotation along with the corresponding BeeBase identifier [39]. The respective
chromosome is indicated in the Chr. column. The summarized number of JSRs is given along with the averaged normalized expression
levels relative to the host gene expression expr. and fold enrichment enriched. The homology column indicates whether a Drosophila or
Bombyx homolog was found in ?[30] ◦[33] or †[32]. The first block corresponds to circRNAs that were particularly strongly expressed
(many JSRs or high norm. expression) or showed signs of differential expression between nurse and forager bee libraries and were thus
selected for verification of circularity and presence in further PCR experiments. The full list can be found in the Additional File 2.
circRNA ID host gene BeeBase Chr. JSRs enriched expr. homology
ame circ 0001970 LOC413427 GB43145 LG11 432 6.7 0.329 ? ◦
ame circ 0000721 LOC724885 GB53835 LG3 139 10.2 0.344
ame circ 0002142 LOC410393 GB52063 LG12 124 5.0 0.628 †
ame circ 0000163 LOC408576 GB42249 LG1 103 7.2 0.328 ? ◦
ame circ 0000232 Mup2 GB49259 LG1 97 11.0 0.119
ame circ 0001780 rad GB49511 LG10 91 5.0 0.062 ? ◦
ame circ 0001286 LOC411534 GB44365 LG7 63 93.0 0.731 ? ◦
ame circ 0002579 LOC409655 GB47584 LG16 42 17.5 0.226
ame circ 0001822 Rsmep2 GB54272 LG10 34 5.0 0.022 ? ◦
ame circ 0002577 LOC409655 GB47584 LG16 17 11.3 0.072
ame circ 0001852 CoRest GB52614 LG10 10 5.0 0.013 ? ◦
ame circ 0001099 LOC411114 GB44582 LG5 306 18.5 0.328 †
ame circ 0000414 LOC725294 GB55364 LG2 216 7.6 0.312 ? ◦
ame circ 0000397 LOC408688 GB49767 LG2 185 5.0 0.377 ? ◦ †
ame circ 0001712 LOC408996 GB42579 LG9 169 6.3 0.198 ? ◦ †
ame circ 0002576 LOC409655 GB47584 LG16 168 14.9 0.644
ame circ 0001638 LOC411347 GB17597 LG9 159 9.4 0.400
ame circ 0001593 LOC408991 GB53310 LG9 148 7.9 0.105
ame circ 0001479 LOC408957 GB40504 LG8 147 18.4 0.339 ◦
ame circ 0000524 LOC408718 GB43446 LG2 130 36.2 0.313
ame circ 0001120 sGC-alpha1 GB52929 LG6 129 10.4 0.276 †
ame circ 0000054 LOC726544 GB42188 LG1 124 7.5 0.480
ame circ 0001877 LOC408309 GB45167 LG11 121 9.4 0.085
ame circ 0000669 LOC410044 GB55791 LG3 118 13.0 0.370
ame circ 0000073 LOC410717 GB55293 LG1 111 11.0 0.290 ? ◦
ame circ 0001340 LOC411229 GB42567 LG7 109 6.9 0.570 ◦
only three insects so far, the number of homologous
host genes among them suggests that circRNAs are
commonly found in insects. Features identified for cir-
cRNAs in one of these organisms are likely to be valid
for other insects.
GO term enrichment
A GO term analysis (gene ontology term enrichment)
was performed using all 203 circRNA host gene ho-
mologs correlated to fruit fly from which we extrap-
olated the functional annotation. High level processes
involved in synaptic development and regulation were
significantly enriched. Given that the source samples
were obtained from brain tissue, this is an expected
result but it also resembles the finding that neuro-
logically associated genes are a main source of circR-
NAs as found for D. melanogaster [33]. The most en-
riched high level terms below a p-value of 10−4 were
“anesthesia-resistant, medium- and long-term mem-
ory” (27x) “medium-term memory” (23x), “regulation
of neuromuscular synaptic transmission” (21x) and
“deactivation of rhodopsin mediated signaling” (21x).
The former is especially remarkable. One representa-
tive of this group is the radish gene from which the
circRNA circAmrad (ame circ 0001780 ) arises. We
found that the abundance levels of circAmrad corre-
lated with the acquired task of a bee (see “Abundance
and task allocation” below). Consistent with this is
also the enrichment of rhodopsin signaling and mem-
ory related genes. Nurse bees take care of the brood
inside the hive, where it is dark and the requirements
to memory are different from those of foragers [42]. Af-
ter task transition to forager bees, they start to collect
food from outside the hive, mostly at daylight, and
need to find their way back to the hive afterwards.
A need for adaptation of rhodopsin signaling and a
change in memory requirements is obvious. In fact,
“positive phototaxis” showed the highest GO term en-
richment (44x). The significance (p = 1.87x10−3) how-
ever was above the applied threshold because the term
only has four representatives in the reference set. A de-
tailed overview of enriched GO terms can be found in
Additional File 3.
Exon-intron structures
The majority of BSJs in honeybee correspond ex-
actly to exon boundaries of protein coding regions
(78%), see Figure 2. Nearly all remaining cases are de-
rived from 5’-UTR containing segments (17%). This
is only slightly different from the set of (presum-
ably) linearly spliced exons in the control but shows
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Figure 2 Location of circRNAs in the original transcripts.
BSJs are clustered into the following categories: part of the
5’-UTR, from the coding sequence exclusively, part of the
3’-UTR, spanning from 5’ to 3’-UTR or other (in the middle
of exons, introns, part of non-coding genes or in between
genes). Most of the circRNAs in A. mellifera originate from
exons in the coding portion of transcript, which also represents
the largest amount of exons transcriptome-wide. Compared to
exons of a random control, circRNAs originate slightly more
often from 5’-UTR exons as also described for fruit fly.
However, we did not find as many BSJ including exons of the
3’-UTR as reported there. All high confidence circRNAs were
mapped to annotated splice sites and we could not detect BSJ
with sufficient read numbers outside of annotated regions.
a trend towards 5’-UTRs. For both D. melanogaster
datasets [30, 33] the overall proportion is similar but
with a much stronger bias towards 5’-UTRs (∼ 30%)
and non-canonical splice events, e.g. occurring in the
middle of introns or exons in between genes (∼ 20%,
other). The latter category was rarely found for hon-
eybee circRNAs (< 2%). We note that this difference
might be a result of different annotation qualities for
honeybee (data from 2018) and fruit fly (data from
before 2014) and should thus not be over-interpreted.
For fruit fly it was reported that circRNAs mostly
originate from the second exon of a transcript [33].
This is also true for honeybee circRNAs. Figure 3,
however, shows that this number is implied by the
outstanding abundance of transcripts with only two
exons. This is also visible in the randomized control
distribution. Compared to this set, the observed starts
at exon two are actually less than what would be ex-
pected. We identified two factors that correlate with
back-splicing: 1) The exon position. 2) The number of
exons. The further downstream an exon is located in
a transcript and the more exons (and thereby splice-
junctions) it exhibits, the more likely circRNAs arise
from the transcript.
Another finding from fruit fly indicates that circR-
NAs with higher normalized expression tend to favor
earlier exons than less expressed variants [33]. We re-
produced this by partitioning the BSJs according to
their normalized expression levels, see Figure 3A. A
similar trend is visible in our data. However, the shift
towards later exons for less expressed circRNAs (e.g.
with expression levels < 0.05) is not as pronounced.
Notably, our control exons exhibit a much stronger
bias towards the second and third exon for the starts of
circular junctions than any of the partitions with circu-
larized exons (almost 60%), especially compared to the
control used for fruit fly [33]. An alternative stratifica-
tion of BSJs by their relative fold change in RNA-seq
libraries enriched for circRNAs yields the same results,
see Figure 3B. The circRNAs presented here do not
involve parts of the 5’-UTR more often than expected
but transcripts with unusually long 5’-UTRs appear to
be prone to circularization at an increased likelihood.
Intronic features
In honeybee, introns flanking circularized exons are
significantly longer than those from linearly spliced ex-
ons, see Figure 4A. They can span several thousand
bases. This result is in line with findings from fruit
fly and human [33, 43]. There in addition, flanking in-
trons showed increased levels of reverse complementar-
ity compared to linearly spliced exons. Reverse com-
plementary regions are thought to enhance the likeli-
hood for base-pairing between the introns. This inter-
action likely guides back-splicing process [44, 34, 45].
Following up on this assumption, introns were recip-
rocally scanned for reverse complementary matches at
sequence-level using BLAST [46], see Figure 4B. While
the result shows that introns flanking circularized ex-
ons are composed of regions with better complemen-
tary (represented by higher bitscores) in general, it
is also obvious that complementarity is linked to the
length of introns. Higher scores of complementarity
matches are likely a result of the fact that introns
flanking circularized exons are much longer than those
from the control set. The most relevant regions for cir-
cularization are probably the end of the 5’ flanking and
the start of the 3’ flanking intron, see Figure 5A for a
scheme. Even if the comparison is limited to these re-
gions, the difference in complementary matches cannot
explain why some exons are circularized and others are
not. The median complementarity is about equal to the
control introns that flank linear exons even though the
latter show much higher variance especially towards in-
trons with hardly any complementarity, see Figure 5B.
An RNA secondary structure prediction using RNAfold [47]
was used to investigate potential intron-intron interac-
tions more specifically, see Figure 5C. The difference
is more obvious using this method. Co-folded com-
plexes of the control introns exhibit much higher min-
imum free energy scores (MFE), indicating less base-
pairing interaction. The difference is highly significant
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Figure 3 Exon position of circRNAs in the host gene. First exon at the 5’-end the circRNA (left) and last exon at the 3’-end (right)
within the host gene, by number of exons. CircRNAs are stratified by (A) normalized circRNA expression into four groups (green to
red with decreasing ratio) and (B) relative fold change between RNase R untreated and treated experiments (green to red with
decreasing difference). As reference, randomly selected exons in the control (gray) exhibit a higher number of second and third exons
in a transcript just by chance.
(p < 0.001). However, the MFE scores partly cover
similar ranges, which does not allow for a clear dis-
tinction between circularized exons and linear splicing
products. Figure 5D shows that the increase in folding
potential (represented by lower MFE scores) is linked
to GC-content of the respective introns. Also the fact
that the complementarity match as well as the cofold-
ing analysis yielded similar results for all combinations
of starts and ends of the flanking introns (e.g. pairing
the end of the upstream intron with the end of the
downstream intron) puts a direct effect of base-pairing
in doubt. The GC-content in turn well discriminates
circRNA introns from control introns, see Figure 5E.
Methylation
The intronic features raise the question, why the GC-
content of circRNA flanking introns is elevated in such
significant amounts (median shifted from 20% to 36%,
p < 0.001). One reasonable explanation is an increase
of potential DNA-methylation at these introns due to
CpG islands. While the exact mechanism is unknown
so far, DNA-methylation is known to induce alterna-
tive splicing in honeybees [48, 49]. Methylation pat-
terns also vary depending on the age and allocated
task of an individual bee [50, 51, 52]. It was even shown
that reverted nurse bees regain their original methy-
lation patterns independent of their age [53]. Fig-
ure 5F illustrates that the CpG dinucleotide frequency
is also significantly increased for circRNA flanking in-
trons and nearly absent in the control group (∼ 1%).
As CpG sites are preferentially methylated [50, 51],
this indicates a significant increase of potential DNA-
methylation sites. Moreover, cytosine methylation and
hydroxymethylation at non-CG sites (CA, CT, CC) is
reported to be enriched in introns of the honeybee [54].
In line with this, Figure 5F shows that also the cytosine
mononucleotide frequency is significantly increased for
circRNA flanking introns. While the genome comprises
∼ 16% cytosines, circRNA introns exhibit a median
of ∼ 18% cytosines. Strikingly, the median cytosine-
content of linearized exons is as low as 10%. This can
be translated into reduced methylation and hydrox-
ymethylation potential and thereby fewer alternative
splicing events for introns flanking canonically spliced
RNAs compared to those that frequently result in cir-
cRNAs.
We evaluated publicly available whole genome bisul-
fite sequencing data of worker bees from a previous
study to comprehensively determine methylation lev-
els [53]. Figure 5H shows that the length-normalized
accumulative DNA-methylation of introns flanking cir-
cular RNAs actually tends to be increased compared to
those flanking random exons. Notably, the effect was
not visible using only the closest 50 or 100 nucleotides
of a flanking intron but became visible using a 200 nt
window or full-length introns. This is probably due to
the limited windows size which is likely too small for
statistical assessment.
While relevant social roles in the used methylation
study [53] are the same, we note that collection times
and extraction methods differ from experiments done
in this study. Ideally, the libraries used for circRNA de-
tection and DNA-methylation analysis should be de-
rived from the same biological sample. Without fur-
ther experimental investigation a strong conclusion
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Figure 4 Introns flanking circRNAs. (A) Flanking introns upstream (left) and downstream (right) of circRNAs (yellow) are
significantly longer (t-test with p < 0.001 for both) than those of a random control (gray). (B) BLAST bitscores of the best reverse
complementary match of the shorter circRNA flanking intron to the other (yellow) compared to control intron pairs (gray). Introns
flanking circRNAs are visibly longer than random introns, but show similar bitscores for reverse complementary matches of equal
intron lengths (correlation ρ = 0.5). Notably, shorter introns in the control frequently exhibit relatively high bitscores, indicating that
short complementarity regions are common among intron pairs.
cannot be drawn yet. We argue however, that the
data presented here provides first indications for a link
of circularization and DNA-methylation in honeybees.
On this basis we speculate that the age-depended in-
crease of circRNA abundance is not (only) due to po-
tentially lower decay rates of circRNAs compared to
linear products but also a result of increasing DNA-
methylation that leads to alternative splicing accom-
panied by increase of circRNA formation.
miRNA targets
Potential miRNA target-sites were annotated for all
254 circRNAs identified here. The results can be di-
vided based on their degree of phylogenetic conserva-
tion. 3, 058 target sites were only conserved in Apis
species. We argue that Apis species are too closely
related to qualify as reliable predictor for miRNA tar-
get sites. The sequence conservation in this set appears
rather high in general. This is also reflected by a similar
distribution of potential miRNA target sites compared
to the control without any constraints on conservation,
see Figure 6A.
A set of 1,076 sites is conserved in Apis and eusocial
insects which are sufficiently distant to A. mellifera to
reasonably infer conservation. With about 10.4 target
sites per 1, 000nt circRNAs have a 1.7x increase in con-
served, putative miRNA target sites compared to the
median of linear splice product control. Thus, in line
with previous findings for Drosophila [33], we report a
general enrichment of conserved miRNA target sites in
circRNAs over random linear counterparts. The most
enriched miRNA target sites correspond to ame-miR-
3748/ame-miR-3753 (∼ 10x enriched, same seed re-
gion) and ame-miR-3791 (∼ 9.2x enriched), see Fig-
ure 6B. RNA expression studies show that the abun-
dance levels of some miRNAs correlate with task or
age of honeybees [25, 23, 55, 24]. We did, however, not
find a significant overlap of miRNAs corresponding to
enriched target sites and miRNAs reported as differen-
tially expressed in nurses and foragers. The complete
list of potential target sites and their degree of conser-
vation can be found in Additional File 4.
Quantification in nurses and foragers
The circRNAs ame circ 0001780 and ame circ 0001822
showed a notable differential expression pattern in
RNA-Seq results of nurse bees and foragers. For sim-
plicity they will be termed according to their host
genes in the further course of the study: circAmrad
and circAmrsmep2, respectively. As the experimen-
tal setup is not suitable for any reliable quantitative
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Figure 5 Putative interactions and sequence properties of flanking introns. (A) Scheme indicating the relevant regions (red) of
introns flanking circularized exons (yellow). (B) Screen of sequence complementarity using BLAST. The scores for circular and linear
control intron pairs largely overlap. (C) Screen of intron interactions represented by the MFE of constrained RNAcofold calculations.
The differences of both groups are significant. Still there is some overlap. (D) Relation of GC-content and MFEs. Both measures
appear to be linked (correlation ρ = 0.5, Spearman’s rank correlation). (E) Screen of GC-content. A significant increase is found
compared to the control. (F) Screen of CpG dinucleotides. A significant increase is found compared to the control which rarely
exhibits CpG. (G) Screen of cytosine-content. A significant increase is found compared to the control. It explains the observed effects
for GC-content and CpG frequency. (H) Screen of average base methylation. The number of methylated bases in introns flanking
circRNAs is slightly but significantly increased compared to linear control introns. *p-value < 0.001
assertions, we decided to perform a targeted quantita-
tive Real Time PCR for these candidates at different
developmental stages. In addition, we compared the
expression patterns in bees with age-related task al-
location to those undergoing a task allocation due to
colony needs (same-age, SCC), see Figure 7.
For circAmrsmep2 we found that expression in the
brain is higher in foragers than in nurse bees (Fig-
ure 7A). This difference, however, does not seem to
be directly task-related. In a SCC where nurse and
forager bees have exactly the same age, no expres-
sion differences are observed (Figure 7A). Our inter-
pretation is that this expression difference most likely
depends on the bees’ age but not on its task. Sup-
posedly, circAmrsmep2 accumulates over time in the
brain of worker bees, as shown for certain circRNAs
in the nervous system from mammals to flies [33,
56]. On the other hand, a significant increase of the
linear product in foragers was reported previously
(XM 393489.3/Amrsmep2, log2 ratio ∼ 2.8) [18].
The observed increase of the circular product cir-
cAmrsmep2 might thus be a consequence of gener-
ally increased expression of the host gene, which codes
for a RIM-family (Rab3a-interacting molecule) pro-
tein. Studies in species of the tetrapoda clade (human,
mouse, chicken and so on) show that this family plays
an important role in neuronal plasticity, especially in
neurotransmitter release and in organizing active zones
in plasma membranes [57, 58].
In contrast, circAmrad is higher expressed in brains
of nurse bees than in brains of foragers (Figure 7B,
typical). Strikingly, this is inversely correlated with the
expression of the linear product which is strongly in-
creased in foragers (XM 393494.2/Amrad, log2 ratio ∼
6.1) [18] and holds true independent of the age-related
task transition. The expression levels in the SCC ex-
periment (Figure 7B, single cohort) are similar to that
of typical colonies where tasks are allocated based on
a bee’s age. This data suggests a correlation of ac-
quired task and circAmrad levels. Either the task of
the bee is influencing circAmrad expression or vice
versa. Its host gene is orthologous to the radish gene
in D. melanogaster, which is known to play a crucial
role in the amnesia-resistant memory (ARM). Unlike
the long term memory ARM does not require protein
de novo synthesis [59] and thus represents a low costs
memory form [60, 61]. Rad also exhibits circRNAs in
fly (Table 1), but whether this circRNA is involved in
ARM or whether ARM is also present in honeybees,
has not yet been investigated.
Conclusion
1,263 circular RNAs were identified in the brain of
honeybees (A. mellifera) using RNA-Seq. Adding con-
straints with respect to read coverage and RNase R
enrichment, we yield a set of 254 high confidence circR-
NAs for further targeted studies. Besides D. melanogaster
and B. mori, this is the third insect for which the
existence of circRNAs was shown. Given 1) the evo-
lutionary distance of the three species, 2) the fact
that Hymenoptera (A. mellifera) branch very early in
evolution of holometabolous insects [40], 3) the high
amount of homologous circRNAs host genes among
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Figure 6 Occurrence of putative miRNA target sites in circRNA exons. (A) Putative target sites normalized by exon length in
differentially conserved sets. “All targets” represents no conservation at all. Apis represents conservation only in closely related
species. Eusocial insects are sufficiently distant to consider conservation relevant. The number of miRNA binding sites conserved in
this set is significantly higher (p < 0.001, Students t-test) than in the control. The absolute number of potential binding sites in the
respective sets is given in parentheses below. (B) Illustration of miRNAs with potential target sites in circRNAs conserved even in
eusocial insects. Only miRNAs with at least ten target sites and an at least 5-fold enrichment over control are shown. Error bars
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Figure 7 Expression analysis. TaqMen expression analysis of
(A) circAmrsmep2 and (B) circAmrad in brains of nurse bees
and foragers from colonies with a typical age structure and
SCCs consisting of bees of the same age. Expression is given
relative to nurse bees. Bars show relative mean expression with
standard error. The number of replicates are indicated in the
bars. Significant differences are indicated (*p < 0.05,
**p < 0.01, Two tailed unpaired Students t-test). In contrast
to circAmrsmep2 the expression of circAmrad seems
correlated with the allocated task rather than the bees’ age.
these species, and 4) the number of conserved, puta-
tive miRNA targets in regions homologous to hon-
eybee circRNA exons in eusocial insects (1076) it
can be assumed that circRNAs are a common fea-
ture among insects. In line with previous findings from
D. melanogaster [33] we find a general enrichment of
conserved miRNA target sites in circRNAs over ran-
dom linear counterparts.
Back-splicing in honeybee occurs preferentially to-
wards the end of transcripts and in transcripts with a
high number of exons. As reported for D. melanogaster,
back-splicing is correlated with the length of the 5’
and 3’ flanking introns [33]. Additionally, a correla-
tion was found regarding the cofolding probability
of these intronic regions as well as their CpG- and
cytosine-contents which might be relevant for DNA-
methylation. In fact, the methylation was found to be
increased for circRNA-flanking introns.
A number of circRNAs identified here were con-
firmed in independent PCR experiments. For two cir-
cRNAs, we were able to reliably show a differential ex-
pression in brains of nurse and forager bees. The abun-
dance of circAmrsmep2 (ame circ 0001822 ) seems to
accumulate with the age of the worker bee. This ob-
servation is similar to those of circRNAs found in neu-
ral tissue of e.g. Drosophila [33, 34]. Surprisingly, the
expression of circAmrad (ame circ 0001780 ) did not
show this accumulation with age but seems to be ex-
pressed in a task-dependent manner. Its concentration
is found to be reduced in foragers compared to nurse
bees in colonies with a typical age-structure as well
as in SCCs. This finding is the first indication of a
link between the circRNA and the social role of hon-
eybees, which is also indicated in general by the GO
term analysis of circRNA host genes. The highest GO
term enrichment was found for rhodopsin signaling,
phototaxis and memory related genes.
Studying circRNAs in the context of synaptic plas-
ticity and neuronal processes promises further insights
into the mechanism of task allocation and behavioral
regulation of honeybees and probably also of other in-
sects. New evolving techniques such as genome editing
using CRISPR/Cas9 which is also available in honey-
bees [62] and the micro-injection of short interfering
RNAs into the medial ocellus [63] will be promising
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approaches to study the physiological and behavioral
effects of altered circRNA levels. The latter could be
used to decrease circRNA levels in the brain by specif-
ically targeting circular junctions and thereby promot-
ing their decay. Genome editing on the other hand
might provide means to induce changes to introns that
alter the formation of circRNAs.
Methods
Collection of bees
Bees were derived from colonies with normal age struc-
ture and with a naturally mated queen located on the
grounds of the University of Wu¨rzburg. Bees were con-
sidered as nurse bees, if they clearly poked their head
into open brood cells containing young larvae. Foragers
were captured when returning from a foraging flight
and having huge pollen loads at their hind legs. Col-
lected bees were frozen in liquid nitrogen immediately.
A single cohort colony was established by transferring
2,500 newly emerged bees (marked by the same color
immediately after hatching) into a small hive together
with one queen in one brood frame and one frame with
pollen and honey. Single cohort colony bees were col-
lected at the age of eleven days and controlled for their
social task.
RNA-Seq
We used a total of four RNA-Seq libraries to deter-
mine circular transcripts present in the brain of hon-
eybees. First, an enrichment control was compiled from
the brains of ten dissected nurse bees and ten dis-
sected foragers. Total RNA was extracted with Isol-
RNA lysis reagent (5PRIME, Hilden, Germany) and
treated with DNase I. The sample was divided into
two halves. One half (E+) was treated with 3 units
RNase R (epicentre, Madison, USA) per µg total RNA.
Digestion was performed for 30min at 37◦C. For the
other half (E−) an equivalent volume of double dis-
tilled water was added. Afterwards, both samples were
purified using phenol–chloroform extraction. Efficacy
of the RNase R treatment was verified in a control ex-
periment shown in Additional File 7. Second, we took
additional samples from ten nurses and ten foragers
separately and treated both with RNase R as described
above (samples F+ and N+ , respectively) in order to
distinguish task dependent expression levels. Library
preparation and Illumina c© sequencing (125nt paired-
end) were performed by GATC Biotech AG (Konstanz,
Germany). All RNA-Sequencing data was made pub-
licly available via bioproject PRJNA345404, see Ta-
ble 2.
Identification of circular RNAs
We used two independent algorithmic approaches for
the identification of circular RNAs. In one approach
Table 2 Summary of RNA-Seq libraries published along with this
study. Samples were taken from brains of nurse bees, forager bees
or a blend of both.
Sample SRA ID Role Treatment # Reads
E SRR4343845 both - 8,432,479
E+ SRR4343846 both RNase R 7,690,777
N+ SRR4343847 nurse RNase R 5,843,829
F+ SRR4343848 forager RNase R 5,931,097
reads were mapped to the NCBI A. mellifera genome
version 4.5 release 102 (RefSeq GCF 000002195.4)
using segemehl (v0.2.0) with the split reads op-
tion [64]. The alignment was subsequently screened
for model-free splicing events using the accompanied
testrealign tool. In the second approach we used BWA
(v0.7.5a) as mapping tool and subsequently screened
using CIRI2 (v2.0.6) with default parameters [65, 66].
Identified junctions were post-processed using cus-
tom scripts bundled in our Chiasm suite. Chiasm
was also used to perform the statistical calculations
later on (e.g. CpG-content, pairing-probability, see be-
low). The full analysis pipeline is publicly available
at https://git.io/chiasm. More precisely, junctions
with almost identical start and end positions were
merged if they differed by less than 6 nt. Junctions
mapped +/-5 nt next to exon boundaries were cor-
rected to exactly match the boundary. This accounts
for small variations in sequencing and mapping, e.g.
due to flanking intron sequence being potentially iden-
tical to the junctioning exon or indels in the genome.
We assigned the respective gene and exon numbers to
each hit and normalized the number of JSR to the host
gene’s total read number. Analogously to present stud-
ies in Drosophila [33] we normalized BSJ read counts
(norm(n◦)) by dividing the number or circular JSRs
(n◦) by the number of mapped library reads N (in mil-
lions), divided by reads per kilobases in million reads
(RPKM) of the host gene (g). The latter is defined as
number or reads assigned to the host gene (ng) divided
by the length of the gene (lg) in thousand bases and














We divided the identified circular RNAs into two sets
limited by different stringency levels. The low strin-
gency set contains all circRNAs picked up by both ap-
proaches (testrealign and CIRI2) with at least three
JSRs. In the high stringency set, we only considered
BSJs with more than ten JSRs across all libraries as
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suggested in literature [33]. Thereby, the BSJ has to be
found in library E+ and at least one other independent
RNase R treated library. Moreover, a five fold enrich-
ment of JSRs in the RNase R treated library (E+ vs
E−) is required.
Validation of circRNAs
Total RNA was extracted from ten worker bee brains
and prepared as described for the RNA-Seq prepara-
tion (see above, without enrichment by RNase R). Af-
ter DNA digestion, 1µg of RNA were transcribed into
cDNA using RevertAid H minus reverse transcriptase
(ThermoFisher Scientific) adhering to the manufac-
turer’s specifications. For PCR amplification 15µmol
of divergent primers were added to 10ng of cDNA
with 25µL of Phusion Polymerase master mix. PCR
steps were 30sec heating to 98◦C followed by 35 cy-
cles of 10sec denaturation at 98◦C, 10sec annealing at
62◦C and 8sec elongation at 72◦C. After a final ex-
tension period of 10min at 72◦C, PCR products were
either stored at −20◦C or subjected to agarose gel elec-
trophoresis. Primer sequences are provided in Addi-
tional File 5. The results of PCR verification are pro-
vided in Additional File 6.
Quantification of circRNAs
750µL of Isol-RNA lysis reagent (5PRIME, Hilden,
Germany) was added to frozen brain samples and ho-
mogenized subsequently. After adding 150µL of chlo-
roform and consequent phase separation the aqueous
phase was transferred to 900µL ethanol (75%). RNA
was purified using peqGOLD Total RNA Kit (Peqlab,
Erlangen, Germany) following the standard protocol
provided by the manufacturer including an optional
DNase I digestion step. From each bee 1.5µg of total
brain RNA was transcribed using qScriber cDNA Syn-
thesis Kit (highQu, Kraichtal, Germany). Triplicates
of each cDNA (5µL) were run in a quantitative Real
Time PCR on a Rotor-Gene Q (Qiagen, Hilden, Ger-
many) in a total reaction volume of 25µL, containing
each primer (0.25µM), TaqMan probe (0.1µM), Rotor-
Gene Multiplex PCR 9Master Mix (Qiagen, Hilden,
Germany). TaqMan probe sequences are provided in
Additional File 5. The following protocol was used:
60◦C for 1min, 95◦C for 5min and 45 cycles at 95◦C
for 20s and 60◦C for 1min. Afterwards the relative
expression to AmEF1α [67] with the ∆∆Ct method
was determined using Rotor-Gene Q software (Qiagen,
Chatsworth, CA). Expression of circRNA was com-
pared only, if respective groups did not differ in their
AmEF1α expression (p > 0.05, Student’s t-test). For
the circRNA candidates circAmrsmep2 and circAmrad
the established TaqMan probe based assays were de-
signed using outward facing primers. PCR experiments
for detection of circRNAs were designed analogously
to [28]. The TaqMan probe binds directly to the cir-
cular junction and thus signals can only derive from
non-canonical spliced RNAs.
Homology screen and functional annotation
Predicted circRNAs were correlated to those pre-
viously reported for D. melanogaster [33, 30] and
B. mori [32]. We matched the loci based on the pre-
dicted homologs of the closest protein-coding gene
with respect to OrthoDB v9 [68]. CircRNAs from genes
without homolog could thus not be accounted for. Ho-
mologous fruit fly genes were then submitted to the
online PANTHER annotation platform for further over-
representation analysis using Fisher’s Exact test with
false discovery rate (FDR) multiple testing correction.
We included functional annotations with more than
5-fold over-representation and FDR below 1%.
Sequence and structural analysis
Based on the genomic annotation and the largest span-
ning transcript of each circRNA that contained exon
boundaries, we extracted whether the circRNA con-
tained part of the 5’-UTR, 3’-UTR of a canonical
protein-coding transcript or if it exclusively contained
coding regions. The number of exons spanned by the
transcript was noted for the 5’ and 3’ end of the BSJ.
For comparison to potentially non-circular transcripts
a random control was generated by drawing genes with
more than two exons proportionally from all chromo-
somes and picking exon boundary pairs that were nei-
ther from the start nor the end of the transcript. Genes
harboring any JSRs found in this study were excluded
from this control, see Additional File 2. A random con-
trol of 10,000 such junctions were generated for all fol-
lowing statistical tests. Flanking introns were deter-
mined by including the sequence outside of the BSJ
until the next exon in the same transcript.
In order to screen for complementarity between
flanking intron pairs, the 5’ intron was matched to the
3’ intron using BLAST [46] with a word size of six to de-
termine the highest scoring stretch of reverse comple-
mentarity. We repeated the procedure with 100nt from
the end of the upstream and 100nt from the start of the
downstream intron, to discern whether approximate
regions showed increased complementarity. The same
100nt portions were used for structural analysis utiliz-
ing RNAcofold [47]. We applied soft constrains to en-
sure MFE scores solely based on base-pairing between
both intronic regions. Both procedures were repeated
with all combinations of starts and ends of the respec-
tive introns as educated control set (an interaction of
the end of the upstream and the end of the down-
stream intron is probably not relevant). Surprisingly,
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the results for all combinations were similar. To rule
out, that we bias for specific length effects at 100nt,
all calculations were also done with 50 and 200nt with-
out changing the outcome (data not shown). Introns
were checked for GC-content ignoring undetermined
residues in the genome sequence (N). Similarly the
mononucleotide frequency of cytosine and the relative
frequency of CpG dinucleotides was calculated.
To asses whether the observed increase of poten-
tial DNA-methylation sites is reflected in actual DNA-
methylation, we used whole genome bisulfite sequenc-
ing data of worker bees that was publicly available.
Precisely, we used all native worker libraries provided
in BioProject PRJNA104931 [53] and combined them
for this analysis as no differences in average methy-
lation was found between nurse and forager bee li-
braries for the genes relevant in this study (data
not shown). Methylation patterns were analyzed us-
ing Bismark [69] v0.19.1 with Bowtie2 [70] v2.2.6 for
bisulfite specific mapping and default parameters sug-
gested by its authors. For each intron we counted the
average methylation per base on both strands. We re-
quired an average coverage of at least five reads for
each intron. Calculations were done for 50, 100 and
200nt as well as for the length of the complete intron
where it exceeded 200nt and numbers were normal-
ized by the respective sequence length. A single-sided
Wilcoxon-Mann-Whitney rank-sum test was used to
determine significance of the increase over the control.
miRNA interference analysis
Predicted and experimentally verified miRNA se-
quences of A. mellifera were obtained from miR-
Base [71] release 21. Potential target sites were screened
in all exon sequences overlapping with the identified
circRNAs using nucleotide two to seven of the mature
miRNA sequence, see [72]. The analysis pipeline is
publicly available on git.io, see above. For each poten-
tial miRNA binding site, we determined conservation
in further Apis species (A. cerana, A. dorsata, A. flo-
rea) and other eusocial insects (E. dilemma, L. ven-
tralis, M. quadrifasciata, B. impatiens, B. terrestris)
for the seed region with 100nt up- and downstream us-
ing the best BLAST match [46] in the respective genome.
We considered a site conserved if the 6nt seed region
was perfectly conserved among three out of four Apis
or four out of five eusocial insects, respectively. As ran-
dom control we used linear exons, see “Sequence and
structural analysis”. We split the control to sets of
about equal size (42 sets) and applied the above pro-
cedure to each set. This results in 42 control datasets
where each represents a subset of exons with similar
length to avoid a bias due to an over-representation
of certain length species. Identified target sites were
normalized to sites per 1, 000nt.
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Additional Files
Additional File 1 — Splicing
PDF showing the splice site motif of circRNAs and details on exceptions.
Additional File 2 — List of circRNAs in honeybee identified here
Excel table of all circRNAs identified here. The data is presented analogous
to Table 1 but addressing additional information and details for all RNA-Seq
libraries. A second sheet contains a similar list including all 3, 384 circRNAs
identified by both algorithmic approaches based on JSRs in any library.
Additional File 3 — GO term enrichment
Excel table showing the results of a GO term enrichment analysis for the
host genes of circRNAs based on homologous fruit fly genes performed with
the PANTHER annotation platform. Terms with at least 5-fold
over-representation and a false discovery rate (FDR) below 1% were
considered. From these, we limited the interpretation with a relevant
p-value threshold of 10−4 which is marked in the table.
Additional File 4 — List of potential miRNA targets including conservations
Excel table of all miRNA target sites found on circRNA sequences identified
here. It contains detailed data on the target circRNA, the potential position
of interaction and its conservation in Apis, eusocial insects, Drosophila and
Bombyx.
Additional File 5 — List of primers and probes for PCR and TaqMan assay
Excel table with a list of all PCR primes used in this study. A second sheet
lists the TaqMan probes.
Additional File 6 — Verification of circRNAs via PCR
Results of the circularity validation through PCR.
Additional File 7 — RNase R enrichment control
Experimental control of circRNA enrichment over linear products.
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